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Everyone then who hears these words of mine
and does them will be like a wise man who built his house on the rock.

And the rain fell, and the �oods came, and the winds blew and beat on that house,
but it did not fall, because it had been founded on the rock.

And everyone who hears these words of mine
and does not do them will be like a foolish man who built his house on the sand.

And the rain fell, and the �oods came, and the winds blew and beat against that house,
and it fell, and great was the fall of it.

Matthew 7:24-27





PREFACE

‘Build your house on the rock, not on the sand.’ This old biblical expression has neither
given in on power nor on accuracy in the past two thousand years. This is not a comfort-
able wisdom for a Dutchman, with the majority of our houses built unpleasantly below
sea level on a soggy mix of sand and clay, and a rising sea luring greedily at our cities.
Fortunately, climate change is beyond the scope of this work.

A broader interpretation is that a firm foundation is indispensable for the success
and impact of any project. This also extends to the domain of science. Looking back at
my PhD journey, I know that doing innovative research can sometimes feel like building
on sand, whether it is a house or a synthetic cell. For example, I recall that after almost
two years of intensive protocol optimization, in the cold and (still) cosy winter of 2020,
we finally managed to produce good looking vesicles with the cDICE technique. What a
relief! However, come summer, the quality of produced samples dropped tremendously
for a reason that was not obvious to us at all. We had to get back to the drawing table once
more, pausing our experimental progress in building a synthetic cell indefinitely. After
long and thorough screening of many of our experimental input parameters, we finally
identified what affected vesicle production so badly: humidity of the ambient air, which
changes drastically over the seasons. Once we gained control over humidity during our
formation runs, we drastically improved reliability of the method, paving the way for
more advanced experiments.

Only by critically evaluating our own work, transparently reporting our results and
methods, and taking effort to expand on the available methodologies, we can build a
rock solid foundation for follow-up research. I truly hope that the work presented in this
thesis will have a modest contribution to the progression of the field, and, who knows,
to the construction of a synthetic cell.

Lennard van Buren
Delft, February 2022
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SUMMARY

Everything that we consider alive, be it plants, dogs, bacteria or humans, is composed of
the same microscopic building blocks: cells. While cells between and even within these
organisms can look and behave very differently, they all share the same key functionali-
ties: they can grow, they can divide to proliferate, they can eat and metabolise to fuel in-
ternal processes, and they carry a genetic blueprint which they can process to know what
to do and how to do it. Since the first notion that cells form the universal building blocks
of life [1], biologists have been intrigued by the fact that across the wide diversity of liv-
ing organisms, all these constituent cells share the same fundamental characteristics. In
the process of understanding how cells are capable of executing the key functionalities
of growth, division, metabolism and information processing, biologists have identified
the set of molecular components that constitute cellular life, and have broadly related
components to specific cell functions. Despite the growing knowledge on what there
is inside the cell, a crucial question remains largely unanswered: how do the molecular
components of a cell give rise to these life-giving processes?

Answering that question that is easier said than done. Cells consist of thousands
of different components that are in continuous interaction, can take over each other’s
function, or have multiple functions. Extracting a mechanistic understanding of how
these components actually work together to make the cell alive, is almost impossible in
such a complex soup. Even if we can list the minimal set of components that are vital
to cellular life, we gain little understanding in how these ingredients function to make
non-living matter alive.

Instead, for this purpose it might be more insightful to try to rebuild the cell with a
minimal set of components: to build a synthetic cell. In such a bottom-up reconstitution
approach, cell components and their interactions can be studied in a well-controlled
chemical environment. Starting with a small number of components, complexity can
step-by-step be increased while maintaining a fundamental understanding throughout
the construction process. To achieve this goal of building a minimal cell, multiple re-
search initiatives have been founded worldwide. As a unique interdisciplinary effort,
synthetic cell research combines the expertise required to understand, rebuild and inte-
grate all vital cellular functions in vitro .

In this project, being part of the Dutch synthetic cell research consortium BaSyC [2],
we expand on the methodology essential for synthetic cell research. Specifically, we fo-
cus on the biophysical and analytical tools involved in the control and characterization
of the physical compartment that houses the synthetic cell. While functional modules
can in principle be developed independently, in the end they all need to be integrated
in a single container. This makes the container a unique unifying aspect crucial to the
successful development of a synthetic cell. We choose to work with lipid bilayer vesicles
as containers, specifically giant unilamellar vesicles (GUVs), because they are cell-sized
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x SUMMARY

compartments with a confining lipid bilayer membrane that closely resembles the bio-
logical plasma membrane.

We reduced the concept of ‘container control’ to three questions that are central to
this thesis. First, how to build the synthetic cell container? While there are many tech-
niques to produce GUVs, they are only recently being evaluated for their potential to al-
low synthetic cell research, which does not only involve formation of the compartment,
but also requires encapsulation of complex reaction mixtures in the right stoichiomet-
ric ratios. Second, how to grow its surface area? Growth is a fundamental process of
living cells and therefore one that we aim to reconstitute in the synthetic cells. Depend-
ing on the desired level of autonomy, membrane growth can be realized by synthesis of
new membrane lipids inside the vesicle, or by external supply. Third, how to divide the
synthetic cell? Cell division requires a protein machinery that is able to mechanically
constrict the lipid envelope. A minimal machinery based on the eukaryotic actin cortex
is a particularly interesting candidate, as this system is also used in our own body cells.
To understand how to build such a machinery inside the container, we need not only
to put in the ingredients, but also to understand how components give rise to structural
and mechanical properties.

MAIN FINDINGS OF THIS THESIS
In this thesis, we explore the potential of using giant unilamellar vesicles as a func-
tional compartment for the construction of an artificial cell. We carefully investigate
each step of its life cycle as a synthetic cell, starting from its production, to the growth
of its membrane, to division. However, a bottom-up synthetic cell is not built in a single
PhD project. We therefore put a strong focus on evaluating the available methodology
to reconstitute and characterize GUV-based systems, and expand on it wherever neces-
sary. As such, we believe that this work contributes to a solid foundation for follow-up
synthetic cell research, and thereby to unravel how biological cells fulfil their life-giving
functionalities.

In chapter 1, we introduce the topic and scope of this thesis. Then, in chapter 2,
we present a literature review on the state-of-the-art research on reconstituting a mini-
mal actin-based division machinery. We identified two major pathways for building an
actin machinery capable of dividing the synthetic cell, and we concretely pinpointed the
outstanding challenges along the way.

After having set the long-term ambitions, we move on to the practicalities of produc-
ing a synthetic cell in the lab. In chapter 3, we show that a double-emulsion technique
called continuous Droplet Interface Crossing Encapsulation (cDICE) [3] is well-capable
of producing defect-free GUVs encapsulating a wide range of complex biochemical sys-
tems, thus being a powerful candidate for synthetic cell formation. In particular, we
show that formation of high-quality vesicles and encapsulation of components therein
can be done more reproducibly by tightly controlling environmental conditions and
carefully tuning the lipid-in-oil dispersion.

However, we found a major drawback of cDICE to be that filamentous proteins could
not be reliably encapsulated, while these proteins are essential for the construction of cy-
toskeletal networks that we want to employ for cell shaping. We circumvent this problem
by making small adjustments to the original cDICE protocol, giving birth to a technique



SUMMARY xi

that we call emulsion Droplet Interface Crossing Encapsulation (eDICE) that we present
in chapter 4. Along with a number of other techniques ranging from bulk to microfluidic
methods, we evaluate eDICE and cDICE for their ability to reconstitute an actin cortex
inside GUVs in this chapter, based on our own experiences with these protocols. Be-
cause reconstitution of an actin cortex is a complex process, requiring controlled en-
capsulation of protein mixtures, producing membranes of the right lipid composition,
and working in the right physiological buffers, this comparison serves as a broader basis
to characterise production protocols for synthetic cell formation. We found that gel-
assisted swelling is a convenient protocol to make membranes of various lipid composi-
tions in all sorts of buffers. Furthermore, we demonstrate that eDICE can be successfully
employed to encapsulate components required for the formation of a synthetic actin
cortex. The power of both gel-assisted swelling and eDICE is that they are easy protocols
while allowing reconstitution of versatile and complex systems. Besides only comparing
GUV formation methods, we demonstrate that the process of lipid monolayer forma-
tion, a key step in emulsion-based GUV production techniques, can be studied isolated
from the complex context of GUV formation by using pendant drop tensiometry. In-
terestingly, we found that the presence of actin affects the kinetics of lipid monolayer
formation, stressing the need for more research on the effect of solutes on GUV forma-
tion and, in general, illustrating the limited understanding of the fundamental processes
involved in vesicle production.

Increasing the complexity of reconstitution experiments requires analysis to be done
at the population level to reveal if experimental conditions have statistically significant
effects. To accommodate the need for quantitive analysis, we present in chapter 5 ‘Dis-
GUVery’, a new open-source software for automated detection and analysis of GUVs in
microscopy images. We show that the three vesicle detection algorithms that DisGU-
Very accommodates together allow for accurate identification of GUVs in different im-
age types, with varying intensity profiles, irrespective of their shape. Furthermore, we
demonstrate that the software can be used to do otherwise time-intensive analysis in an
efficient and automated manner, such as population-level quantification of membrane
fluorescence or measuring the efficiency of encapsulation of a fluorescent protein. By al-
lowing accessible high-throughput analysis, we believe that DisGUVery will aid synthetic
cell research to develop to a more quantitative data description.

The shape of the synthetic cell container is determined by active deformation forces
on the one side, and the mechanical resilience of its membrane on the other. In chap-
ter 6, we show how GUV membrane mechanics can be determined by means of two well-
established but challenging techniques: vesicle fluctuation analysis (VFA)[4, 5] and mi-
cropipette aspiration (MPA)[6, 7]. We provide detailed workflows for both experiments
supplemented with practical fixes for typical challenges in their implementation. We
validate the quality of our protocols by a series of benchmark measurements of bend-
ing and stretch moduli of model membranes, which agree well with literature values.
Finally, we describe how VFA and MPA can be employed in future to determine mechan-
ical properties of reconstituted cortices, thereby offering a way to understand and direct
actin cortex reconstitution efforts.

To generate growth of the synthetic cell, we demonstrate successful implementation
of an external membrane feeding mechanism in chapter 7. Our feeding protocol is based
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on programmable membrane fusion of large unilamellar vesicles (LUVs), typically one
hundred times smaller than GUVs, with GUVs by means of complementary membrane-
anchored DNA linkers[8, 9]. We characterize large GUV populations at individual steps
in the fusion process using the DisGUVery software presented in chapter 5. This analysis
enables us to perform a thorough screening of the parameter space involved in DNA-me-
diated LUV-GUV fusion, thereby providing handles for efficient implementation of this
membrane growth protocol. Our assay results in detectable membrane fusion in up to
30% of the GUVs, with the exact fusion rate being strongly dependent on the concentra-
tion of the DNA linker. We show that fusion works robustly for various GUV membrane
compositions and for GUVs produced with different production techniques (gel-assisted
swelling and eDICE), which underlines the potential of this supply-on-demand method
for generating membrane growth in complex systems.

Finally, in chapter 8 we outline next steps that can be taken to recreate division of the
synthetic cell container based on the results of this work. In addition, we provide extra
recommendations for further maturation of the synthetic cell field as whole.
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1
INTRODUCTION

All life is built up of cells, which in turn are composed of an overwhelmingly complex set
of molecules. To understand how molecular components are spatiotemporally organized
to create life, researchers aim to rebuild a minimal version of a living cell from scratch.
A crucial aspect in developing such a synthetic cell is the construction and design of its
container. Giant unilamellar vesicles (GUVs) are a popular model system to be used as
a container, because they are cell-sized and con�ned by a lipid bilayer membrane, just
like living cells. Using GUVs for synthetic cell reconstitution, experimental challenges lie
ahead: how to build, grow, and divide them? These questions form the basis of this the-
sis. This chapter serves as an introduction to the work presented in this thesis, covering
a background on synthetic cell research, the basic properties of lipid bilayer membranes,
and presenting the scope and outline of this thesis.

1.1. BUILDING A SYNTHETIC CELL
Everything that we consider alive, is composed of the same microscopic building blocks:
cells. Cells, in turn, are the smallest entities that we consider to be alive. Despite being
the smallest universal building blocks, cells still show a bewildering complexity at the
molecular level. A central question that has intrigued researcher for centuries, is: how
do all these molecular parts work together to make a cell alive?

In the past centuries, biology has made tremendous progress in identifying the molec-
ular components that constitute cellular life. However, we still know relatively little about
how these components are spatiotemporally organized to give rise to vital cellular pro-
cesses [10]. The classical top-down biological approach, where components are studied
by their modification in the biological context, has a severe limitation with respect to un-
ravelling mechanistic working principles. The biological context is so overwhelmingly
complex (human cells have 20000 genes [11], typical number density is 0.2 to 4 million
protein molecules per cubic micron [12]), that the function of an individual component
can barely be isolated. For example, modification of a component can lead to a cascade
of other effects, or its function can be taken over by other back-up molecules (redun-
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dancy). Even more difficult than learning how single components function, is to under-
stand how cooperation between molecules can give rise to complex emergent processes
such as cell division and migration [10].

Instead, to obtain a mechanistic understanding of cellular parts and processes, it is
often more insightful to isolate the components of interest and study them in a well-
defined chemical environment [13]. This approach, called bottom-up synthetic biology,
cell-free biology, or cellular reconstitution [14, 15], has gained significant interest over
the past three decades. In concert with technological advances, scientists have been
able to reconstitute cell processes with increasing complexity (reviewed in [10, 15–17]).
Encouraged by the rapid progress in reconstitution studies, a new question arises: can
we build an entire cell from the bottom up (fig. 1.1)?

Figure 1.1: How to build a minimal cell from the bottom up? (left) Eukaryotic cell (3T3 fibroblast). Visible
are the nucleus (blue), microtubules (red), and vimentin (green). Image courtesy: Michal Shemesh. (right)
Conceptual minimal cell by Graham Johnson. The cell is cut open for visualization of the three basic processes:
cell fuelling (green), DNA processing (red/orange), and cell division (blue).

To answer this question, a number of national and international research initiatives
has been founded around the world (BaSyC, the Netherlands [2]; MaxSynBio, Germany
[18]; Build-a-cell community, USA [19]; European Synthetic Cell Initiative, worldwide
[20]; reviewed in [21]). Joined by these initiatives, researchers from all sorts of disci-
plines collaborate to synthesize the cellular modules and finally integrate them. Besides
providing fundamental knowledge of cellular functioning, the route to building a syn-
thetic cell holds potential in medical applications, for instance artificial blood cells and
smart drug delivery vehicles [22, 23]. In addition, reconstitution of a living cell provokes
important philosophical questions: what is life, and how does it work[24]?

Note that the definition of a synthetic cell is ambiguous. In fact, under different
terms, a synthetic cell has been created by the Craig Venter institute from a top-down
approach[25]. In their study, Gibson et al. implanted a synthesized genome into a DNA-
free bacterial shell. Although this top-down synthetic cell has been a great technological
advancement that provides valuable insights in vital genes [25, 26], it offers limited un-
derstanding of how life is assembled from its parts (reviewed in [27]).

The work presented in this thesis is part of the BaSyC project [2], where the goal is
to build a cell from the bottom up using chemical and biological components. The ma-
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jor challenges that have been defined are cell fuelling, DNA processing, and cell division
(fig. 1.1). It is important to know that within the BaSyC programme, we are not trying to
rebuild a specific cell type. Instead, modules from across all biology and even engineer-
ing approaches can be combined to engineer the synthetic cell. Many design choices
thus need to be made, which will be motivated throughout this thesis.

1.2. CHOOSING A CELL CONTAINER
Arguably, the first step in building a synthetic cell is the construction of its container.
The container, an aqueous compartment with a deformable envelope to allow cell di-
vision, creates a distinct chemical environment in which all reconstituted cellular pro-
cesses take place. While proteins and metabolites are kept inside, the container should
allow for selective transport of nutrients to allow feeding. Upon a first assembly of the
container, requiring not only the formation of the compartment, but also the encapsu-
lation of essential ingredients, the container needs to be able to grow and divide.

Let us first settle on the most fundamental design choice: what type of container are
we using? There are various ways to create aqueous compartments [28, 29], which can
be either membrane-less (coacervation[30]), or be confined by membranes composed of
polymers (polymersomes[31]), proteins (proteosomes[32]), or lipids (liposomes[33, 34]).
Of these compartmentalization strategies, liposomes are the closest mimic to cells and
therefore the most obvious choice if the goal is to understand biological systems. Given
that all life as we know it is compartmentalized by lipid membranes, across all king-
doms of life [35, 36], these envelopes have proven to be effective compartmentalization
strategies. The use of liposomes also ensures compatibility with other biological build-
ing blocks, such as membrane-bound enzymes and transporters. In particular, giant
liposomes, or Giant Unilamellar Vesicles (GUVs), are a close biological mimic, given that
their size (5 to 100 ¹ m ) is comparable to the size of eukaryotic cells [33]. Furthermore,
their size allows for easy visualization by optical microscopy. These properties make
GUVs the perfect chassis for building a synthetic cell.

1.3. LIPID BILAYERS
As lipids, lipid membranes and GUVs are key players in this thesis, it is useful to take
a moment to introduce them. As mentioned above, lipid membranes are omnipresent
in biology. All cells are enveloped by a plasma membrane, which is essentially an enve-
lope of phospholipids in which other functional and structural components are embed-
ded, such as membrane proteins and sterols (reviewed in [37]). The architecture of the
phospholipid membrane is remarkable. As phospholipids are amphiphatic molecules,
with a hydrophilic head and two hydrophobic tails, they self-assemble into double lay-
ers with their heads facing outwards, hydrated by the surrounding aqueous solution,
and their tails facing inwards, creating a hydrophobic core (fig. 1.2). These double layer
membranes are called lipid bilayers, or shorter, bilayers. Exposure of the hydrophobic
core to the aqueous environment comes with a high free energy penalty, meaning that
bilayers are generally closed, giving rise to the spherical compartments which we call
liposomes or lipid bilayer vesicles. We know liposomes with single bilayers (unilamel-
lar), with multiple bilayers stacked (multilamellar), and liposomes encapsulating other
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Figure 1.2: From lipids to giant unilamellar vesicles. Schematic representation of basic properties and self-
assembly mechanisms of lipids. Bottom left: overview of main lipids used in this thesis and their properties.
Head group charges are at neutral pH. Tails represent length of the carbon chain and number of unsaturated
bonds. In case only a single combination is given, both tails are identical. Intrinsic curvatures (c) were obtained
from ref. [38, 39]. Large curvatures (e.g. DOPE) indicate a conical molecular shape.

liposomes (multivesicular) (reviewed in [33]). We typically consider unilamellar vesicles
for simplicity. Henceforth, the terms lipid vesicle, vesicle, liposome and GUV are used
interchangeably.

Lipid bilayers have unique physical properties, which has made them a topic of inter-
est for researchers from biophysics and physical chemistry. Before going to the questions
addressed in this thesis, we first need to discuss some of the most important features.

Permeability. Because of their hydrophobic core, lipid bilayers are permeable to
hydrophobic molecules and small uncharged polar molecules such as water, but non-
permeable to protons and ions, and large uncharged polar molecules such as proteins
and sugars [40, 41]. Since water can move across the membrane, but solutes can not,
lipid bilayer vesicles are subjected to osmosis. In vivo , permeation of ions and large
molecules is upregulated by the use of membrane proteins like transporters and chan-
nels [42, 43].

Fluidity. Lipids in bilayers are kept together by non-covalent interactions. These
relatively weak interactions allow lateral displacement of lipids through the membrane,
giving rise to lateral diffusion of lipids and making the bilayer a fluid material [44]. In
cells, lateral mobility of both proteins and lipids in the plasma membrane is of vital im-
portance for many membrane-associated processes [45, 46].

Tension. Similar to liquid interfaces, forces acting to expand membranes are coun-
teracted by a surface tension, the membrane tension. However, for fluid-fluid interfaces,
extra surface area can easily be generated by recruitment of molecules from both bulk
phases. Because lipids have minimal solubility in water, the number of lipids in a mem-
brane is essentially fixed. This means that, while surface tension is a material property
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dependent on the nature of both interfaces, membrane tension is a bilayer property that
depends on the applied strain [47]. This, in turn, gives rise to membrane elasticity (see
next). In cells, membrane tension is actively regulated to control cell processes that in-
volve shape changes. In animal cells, membrane tension is generated by adhesion of the
underlying cytoskeleton [48–50], while in plant and bacterial cells, tension originates
from high internal osmotic pressure.

Elasticity. Lipid membranes are primarily deformed by stretch and curvature defor-
mations as first described by W. Helfrich [47]. Membranes have a low bending modulus
of 10 ¡ 30kBT [51, 52], and can therefore easily bend out-of-plane, which is not surpris-
ing considering the small bilayer thickness (» 6nm [53]). In fact, bilayers can already
spontaneously bend by thermal fluctuations of the surrounding solvent. Bending of lipid
membranes is of particular importance in vivo for cell shaping, such as the formation of
thin protrusions as seen in neurons [54], and for inter- and intracellular communica-
tion mediated by small vesicles [55]. Contrary to bending, bilayers are strongly resistant
against stretch deformations. Stretch moduli of bare lipid membranes are typically re-
ported between 100-300 mN/m [56]. Due to its fluid nature, a local stretching of the
bilayer is quickly equilibrated over the entire membrane. While bending deformations
dominate at negligible membrane tensions, the membrane deforms by stretching at high
tensions[7]. When membrane tension exceeds the lysis tension (between 4 ¡ 10mN /m ,
or 4-10% strain, dependent on bilayer composition[57, 58]), membranes rupture.

Asymmetry. In biological membranes, the inner leaflet is always different in compo-
sition from the outer leaflet, a property that is vital for cell functioning, differentiation
and growth [59]. Transmembrane asymmetry exists because lipids can not easily trans-
fer from one leaflet to the other [60], a process called flip-flop. In turn, compositional
asymmetries give rise to spontaneous curvature effects, leading to membrane deforma-
tions like the formation of lipid nanotubes [61]. Besides from a compositional asymme-
try, spontaneous curvature can also be generated by an asymmetry of the presence of
membrane-interacting solutes such as sugars [62], ions [63] and proteins [64].

Diversity. Lipids are highly diverse in structure and properties [65, 66]. While they
all share the common property of having a hydrophilic head and two hydrophobic tails,
which ensures their self-assembly into bilayers, they vary in head group size and charge
(which depends on pH), length of hydrocarbon tails, and saturation of the tails. As such,
lipid properties determine interactions within the bilayer, thereby determining elastic-
ity and fluidity, as well as interactions with the external environment, such as electro-
static interactions with proteins and ions. An important property arising from the lipid
structure is its molecular shape, or intrinsic curvature, which determines the monolayer
spontaneous curvature [67, 68]. If the head group of a lipid has a similar preferential
molecular area in the bilayer as the tails, the lipid has an approximately cylindrical shape.
Self-assembly of cylindrical lipids leads to the formation of a flat bilayer. In contrast,
when the lipid head group is smaller than the tails, the molecular shape is conical, and
self-assembly will naturally lead to a curved membrane. As a brief summary, a schematic
overview of the main lipids used in this work is present in fig. 1.2. Besides lipids, plasma
membranes contain other molecules. Of particular interest is cholesterol, a hydropho-
bic organic molecule with a small hydrophilic head group which is a key component in
animal cell membranes. Cholesterol integrates in the bilayer where it modulates lipid
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packing, thereby providing an important tool for animal cells to control fluidity, perme-
ability and elasticity (reviewed in [69, 70]).

Shape. Altogether, the properties of GUVs and lipid membranes in general allow
them to undergo drastic shape transformations in response to changes in for exam-
ple membrane tension, area-to-volume ratio, or leaflet asymmetry. While these spon-
taneous shape transitions can be exploited for synthetic cell engineering applications,
for example to reconstitute spontaneous curvature-driven division[71], cells need tight
control over their shape. Therefore, most organisms have mechanisms to actively con-
trol membrane shaping, being able to switch between stable and dynamic states when-
ever necessary. Bacteria and plant cells juxtapose their deformable membrane with a
rigid stable shell, the cell wall, while animal cells control their shape from the inside by
means of a dynamic membrane-bound cytoskeleton [72].

1.4. THE THREE CONTAINER QUESTIONS
The unique properties of lipid membranes have accommodated the evolution of cel-
lular life to its rich complexity and diversity that we see nowadays. Now, the question
becomes: which of the aspects that cell containers have developed over the past million
years, are essential? How can we rebuild the core functionalities of the cell container
with a minimal set of ingredients? In practice, this boils down to three major, general
questions that lie at the heart of this thesis (see fig. 1.3).

1. How to build the container? Over the past fifty years, a wide range of GUV pro-
duction methods has been developed. Currently, there exist more than twenty differ-
ent techniques that gave offspring to hundreds of protocols. Formation methods range
from simple bulk assays[73–76] to sophisticated microfluidic assembly lines[77–79]. De-
spite the multitude of methods that has been developed (and is still being developed),
there is still not a single technique that accommodates all criteria required for synthetic
cell formation. It is not sufficient to just construct a lipid bilayer container. Fabrication
additionally needs to allow for producing clean membranes of various compositions in
physiological buffer. Maybe even more important, the essential building blocks for the
synthetic cell, including proteins, DNA, and metabolites, need to be encapsulated in
the right stoichiometric ratios without compromising their functionality [16, 34, 80]. A
crucial challenge for synthetic cell research thus lies in the convergence to using a single
GUV production platform for encapsulation of all modules that are now being developed
independently.

To obtain answers to the next two questions, we can take inspiration from how cells
grow and divide in vivo . The answer to this question, however, demands an engineer-
ing approach, because new cells only originate from living cells, and have so far never
been constructed by mankind. Or quoting the famous biologist Rudolf Virchow (1855):
Omnis cellula-e cellua (`All cells (come) from cells') . This imposes a grand technological
challenge: how would the engineer build a cell, based on research, rationale, and avail-
able technology?

2. How to grow the container? After successful production of the container, it needs
to grow. Cell size homeostasis is only obtained when the container doubles in volume
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Figure 1.3: Schematic representation of the container life cycle. In this schematic, we assume division to be
executed by the eukaryotic actomyosin machinery. To initiate the cycle, the container is assembled from the
individual components (step 1), including lipids (grey), a division machinery (actin, blue), the genome (red),
and solutes such as ions, energy sources and other proteins (green and purple). After assembly, the container
needs to grow in membrane area and volume to ensure cell size homeostasis throughout the cell cycle (step
2). Once the cell has sufficiently grown, cytokinesis commences with the self-assembly of the contractile ma-
chinery, whose contraction leads to controlled membrane constriction at the cell mid-plane (step 3a). Finally,
membrane abscission at the cytokinetic furrow gives rise to the formation of two physically separated daugh-
ter cells (step 3b). To go through multiple life cycles, the daughter cells should be capable of growing (step 2,
dashed line).

and area before division. In vivo , membrane growth is regulated by synthesis of lipids
via endogenous pathways [81]. In addition, cells have a large number of internal vesicles
(endosomes) which can fuse with the plasma membrane to allow a membrane addition
on-demand. Such a supply-on-demand system is for instance used in the final stages of
cytokinesis [82], and for the formation of elongated neuronal contact sites [83]. In vitro,
new membrane area has previously been generated by de novo lipid synthesis from pre-
cursors using non-enzymatic reactions [84, 85], with purified proteins [40, 86, 87], or
with proteins produced from synthetic genes in vesicles [88]. Alternatively, area growth
can be realised by external supply of new membrane material in the way of fusion of
small vesicles [89–91]. While multiple methods thus exist for membrane production in
vitro , there has been minimal attention for their compatibility with other synthetic cell
modules. What area increase can be achieved? How can membrane production be tem-
porally coordinated with cytokinesis? A synthetic cell requires not only expansion of its
membrane, but also of its volume (reviewed in [92]). The volume of a vesicle is the result
of a continuous, delicate balance between the concentration of ions inside and outside.
As such, container volume can be increased by changing the osmotic gradient, for exam-
ple by active influx of solutes [93, 94]. Volume growth is beyond the scope of this work.
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3. How to divide the container? Understanding and reconstitution of cell division is
a hot topic in synthetic biology, as it is such a fundamental process shared by all cellu-
lar life. Current reconstitution efforts have been excellently reviewed in ref. [16, 17, 95].
Cell division can be divided in two major steps. First, a division machinery mechanically
constricts the cell membrane at the midpoint to create a dumbbell-like shape. Constric-
tion is then followed by the final cleavage of the membrane at the neck region, which
generates two physically separated daughter cells. The final abscission step is under
current investigation by others using the eukaryotic ESCRT machinery [96, 97] or bac-
terial dynamin [98], but is not part of this thesis. We henceforth refer to constriction as
division.

In vivo , constriction is typically carried out by a designated protein machinery. Di-
vision of bacteria mainly relies on the polymeric FtsZ protein which forms a cytokinetic
ring (Z-ring) [99, 100], a large fraction of archaea divide using the Cdv system [101–103],
and yeast and animal cells make use of the contractile actomyosin machinery [104, 105].
It is important to note that the exact mechanistic working principles of all cell division
processes is to date still unknown. In bacteria and archaea, cell division involves the
synthesis and remodelling of the cell wall. This extra component complicates reconsti-
tution, especially because the cell wall is notoriously difficult to rebuild. We therefore
choose to work with the eukaryotic machinery relying on actin and myosin. An ad-
ditional reason to use the eukaryotic system for reconstitution is that it is the closest
mimic to the division machinery that divides the cells in our own bodies, thus being of
great interest for biomedical applications. Note that while cell division can also be re-
constituted following an engineering approach, based on non-biological components
or non-physiological processes[71, 92, 95], that is not the aim of this work.

Actin is a dynamic, filamentous protein which is able to form a wide variety of net-
works by its interaction with actin-binding proteins (reviewed in [105, 106]). While it
is common knowledge that myosin motor proteins are able to contract actin networks,
it remains elusive how actin and myosin are organized on the molecular level to estab-
lish cell division. In fact, acto-myosin based division strategies vary between eukaryotic
cell types (reviewed in [107]). Much is also still unknown about the role of other actin-
binding proteins and how actin network deformations result in controlled remodelling
of the cellular membrane. Previous studies have demonstrated successful reconstitu-
tion of actin networks inside GUVs [108–111]. Membrane-bound actin networks could
even be deformed by myosin activity [112–114]. However, none of these studies have
shown constriction of the GUV membrane. Altogether, reconstitution studies suggest
that vesicle division by actin and myosin requires a fine interplay between contractility
of the actomyosin network, dynamic filament turnover, and adhesion of the network to
the GUV membrane (for details, see chapter 2). The precise relation between these has
yet to be reconciled, and requires a detailed molecular picture as well as an understand-
ing of the mechanics of the actin-membrane composite structure.

1.5. AIM AND OUTLINE
The aim of this thesis is to develop a toolbox to reconstitute and thereby understand the
container life cycle, as a prerequisite for building a synethtic cell from the bottom up.
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In particular, we are interested in rebuilding an actomyosin machinery as is found in
animal cells which is capable of dividing but also mechanically stabilizing the synthetic
cell. Essential parts of this toolbox, we considered to be: (i) a GUV formation method
that is capable of encapsulating cytoskeletal components, (ii) image analysis methods
to quantitatively characterize large populations of GUVs throughout the cell cycle, (iii)
membrane mechanical measurements to evaluate the mechanical effect of reconstituted
cytoskeletal systems, and (iv) a mechanism to generate membrane growth. Starting from
these requirements, the outline of this thesis is as follows.

First, in chapter 2, we describe the current state-of-the art of reconstituting actin-
mediated division of synthetic cells. Based on a literature survey, we summarize the
conceptual requirements for actin-mediated division, we discuss reconstitution work
that has been done so far, and we lay out a roadmap for future research. Importantly,
we take a systems view on synthetic cell division: besides the contractile actomyosin
network, we acknowledge the roles of compartmentalization and the membrane.

Then, we start addressing the topic of synthetic cell fabrication in chapter 3. As dis-
cussed above, the success of recreating an autonomous cell relies heavily on the forma-
tion of its container and the controlled encapsulation of functional components therein.
We show how the GUV formation technique known as continuous Droplet Interface
Crossing Encapsulation (cDICE) [3] can be used to reliably produce vesicles while en-
capsulating a wide range of synthetic cell modules. We took a quantitative approach
to map the effect of input parameters on vesicle production. Interestingly, we found
that cDICE is highly sensitive to environmental conditions such as air humidity, which
affected the membrane quality and yield of the produced vesicles. By performing sensi-
tive preparation steps in the glove box, we show that high-quality vesicles can be robustly
produced. Furthermore, we demonstrate that encapsulation of functional proteins and
complex mixtures can be boosted by slight modifications in the formation protocol such
as inclusion of sterically active lipids.

While cDICE provides a good basis for complex reconstitution, encapsulation of poly-
meric proteins remained challenging in our hands. This severely limits its applicability
for reconstitution of a filamentous cytoskeleton. Therefore, in chapter 4, we take a bird’s-
eye view on GUV formation. Based on our personal experimental efforts, we compare a
number of classical and new methods based on their potential to perform cytoskele-
tal reconstitution. In addition, we introduce a new GUV formation method by making
a small but important change to the original cDICE protocol. We show that this new
method, called emulsion Droplet Interface Crossing Encapsulation (eDICE), effectively
by-passes encapsulation problems of cDICE. Using eDICE, we managed to encapsulate
the cytoskeletal polymeric proteins actin and septin, which takes reconstitution in GUVs
to a next level.

A crucial aspect of synthetic cell research is robust, quantitative analysis of samples.
In chapter 5, we introduce the new open-source versatile software DisGUVery which
allows for automated high-throughput analysis of GUVs in microscopy images. We de-
scribe the three vesicle detection algorithms that our software encapsulates, as well as a
number of pre-defined analysis modules. With a careful performance analysis, we show
that our software is compatible with a wide range of microscopy images and synthetic
cell experiments. Our software therefore facilitates quantitative analysis of large GUV
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populations, independent of their polydispersity, imaging conditions, or the desired ap-
plication. This makes DisGUVery a powerful tool, for example to obtain size distribu-
tions of produced GUV samples, to measure encapsulation efficiencies, to determine
membrane colocalization of a fluorescent protein, to classify vesicles based on lipid-lipid
phase separation, or to quantify vesicle deformations.

Division of a synthetic cell requires a mechanical interplay between the cytoskele-
tal structure and the enveloping membrane. In chapter 6, we propose pipelines for two
measurements that are often used to probe cell surface mechanics. First, micropipette
aspiration (MPA) is a technique to actively deform cells or vesicles and measure the elas-
tic response [7]. Second, membrane bending rigidity can be extracted from spontaneous
fluctuations by vesicle fluctuation analysis (VFA) [4, 5]. For both methods, we explain
how we implemented them in our lab, and we provide a clear workflow of how to per-
form the experiments as well as their analysis. As a validation of our new experimental
setup and the entire workflow, we conclude the chapter with a set of benchmark mea-
surements on model membranes. Outcomes of MPA and VFA measurements agree with
each other, and correspond to literature values, together validating our workflow. We
anticipate that these workflows lay a firm basis for the mechanical characterization of
cytoskeleton-containing GUVs of increasing complexity.

In chapter 7, we focus on membrane growth of the synthetic cell. Using membrane-
anchored DNA [8, 9], we show that small vesicles can be fused to GUVs, thereby estab-
lishing an external membrane feeding mechanism. To explore if this fusion assay can
be used for synthetic cell membrane growth, we perform a thorough characterization of
experimental input parameters. We study the individual steps in the fusion process by
quantitive image analysis of large populations using the DisGUVery software. We show
that fusion occurs in up to 30% of the GUVs analyzed, and we propose ways to further
enhance this fraction. Importantly, we demonstrate fusion in vesicles produced with
eDICE, which opens up a wide range of possibilities to integrate membrane growth with
the reconstitution of cytoskeletal division machineries.

We conclude this work in chapter 8 with an outlook on synthetic cell endeavours. We
show how this work forms a basis for future reconstitution efforts and give both concrete
and ambitious directions for follow-up research. In our opinion, the most important
next steps lie in integration of different modules that are so far typically being developed
independently. In addition to follow-up experiments, we present our view on the status-
quo of the field of GUV research, and recommend general advancements in terms of
vesicle fabrication and analysis.



2
ACTOMYOSIN-DRIVEN DIVISION OF

A SYNTHETIC CELL

One of the major challenges of bottom-up synthetic biology is rebuilding a minimal di-
vision machinery. The animal cell division apparatus is mechanically the simplest, in
which an actin-based ring constricts the membrane, as compared to microbes and plant
cells where a cell wall is involved. Furthermore, reconstitution of the actin division ma-
chinery helps to understand the physical and molecular mechanisms of cytokinesis in an-
imal cells and thus our own cells. In this review, we describe the state-of-the-art research
on reconstitution of minimal actin-mediated cytokinetic machineries. Based on the con-
ceptual requirements that we obtained from the physics of the shape changes involved in
cell division, we propose two major routes for building a minimal actin apparatus capa-
ble of division. Importantly, we acknowledge both the passive and active roles that the
con�ning lipid membrane can play in synthetic cytokinesis. We conclude this chapter by
identifying the most pressing challenges for future reconstitution work, thereby laying out
a roadmap for building a synthetic cell equipped minimal actin division machinery.

This chapter was written by Lucia Baldauf, Federico Fanalista and Lennard van Buren with equal contributions
and is currently being prepared for submission.
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2.1. INTRODUCTION
Bottom-up synthetic biology is an emerging field at the interface of cell biology, (bio)-
chemistry and (bio)physics. Several national and international initiatives have been
founded recently, which aim at reconstituting synthetic cells that can autonomously
grow and divide [21]. As a chassis, usually giant unilamellar vesicles (GUVs) are used,
which are cell-sized (5-50 &m) containers enveloped in a lipid bilayer [16, 28]. One of
the key functions that a synthetic cell must be able to perform in order to be considered
life-like is cytokinesis, a process in which a cell physically splits into two daughter cells.
Various reconstitution strategies are being pursued, inspired by biological strategies em-
ployed by prokaryotic, archeael or eukaryotic cells [92, 95]. These biological systems
have in common that cell division is accomplished by a cytoskeletal protein machinery,
often ring-shaped, that assembles at the cell equator. In microbial cells (bacteria and
yeast), this protein machinery collaborates with a cell wall synthesis machinery. By con-
trast, animal cells lack a cell wall and cytokinesis is entirely driven by the actin cytoskele-
ton. Actin-based cell division could thus be an ideal basis for engineering synthetic cell
division.

Bottom-up reconstitution of actin-based cell division is interesting not only from an
engineering perspective, but also as a means to understand how cytokinesis works at the
molecular level in animal cells. Although cytokinesis is a well-studied cellular process,
surprisingly many fundamental questions about its working principles remain unan-
swered [115]: how are forces generated and sustained? How much molecular complexity
is needed to ensure that the actin cortex retains its structural integrity during cytokine-
sis? What are the requirements for cortex-membrane-interactions to promote furrow
ingression? These questions are difficult to address in cell-based studies because of the
enormous molecular complexity of cells and also because of substantial variations in cy-
tokinetic mechanisms employed by different species and different cell types [116, 117].

In this review, we propose a roadmap towards reconstituting actin-driven cytokinesis
in minimal cells. For brevity, we consider only the process of furrow ingression, neglect-
ing other aspects such as membrane abscission and chromosome and cytoplasmic seg-
regation [118]. Based on theoretical models of cytokinesis in animal cells, we first iden-
tify four central biophysical requirements for actin-driven furrow ingression. Next we
review experimental insights obtained from recent efforts to reconstitute minimal actin
systems. Finally we propose a roadmap towards building a molecular machinery that
can successfully deform a minimal cell-like container. We also emphasize the impor-
tance of controlling the area of the synthetic plasma membrane to enable cell division.

2.2. BIOPHYSICAL REQUIREMENTS FOR MAKING A CELL DIVIDE
Cytokinesis in animal cells is a complicated process that involves many different molec-
ular components (lipids and proteins) whose interactions and localization are tightly
regulated. At a coarse-grained level, however, it is possible to formulate general biophys-
ical requirements for cell division based on a consideration of the mechanical forces at
play. Pioneering experimental work from the 1950s onward has demonstrated that cy-
tokinesis is accompanied by membrane furrowing, cortical stiffening [6, 119] and the ap-
pearance of ordered filamentous structures in the cytokinetic ring [120, 121]. These ob-
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servations have served as input for coarse-grained theoretical and computational mod-
els that describe cytokinesis as the shape evolution of a thin, viscoelastic and active shell
around a (nearly) constant volume of cytoplasm. From the models, we can infer several
key requirements that a cell, living or synthetic, must fulfil in order to successfully divide
(fig. 2.1).
1. Cortical activity. The actin cortex driving cytokinesis in animal cells must be ac-
tive. This means that it should include elements that hydrolyse adenosine triphosphate
(ATP), an energy-carrying nucleotide, to generate contractile forces that produce cellular
shape changes. The viscoelastic and active nature of the cortex can be described using
the framework of active gel theory as proposed by Kruse et al. [122]. This formalism
is usually applied in the viscous limit [123–126], as cytokinesis is slow (minutes) com-
pared to the fluidization time scale (10 s) of the actin cortex [123]. The molecular origins
of active force production are complex and depend on molecular detail, which will be
addressed in section 2.3.
2. Cortical thickness. Cortex activity, at least when mediated by myosin motors, is
roughly proportional to cortical thickness [123–125]. To maintain cortical activity, the
cortex must consequently be of a controlled thickness. Cortical thickness is regulated
by a balance of actin polymerization and depolymerization, or turnover, and cortical
flows: cortical flows accumulate material in the cytokinetic furrow, whereas turnover re-
distributes actin throughout the cell. This suggests two requirements for synthetic cell
division: Firstly, components of the cortex must be laterally mobile to be effectively re-
distributed by cortical flows [123, 125, 127]. Secondly, actin turnover rates must be low
enough to allow some local actin accumulation and therefore increased contractility in
the furrow region. If actin is removed too rapidly, furrow constriction slows down signif-
icantly and may be halted altogether [125]. On the other hand, complete lack of filament
turnover in a 2D actomyosin cortex is theoretically predicted to lead to irreversible clus-
tering of actin, inhibiting effective stress generation [128]. This prediction has yet to be
reconciled with experimental evidence from yeast cells, which suggests that the persis-
tent presence of filamentous actin, rather than turnover is key for successful contraction
of the cytokinetic ring [129].
3. Cortical symmetry breaking. From the 1930s onwards, various models have been
proposed to explain the mechanical basis of cytokinesis. The early models range from
active expansion of the cell poles [130], through active pushing by the mitotic spindle[131],
to spindle-mediated relaxation of the cell poles [127, 132] and finally active constriction
of the cytokinetic furrow [121, 125, 133, 134]. While details vary widely between these
models, they share a key characteristic: they all posit that there must be a difference
in activity between the polar and equatorial regions to drive furrow ingression. After
decades of research it is now widely accepted (reviewed e.g. in [135]) that the main driv-
ing factor of animal cell cytokinesis is actin-based constriction at the cleavage furrow.
However, in vitro reconstitution may be the ideal tool to understand actin’s role in molec-
ular detail, and to assess to which extent other mechanisms [136, 137] also contribute.
4. Cell surface area and volume regulation. Consistent with observations in cells, mod-
els have generally assumed that the cytoplasm is very weakly, if at all, compressible
[125, 127]. The apparent surface-to-volume ratio, however, changes dramatically dur-
ing cytokinesis. It follows that the (visible) surface area must be changing. In theoretical
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works this change in surface area is generally assumed to be energetically ‘free’, as living
cells can regulate the available membrane area through a variety of processes like bleb-
bing [138], or caveolae disassembly and membrane trafficking [139, 140]. This supply of
membrane on demand is probably one of the most challenging aspects to recapitulate
in a reconstituted system.

Figure 2.1: Conceptual requirements for reconstituting synthetic cell division. For cell deformation to occur,
cortical activity is required (top left), which can for example be generated by myosin activity. Regulation of
cortex thickness (bottom left) is essential for control of cortical activity and is determined by the rate of actin
turnover versus cortical flows. For cortical activity to lead to cell deformation, the symmetry of the system
needs to be broken (bottom right). Finally, to accommodate the drastic change in surface-to-volume ratio
during division, excess membrane area needs to be generated prior to or during cytokinesis (top right).

2.3. ROADMAP TOWARDS ACTIN-DRIVEN CELL DIVISION IN VITRO
Cytokinesis of animal cells is a highly complex and tightly regulated process. Yet, fairly
minimal computational models are able to recapitulate cytokinesis, suggesting that the
underlying mechanisms may be recreated with simplified molecular mechanisms. Here,
we propose a roadmap towards reconstituting actin-driven cell division by considering
lessons from recent cell and in vitro studies. Basically, there are two routes for reconsti-
tution of actin-driven cytokinesis (see fig. 2.2). First, cell division can be recreated via
reconstitution of an actin cortex that is more contractile at the cell equator as compared
to the poles upon symmetry breaking. This route is most close to cytokinesis in mam-
malian cells, and we therefore name it the naturalistic route. Second, by construction
of a cytokinetic ring that anchors and contracts at the cell equator, coined the engineer-
ing route. We will first discuss the design of an actin-based machinery fit for driving
cytokinesis in both scenarios, and in the next section consider the design of the lipid
membrane envelope.
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Figure 2.2: Routes to actin-based synthetic cell division. There are two main routes for achieving actin-driven
division of a synthetic cell: by symmetry breaking of a reconstituted actin cortex, triggered by external or bio-
chemical cues, which leads to self-enhanced furrow constriction (the ’naturalistic’ route, top), or by construc-
tion of a contractile ring at the cell equator (the ’engineering’ route, bottom). Yellow arrowheads indicate where
contractile activity is concentrated. The final fission step is outside the scope of this review.

2.3.1. NATURALISTIC ROUTE: BUILDING A SELF-ASSEMBLING CYTOKINETIC

RING
During interphase, mammalian cells have a continuous actin cortex that lines the plasma
membrane [105]. When they enter mitosis, the cortex is remodelled and self-assembles
into a contractile ring at the cell equator. Symmetry breaking and midplane localiza-
tion of the cytokinetic furrow is initiated by biochemical signalling, which includes Rho-
dependent myosin phosphorylation in the furrow region [125, 141]. The locally en-
hanced activation of myosin is thought to lead to cortical flows from the poles to the
equator [127, 142], which further accumulates contractile elements in the furrow and
drives furrow ingression [125]. Such a complex self-assembling system has not been
built to date, but steps have been taken along the road (fig. 2.3).

RECONSTITUTION OF ACTIVE ACTIN NETWORKS

Both cell-free experiments and theoretical models of cortex-like disordered actin net-
works have been used to elucidate why disordered actomyosin networks are contrac-
tile in the first place. The detailed mechanisms are reviewed elsewhere [143–145], but
they broadly comprise two scenarios. Actin filaments are semiflexible polymers with a
thermal persistence length of 10-15 &m, of the same order as their contour length. The
first contraction scenario, relevant for well-connected networks of long filaments, is that
the anisotropic mechanical force-extension response of actin filaments causes them to
buckle and break under motor-induced compressive stress [146, 147]. The second sce-
nario, relevant for networks with short actin filaments, is that the structural polarity of
actin filaments in combination with the tendency of myosin II motors to dwell at the
plus end before detachment causes contraction via polarity sorting [124, 148, 149]. In
the actin cortex of mammalian cells there may be a combination of both mechanisms,
since there are distinct populations of short and long filaments present [150].
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Notably, the combined effect of contractile motor activity and actin turnover remains
poorly explored. Theoretical models generally assume that the cytokinetic cortex does
undergo actin turnover [123, 125, 151], and have even indicated that turnover is key for
sustained stress generation during furrow ingression [128]. Experimentally, besides one
study with a cell extract [152], only one minimal in vitro study has so far combined actin
turnover and myosin activity [153]. This work showed that myosin activity alone can be
sufficient to induce turnover in minimal actin networks (see (fig. 2.3, purple). Myosin-
driven compaction and fragmentation of Arp2/3-nucleated actin led to the removal of
actin from the network, and subsequent redistribution and re-incorporation of network
components, creating a cortex in dynamic steady state. Strikingly, actin turnover rates
were observed to be much slower here than typical rates in cells [154, 155], with actin
turning over within tens of minutes rather than tens of seconds. This is likely due to
the absence of dedicated actin severing proteins in the minimal system. More rapid
turnover has been observed in vitro in volume-spanning entangled actin networks where
filaments were severed by cofilin and polymerization was driven by formin [156]. Com-
bining more rapid turnover with motor activity in vitro may open a rich field of network
behaviours, with complex implications for both the regulation of cortical thickness and
of stress propagation and relaxation [157].

To build and control a system that allows actin to turn over, we can turn to the grow-
ing body of work studying the functions of various actin regulators on the single molecule
or filament level. Research into the two key nucleators of cortical actin, Arp2/3 and
formins [150, 159, 160] has uncovered new complexities in recent years. Both the proces-
sivity and the actin filament elongation rate of different formins have been shown to be
regulated by the physicochemical environment, the presence of profilin, and mechan-
ical stress [161–163]. Even more complex co-regulation of formin with other barbed-
end binding proteins is emerging [164]. Regulation of Arp2/3 by profilin [165, 166] as
well as by actin filament curvature [167] has been known for a number of years, but the
true diversity and complexity of the various isoforms of Arp2/3 is only just emerging
[168]. Spire, the most recently identified type of actin nucleator [169], remains barely
used in reconstitution experiments and may offer another route towards reconstituting
a minimal dynamic cortex. Actin depolymerization can equally be controlled by vari-
ous factors. Disassembly of filamentous actin in vitro is usually mediated by proteins
of the ADF/cofilin family [170]. The activity of ADF/cofilin proteins has been shown to
depend on cooperation with other proteins [171, 172] and on actin crosslinking [173].
ADF/cofilin also facilitates debranching in actin networks nucleated by Arp2/3 [170],
which is furthermore sensitive to force and actin filament age [174].

RECONSTITUTION OF ACTIN CORTICES INSIDE GUVS

Controlled actin encapsulation in GUVs has proven to be a challenge. Over the years,
many different methods have been explored for protein encapsulation, either based on
lipid swelling [109] or on emulsion transfer [108, 113, 175] (reviewed in [16] and see chap-
ter 4). Of these, emulsion transfer is currently the most used method, although the en-
capsulation efficiency and the ability to upscale the number of encapsulates remain to
be characterized [175]. Most prior GUV studies focused on the effect of crosslink pro-
teins and myosin motors on bulk-nucleated actin. By contrast, membrane-nucleated
actin networks with turnover in GUVs remain poorly explored. Early works from the
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Figure 2.3: Roadmap to division with an actin cortex. Green: successful nucleation of an actin cortex in-
side GUVs [108]. Filament formation of actin (green) is confirmed by co-localization of the filament-binding
peptide phalloidin (red). Orange: spatiotemporal control of myosin activity by light-induced inactivation of
the myosin inhibitor blebbistatin was used to generate network contraction over different length scales, from
small (left) to large (right) [158]. Purple: combination of myosin activity with actin filament turnover gener-
ates sustained network contraction [153]. In the coming time, steps need to be taken to engineer membrane
growth, and finally to integrate the different modules inside a GUV.

Sykes lab [108, 176] demonstrated that Arp2/3 nucleated cortices can be reconstituted
at the inner leaflet of GUVs (fig. 2.3, green), and that such cortex-bearing vesicles re-
produce aspects of the mechanics of living cells. Recently, Dürre et al. demonstrated
that Arp2/3 nucleated cortices can induce local deformations of the GUV membrane by
either polymerization forces alone or in combination with contractility induced by non-
muscle myosin-II [112].

More extensive work, especially with myosin-driven cortices, has been performed
with stable actin filaments anchored to the membrane by streptavidin or actin-binding
membrane proteins. In such systems, cortical tension was shown to depend on the ratio
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of active versus passive crosslinkers [177] and excessive cortical tension was shown to
cause full or partial detachment of the cortex from the membrane [177, 178]. Recently,
Litschel et al. demonstrated the formation of actomyosin rings in GUVs [113]. How-
ever, these structures were unable to deform the GUV membrane on large length scales
because they slipped on the membrane. Based on our understanding of cell division,
this is likely due to (at least) three missing factors: cortex turnover, symmetry break-
ing between the poles and equator of the synthetic cell, and a severely limited supply
of extra membrane area. Symmetry breaking is likely necessary for productive and sus-
tained membrane deformations. There are several artificial means by which symmetry
breaking could be triggered in synthetic cells. Myosin activity could, for instance, be lo-
cally light-activated by targeting either the light-sensitive myosin inhibitor blebbistatin
[158, 179, 180] (see (fig. 2.3, orange) or myosin-II directly [181]. Similar approaches could
be used to locally modulate the crosslink density of the actin cortex or the interaction
strength of the cortex with the synthetic cell membrane. Finally, it would likely help to
make GUVs shape-anisometric, for instance by using microfluidic channels [182].

Conceptually, building a dynamic actin cortex and pushing it towards self-assembly
of a cytokinetic furrow is very attractive. Such a system would mimic many core at-
tributes of the cortex of living animal cells. Further, the continuous nature of such a
cortex would allow it take on a dual function, both as a mechanoprotective module for
the synthetic cell and as a division apparatus, which sets it apart from other cytoskeletal
systems such as FtsZ [183]. A life-like actin cortex offers the opportunity to test exist-
ing theoretical models of cell division and to tease out the essential functions needed
for cytokinesis in living cells. On the other hand, a dynamic actin cortex will necessarily
comprise more proteins and hence a higher level of complexity than one composed of
stable actin filaments. Especially sustained actin turnover in combination with motor
activity will require fine control over stoichiometry and activity of cytoskeletal compo-
nents.

2.3.2. ENGINEERING ROUTE: BUILDING AN ISOLATED CONTRACTILE RING
A more engineering-type approach to synthetic cell division may also be interesting: in-
stead of building a cortex that self-organizes into a ring, one could build an isolated ring
directly (fig. 2.2, bottom). This would fulfil the requirement for different activities in po-
lar and equatorial contractility easily, as by definition the poles are not contractile in
such a case. If a sufficient supply of long actin filaments throughout furrow ingression
can be ensured, the need for controlled turnover may be diminished and the complex-
ities of such regulated filament assembly and disassembly may be avoidable. This ap-
proach will need to address three key challenges: 1) to build an actin ring, 2) to make it
contractile, and 3) to control its position such that membrane invagination rather than
ring slippage occurs.

HOW TO BUILD AN ISOLATED RING?
Actin filaments can be bundled and bent into ringlike structures in various ways (fig. 2.4,
green). Most simply, ring formation can be induced by entropic effects through macro-
molecular crowding [184] or by cross-linking with multivalent ions [185]. Alternatively,
proteins can be used to bend actin into rings. Septins spontaneously bend actin into
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ringlike structures [186] and are recruited to the cytokinetic ring, where they cooperate
with anillin in actin-membrane binding [187–190]. Anillin itself also promotes the for-
mation of actin rings [191]. Further, the IQGAP fragment ‘curly’ has recently been shown
to bend actin into rings on model membranes [192]. The fact that all three of these pro-
teins are enriched in the cytokinetic furrow [193] suggests that these ring-forming capa-
bilities may provide a cellular mechanism to promote successful cytokinesis.

Confinement of actin filaments inside spherical droplets or vesicles tends to promote
the formation of actin rings because the confinement forces the semiflexible filaments
to the periphery so the bending energy is minimized [197]. Entangled or crosslinked
actin networks inside droplets or vesicles form peripheral cortex-like networks [111, 198–
200], while bundled actin forms one or more closed rings [109, 194, 200]. Single rings
form when the container size is smaller than the persistence length of the actin filament
or bundle. Recent theoretical [201] and experimental work [113] has shown that ring
formation is further enhanced by introducing actin-membrane adhesion. It should be
noted, however, that ring formation requires a subtle balance of filament-filament and
filament-wall adhesion, as well as size and stiffness of the confinement, and is not trivial
to precisely control experimentally.

HOW TO CONTRACT AN ISOLATED RING?
Contracting a once-formed actin ring can again proceed in different ways (fig. 2.4, or-
ange). The classical purse-string model posits a well-organized cytokinetic ring that
closes by myosin-mediated translocation of actin filaments [121, 202]. Although this
model does not appear to hold in all cell types [203–205], recent superresolution and
electron microscopy showed convincing evidence that it does apply at least in some cell
types [206, 207]. Contracting actin-myosin rings have been succesfully reconstituted on
supported lipid bilayers [192] and inside water-in-oil droplets [194] and GUVs [113]. The
closure efficiency is likely determined by the orientation and arrangement of the actin
filaments in the ring, which can be tuned by crosslinker composition and concentration
[111, 147, 208–210].

Alternatively, ring contraction may be driven by mechanisms that do not require
molecular motors. For instance, anillin was recently shown to drive actin bundle con-
traction even though it is a passive crosslinker [191]. Contraction was attributed to an
energetically driven process whereby actin filaments increase their overlap as long as
energy can be gained by accumulating diffusible crosslinkers in the overlap region [191].
This mechanism was enhanced when anillin was combined with actin depolymeriza-
tion. Since contraction driven by passive crosslinkers does not consume energy from
an external energy source such as ATP, it can only bring the system into a configura-
tion of minimal free energy, at which point rearrangement will stop [211]. Intriguingly,
recent theoretical modelling [212] suggests that a crosslinker that consumes ATP to un-
bind from actin filaments, but does not actively translocate them like myosin, could in
principle induce contraction indefinitely. In this case, the consumption of an energy
carrier breaks detailed balance in the system, and in combination with the asymmetric
mechanical properties of actin, overall contractile forces can arise.
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Figure 2.4: Roadmap for division with contractile actin ring. Roadmap towards synthetic cell division us-
ing a contractile actin ring. Green: actin rings can be formed by depletion interactions using macromolec-
ular crowders [184], by proteins that combine actin binding with curvature generation such as curly [192]
or simply by confinement of actin bundles [109]. Orange: constriction of actin rings can be executed using
myosin motors [194] or using actin crosslinkers like anillin [191]. Purple: the actin ring can be positioned us-
ing curvature-sensing anchors (left: septin binds preferentially to membranes of higher curvatures as shown
with membrane-coated beads [195]) or by mechanical deformation (right: microfluidic traps deform GUVs
leading to rearrangement of FtsZ rings [196]). In the next steps towards achieving synthetic cell division, mem-
brane growth needs to be reconstituted, and all separate modules have to be integrated.

HOW TO KEEP AN ISOLATED RING IN PLACE?
Although contractile actin rings have been successfully reconstituted inside GUVs, so
far none of these efforts have yielded anything close to membrane invaginations. The
rings either detached or slipped along the membrane upon myosin activation [113, 177,
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178, 194], at best producing rare instances of slight membrane deformation [113]. In
cells, positioning of the cytokinetic ring is ensured by a complex and poorly understood
interplay between the actin and microtubule cytoskeleton, local changes in lipid compo-
sition, and soluble signalling molecules [213, 214]. Reconstituting this interplay in GUVs
seems too technically challenging to be expected in the coming years. We therefore ex-
pect that simpler, if less biological, solutions may be more promising. To the best of our
knowledge, no such efforts have been reported so far. However a few options present
themselves (fig. 2.4, purple): curvature-sensing or –inducing scaffolding proteins such
as septins [195] or I-BAR-domain proteins [215, 216] may help in templating a furrow
and inhibiting slippage of contractile actin rings. They may have to be combined with
more engineering-type solutions designed to deform GUVs from the outside, either by
confinement in traps [182, 196] or by membrane-binding complexes [64, 217, 218].

Building an isolated contractile actin ring in principle offers an elegant way to drive
synthetic cytokinesis. Formation of such a ring requires only few components and tun-
ing ring contractility is certainly subtle, but most likely achievable. The biggest technical
challenge in this approach is to localize the ring at the equator and keep it in place dur-
ing contraction so as to foster productive membrane deformation. On a more concep-
tual level, reconstituting isolated contractile rings likely will not bring us much insight
into the mechanisms of cytokinesis in animal cells. It may however be a valid strategy
for understanding mechanisms in yeast cytokinesis, in tandem with top-down work on
yeast cell ghosts [219].

2.4. INVOLVING THE MEMBRANE
So far, we have largely ignored an important assumption in the key requirements set
out in section 2.2, which is that the GUV membrane and actin cortex are intrinsically
coupled. However, it is far from trivial that actomyosin contraction is followed by de-
formation of the cellular membrane. While actomyosin networks and membranes have
separately been thoroughly investigated by biophysicists, their interplay has received
much less attention and presents a crucial challenge to address in the coming years.

2.4.1. MEMBRANE-CORTEX ANCHORING
In vivo, a multitude of cytoplasmic proteins is known to be involved in actin-membrane
adhesion, many of which have binding sites for both actin and membrane lipids. These
proteins include ERM (ezrin, radixin, moesin)-proteins, myosin1b, anillin and septins
[223–226]. How these proteins cooperate in adhesion and how they are spatially orga-
nized at the membrane remains elusive. Electron microscopy and superresolution mi-
croscopy have revealed that the distance between the filamentous actin and the plasma
membrane is surprisingly large, ranging from 10 to 20 nm in the cell cortex of animal cells
[227] and from 60 to 160 nm in the cytokinetic ring of fission yeast [228, 229]. It is unclear
how this large gap, which is often wider than the distance that known linker proteins
span, arises. There is evidence that the actin cortex itself is stratified, with myosin fila-
ments being restricted towards the cytoplasmic side of the cortex due to steric exclusion
from the dense cortex [230]. Interestingly, a recent in vitro reconstitution study showed
that actin-myosin networks on supported lipid bilayers spontaneously self-organize into
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Figure 2.5: Membrane engineering for synthetic cell division. Schematic overview of possibilities for mem-
brane design. Anchoring of the actin cortex (left) can be done either via filament nucleation from the mem-
brane, or via filament binding to the membrane. Binding can be done using strong permanent linkers, or using
weaker transient links. Membrane shaping (middle) can be done by generating spontaneous curvature, for ex-
ample with membrane-bound DNA nanostars [220] or by physiological curvature-generating proteins such as
BAR proteins [221] or septin [222]. Otherwise, when lipids can be spatially separated, local elevation of PIP2
levels can increase cortical thickness via regulating actin nucleation and severing proteins. To provide excess
area during cytokinesis (right), new membrane area can be added by fusion of small vesicles (see chapter 7) or
by in situ synthesis of phospholipids. Alternatively, membrane area could be stored in reservoirs that become
accessible upon furrow ingression.

radial actin structures (asters) with myosin at the core and layered atop to relieve steric
constraints [231].

Mechanical measurements on cells indicate that the cortex is adhered to the mem-
brane via a high density of weak links. With optical tweezers, one can pull membrane
tubes from cells with membrane-bound beads. These tubes can easily be moved over the
cell surface [232], indicating that the membrane easily zips off the cortex and quickly re-
binds. Various tube pulling experiments have shown that the force required for tube ex-
trusion is dependent on the levels of ezrin [233] and PIP2 lipids [234]. PIP2 lipids specifi-
cally interact with many actin-binding proteins including ezrin (reviewed in [235]). In S.
Pombe cells, PIP2 depletion causes sliding of the cytokinetic ring, indicating that PIP2-
dependent actin-membrane adhesion is essential for anchoring of the ring[236]. Al-
though PIP2/protein interactions are individually weak, their high density collectively
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causes a tight yet dynamic seam between bilayer and cytoskeleton.
In stark contrast with the reversible actin-membrane binding observed in vivo, in

vitro reconstitution efforts have mostly relied on anchoring interactions with unphysio-
logically high binding affinity (fig. 2.5, left). Many studies used either direct coupling of
biotinylated actin filaments to biotinylated lipids via streptavidin [113, 177, 237] or in-
direct coupling using His-tagged actin-binding proteins coupled to Ni-NTA lipids [178,
238]. These bonds are virtually permanent and unbreakable [239–241]. As described
above, actin-myosin cortices anchored in this manner typically detach from the mem-
brane upon myosin activation [177, 178]. In two studies with high anchor density, the
acto-myosin cortex did remain attached to the membrane upon contraction, but it slid
towards one side so the membrane was only minimally deformed [113, 177]. Cortex slip-
page is likely due to the fluid nature of the lipid bilayer membrane. Actin and micro-
tubule gliding assays with motors proteins anchored onto supported lipid bilayers have
shown that motor activity is accompanied by lipid slippage [242, 243]. The interplay be-
tween the dynamics of the actin cortex and the dynamics of the lipids is complicated.
Adhesion to the actin cortex slows down lipid diffusion [244, 245], while myosin-driven
actin cortex contraction can actively cluster lipids into microdomains [246–251]. Alto-
gether, it remains poorly understood what conditions are necessary for the actin cortex
to remain stably anchored and cause sustained membrane deformation.

Dynamic actin-membrane linkage has so far been reconstituted only on supported
lipid bilayers. Using ezrin recruited to the bilayer via PIP2 lipids, indeed a dynamic actin
network was created that could be remodelled by passive filament cross-linkers [252].
Bead tracking microrheology showed that ezrin serves as a dynamic cross-linker for the
membrane-attached actin layer with the network stiffness being controlled by the pin-
ning point density [253]. Ezrin-anchored actin filaments could diffuse over the mem-
brane but longer filaments were immobilized, being pinned by a larger number of actin-
membrane links [254]. This indicates that collective binding with transient links can
fix cytoskeletal structures in place on top of a fluid membrane. Other promising can-
didates for in vitro transient actin binding are septins and anillin. Septins themselves
can bind to membranes and self-assemble into filamentous scaffolds [255]. Membrane
binding is curvature-sensitive [222, 256], which renders septins interesting candidates
for spatially controlling actin organization in synthetic cells. In solution, septins can
bind and crosslink actin filaments into curved bundles [186]. This could explain the
role of septins in the formation and stabilization of contractile acto-myosin rings ob-
served in vivo [186]. However, the simultaneous interplay of septins with lipid mem-
branes and actin has yet to be reconstituted in vitro. Like septins, also anillin possesses
both actin-binding and membrane-binding domains. Anillin has been shown by recon-
stitution to be able to anchor actin filaments to lipid membranes in a RhoA-dependent
manner [257]. In combination with anillin’s ability to bundle and constrict actin rings
via condensation forces [191], it would be interesting to explore anillin’s ability to pro-
mote synthetic cell division. Besides protein-based binding, actin filaments can also be
bound to lipid membranes by electrostatic interactions and interactions can be tuned
by the choice of ions, offering an alternative route for studying and modulating transient
actin-membrane binding [258].

Besides actin-membrane linkers, also membrane-localized actin nucleation contri-
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butes to cortex-membrane adhesion. The main nucleators of cortical actin filaments in
vivo are Arp2/3 and formin [159]. Arp2/3 in combination with membrane-bound nu-
cleation promoting factors such as WASP are responsible for the formation of branched
actin filament arrays, whereas formins nucleate linear filaments. Actin nucleation has
been successfully reconstituted in vitro both with formins, often for simplicity with con-
stitutively active mutants [259], and with Arp2/3, often with WASP fragments such as
VCA [108, 260, 261]. Actin turnover can be introduced by addition of severing proteins
such as ADF/cofilin [262].

It is unknown how filament nucleation in conjunction with actin-membrane anchor-
ing by dynamic linker proteins such as ezrin will influence the ensemble mechanics
of the actin-membrane composite. Tailoring actin-based division machineries towards
synthetic cell division will require careful tuning of the cortex itself, the anchoring strat-
egy, and also the membrane physico-chemical properties.

2.4.2. MEMBRANE ENGINEERING
The membrane should not be considered just a passive player in cytokinesis. In con-
trast, membrane properties can be exploited to aid cytokinesis, for example by shaping
the contractile network (fig. 2.5, middle). In vivo, the plasma membrane in the cleavage
furrow has a distinct lipid composition that is thought to contribute to cytokinesis by
biochemical signalling and perhaps also by induction of spontaneous curvature [263].
Elevated PIP2 levels at the cleavage furrow probably contribute to furrow ingression by
recruiting anillin, septins and ERM-proteins [264]. Also, PIP2-mediated signalling pro-
motes the formation and maintenance of a stable actin cortex by promoting actin nu-
cleation and slowing down actin filament severing via actin regulatory proteins [265].
Other membrane compontents such as ganglioside GM1 and cholesterol also accumu-
late in the cleavage furrow, where they regulate and bind the cortex [264]. In addition,
the distribution of PE lipids over the two bilayer leaflets changes significantly during cell
division: while PE lipids reside in the inner leaflet during interphase, they are exposed
in the outer leaflet of the cleavage furrow during cytokinesis [266]. This asymmetric dis-
tribution of PE lipids has been shown to be important for disassembly of the contractile
ring after cytokinesis [266]. It is possible that the specialized lipid composition of the
cleavage furrow also directly affects cytokinesis by changing the mechanical properties
of the membrane, but this remains to be shown.

For engineering artificial cell division, it could be useful to exploit known mechanical
effects of lipids. An important characteristic of lipid bilayers is that asymmetries over the
two membrane leaflets give rise to membrane spontaneous curvature. Asymmetries can
be generated in many different ways (reviewed in [267]), such as by different lipid com-
positions or different numbers of lipids in the two leaflets [268], proteins binding to one
leaflet[64], membrane-anchored DNA oligo’s inserting into one leaflet[220], or different
solutes on both sides of the membrane [63]. In the context of actomyosin-based syn-
thetic cell division, spontaneous curvature effects could be exploited for spatial control
and symmetry breaking. Binding of proteins to the outer leaflet of vesicles can be used
to make vesicles dumbbell-shaped and to constrict and even split the neck [64]. Gen-
eration of negative membrane curvature could be used to locally recruit septins, which
selectively bind to membrane areas with micrometric curvature [195, 222]. In addition,
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membrane-binding proteins that not only sense, but also generate curvature could be
used, such as BAR-domain proteins. I-BAR proteins were shown to directly bind to actin
in fission yeast [216] and are therefore interesting candidates for promoting actomyosin-
driven membrane invagination. Interestingly, I-BAR domain proteins promote ezrin en-
richment in negatively curved membrane protrusions [215], providing further prospects
for boosting membrane invagination in vitro.

2.4.3. ADDITION OF NEW MEMBRANE AREA
To create two daughter cells from a single mother cell, assuming spherical geometry, the
cell surface area has to increase by 28% [269]. In vivo, this extra membrane area is de-
livered to the cleavage furrow by targeted endosomal transport [82]. This mechanism
does not only lead to a local area increase, but also allows fast and localized delivery of
specific lipids and regulatory proteins (reviewed in [270]). For reconstitution of cell di-
vision, various strategies can be followed to increase the membrane area (fig. 2.5, right).
First, GUV membranes can be grown by external addition of small unilamellar vesicles
(SUVs) that can be forced to fuse with the GUV using fusogenic peptides, DNA (see chap-
ter 7), or charge-based interactions [89–91, 271]. Second, lipid membranes can be grown
by in situ synthesis of lipids from their precursors. Examples are non-enzymatic reac-
tions from synthetic reactive precursors [84] or enzyme-catalysed biosynthesis using ei-
ther purified proteins [87] or in vitro transcription-translation [88]. Although there is
evidence that mammalian cells do not use area reservoirs, such as microvilli, to supply
extra membrane area for division [272, 273], this mechanism could be exploited for engi-
neering division in a synthetic cells. Asymmetries between the two leaflets of the bilayer
generated by different means (see preceding section) can be used to store excess area in
membrane tubes and buds [63, 64, 274, 275]. Low forces suffice to access these reser-
voirs [63, 275]. To achieve synthetic cell division, it will be important to match timing of
membrane areal growth with the timing of actin-driven constriction. To achieve multi-
ple cycles of division, it will moreover be important to build in a mechanism to maintain
lipid homeostasis.

2.5. CHALLENGES AHEAD
In the past decades, our knowledge of cell division and its molecular actors has increased
tremendously. To understand the physical mechanisms governing actomyosin-driven
cell division, focus is put increasingly on bottom-up reconstitution experiments. Bulk
and SLB experiments have helped us to understand mechanics of active actomyosin net-
works in 3D and 2D. However, translating these insights to the process of cell division is
not trivial. To summarise, we list here the critical challenges that need to be overcome
before we can reconstitute a minimal version of actin-driven cell division.

First, we need to understand how network contraction is sustained to drive division
all the way. This will require myosin activity working in concert with actin turnover.
While activity and turnover have been studied to great extent individually, we still have
minimal understanding how they together govern actin network mechanics and con-
tractility. Not only is this a challenging system to understand from a physical and bio-
logical perspective, also from an experimental perspective it is difficult to recapitulate
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as it involves a large number of components whose concentration and activity need to
be tightly controlled. More in vitro work in this direction, both in 3D and 2D, will be
essential to explore the parameter space.

Second, it remains elusive how the actomyosin network should be anchored onto
the membrane in order to achieve membrane deformations. A multitude of anchor-
ing strategies has been developed and investigated, but only minimally in combination
with a deformable membrane. Combined with our limited understanding of cortex-
membrane molecular organization in vivo, this might prove one of the most important
challenges. Future studies need to focus on understanding the influence of linker den-
sity and strength, as well as membrane composition and organization. In addition, the
respective roles of filament-membrane linkers and membrane-bound nucleators need
to be investigated.

Third, attention must be paid to the supplying of extra membrane area during con-
striction. Additional area can be present in membrane reservoirs, be synthesized, or be
added by fusion of small vesicles. However, none of these approaches have to our knowl-
edge been co-reconstituted with actin-driven contraction and resulting membrane de-
formation.

Fourth, there is to date only a minimal body of work on contractile actomyosin net-
works in GUVs. Confining the system in GUVs requires that all components need to be
encapsulated in the right concentration and stoichiometric ratio, while preserving func-
tionality. Although there are numerous GUV formation techniques, they have been min-
imally characterized for their potential to encapsulate complex mixtures of biochemi-
cally active components. More work in this direction is crucial to perform controlled
reconstitution in GUVs, but also to be able to extrapolate findings from bulk and SLB
experiments to vesicle systems.

Fifth, spatial and temporal control of the components and their activity are cru-
cial. On the short term, some of these challenges may be by-passed by taking a semi-
autonomous approach on synthetic cell division. For example, optogenetics, external
mechanical or chemical cues, or fusion-based delivery of components with small vesi-
cles provide handles to control the system even after encapsulation of the components
inside GUVs. However, if the goal is to create a synthetic cell that divides fully auto-
nomously, reconstitution will be more complicated and will require for example feed-
back loops, signalling molecules and internal clocks.

As a concluding remark, we note that the most pressing challenges to achieve in
vitro actin-driven cell division require integration of modules. Only when actomyosin
studies meet membrane biophysics, when myosin motor activity is combined with actin
turnover, and when protein biochemistry becomes integrated in GUV formation, we can
start thinking about reconstituting cell division. In the coming years, perspectives from
experimental work, theoretical studies and simulations need to be combined to guide
future work with the ultimate goal to develop a full understanding of actin-driven syn-
thetic cell division.
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OPTIMIZED CDICE FOR EFFICIENT

RECONSTITUTION OF BIOLOGICAL

SYSTEMS IN GIANT UNILAMELLAR

VESICLES

Giant unilamellar vesicles (GUVs) are often used to mimic biological membranes in re-
constitution experiments. They are also widely used in research on synthetic cells as they
provide a mechanically responsive reaction compartment that allows for controlled ex-
change of reactants with the environment. However, while many methods exist to en-
capsulate functional biomolecules in GUVs, there is no one-size-�ts-all solution and re-
liable GUV fabrication still remains a major experimental hurdle in the �eld. Here, we
show that defect-free GUVs containing complex biochemical systems can be generated by
optimizing a double-emulsion method for GUV formation called continuous droplet in-
terface crossing encapsulation (cDICE). By tightly controlling environmental conditions
and tuning the lipid-in-oil dispersion, we show that it is possible to signi�cantly im-
prove the reproducibility of high-quality GUV formation as well as the encapsulation
ef�ciency. We demonstrate ef�cient encapsulation for a range of minimal systems in-
cluding a minimal actin cytoskeleton, membrane-anchored DNA nanostructures, and a
functional PURE (Protein synthesis Using Recombinant Elements) system. Our optimized
cDICE method displays promising potential to become a standard method in biophysics
and bottom-up synthetic biology.

This chapter is based on the publication Optimized cDICE for Ef�cient Reconstitution of Biological Systems
in Giant Unilamellar Vesicles by L. van de Cauter*, F. Fanalista*, Lennard van Buren* et al., published in ACS
Synthetic Biology 10, 7 (2021) [175]. Lennard van Buren performed the tensiometry and absorbance measure-
ments and co-wrote the article. *equal contribution

27



3

28 3. CDICE

3.1. INTRODUCTION
Cellular life is enabled by countless interacting molecules and biochemical reactions
with a high degree of interconnectivity and redundancy. Reconstituting cell biologi-
cal processes using only their minimal functional units from the bottom-up is there-
fore greatly helpful to study cellular mechanisms on a molecular and mechanistic level
[276–278]. The field of bottom-up synthetic biology has gained a lot of traction over the
last decade, an evolution synchronised with the emergence of several different consor-
tia worldwide to lead the journey towards functional reconstitution of all basic cellular
functions, culminating in the creation of a minimal synthetic cell [2, 18–20].

In this synthetic cell community, giant unilamellar vesicles (GUVs) are widely used as
cell-sized, lipid bilayer-enclosed reaction compartments that can be visualized by real-
time microscopy and directly manipulated using biophysical tools [33, 279–281]. Using
GUVs as a basis for a functional synthetic cell requires encapsulation of different biolog-
ical modules in a precise stoichiometry, consisting of a variety of biomolecules ranging
in size and charge. However, state-of-the-art GUV fabrication methods are still far from
ideal in establishing complex reconstituted systems (see chapter 4). On the one hand,
easy-to-implement and high-yield methods, such as natural swelling [73], electroforma-
tion [74, 282–284], and gel-assisted swelling [76, 285, 286], offer poor control over encap-
sulation efficiency and stoichiometry, and inconveniently contain the same solution on
the in- and outside. On the other hand, emulsion-based techniques, in which GUVs are
generated from water-in-oil droplets crossing an oil-water interface (using gravity, cen-
trifugation, microfluidic devices or microfluidic jetting [77, 287–292]), offer more control
over GUV content and size monodispersity, but at the cost of being less reliable and more
technologically advanced and therefore less accessible.

A promising method that is increasingly being used for complex reconstitutions is
continuous droplet interface crossing encapsulation (cDICE). This double-emulsion based
technique relies on the continuous transfer of capillary-generated water-in-oil droplets
across an oil-water interface using centrifugal force [3]. Requiring only easy-to-operate
laboratory instrumentation, cDICE can in principle provide high yields while being less
technologically demanding than microfluidic-based approaches and allowing for more
control over size and encapsulated content than swelling methods [3, 293]. However,
despite promising first outcomes, using cDICE for protein encapsulation has remained
difficult, beyond a few specific cases [294–296]. At least in part, this is likely due to our
lack in understanding of both the physical process of vesicle formation and of which
parameters are essential to control tightly for the method to work robustly. Significant
lab-to-lab variability and constant adaptations to the protocol devised by various labs
[3, 293, 294, 296], have also made it hard to reproduce results across different institu-
tions, leading to the technique being far from accessible.

Here, we aimed to gain a better understanding of the parameters influencing both
vesicle formation and encapsulation efficiency in cDICE, allowing us to design an acces-
sible, robust and reproducible workflow for different encapsulation needs. We show that
control of environmental conditions is crucial for reliable formation of defect-free GUVs
(i.e., the vesicular membrane is uniform at optical length-scales and does not contain
visible lipid pockets) at high yields. Furthermore, we demonstrate different approaches
for enhancing the encapsulation efficiency of cDICE by changing the composition of
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the lipid-in-oil dispersion. We thus provide future users with a detailed protocol for
GUV fabrication and a toolbox that can form a firm basis for further experiment-specific
optimization. By reproducing key experiments across multiple labs in different loca-
tions and encapsulating a large variety of biological systems, from the encapsulation
of purified proteins to the PURE in vitro transcription-translation system, membrane-
anchored DNA origami, and bacteria, we show robustness and versatility of the method.
Overall, we demonstrate that our improved cDICE protocol shows great promise for a
wide range of complex reconstitution processes in the future, overcoming a major hur-
dle on the route towards functional minimal synthetic cells.

3.2. RESULTS

3.2.1. ENVIRONMENTAL CONTROL IS ESSENTIAL FOR PRODUCING DEFECT-
FREE GUVS WITH EDICE

To improve the robustness of the cDICE method, we sought to systematically screen var-
ious experimental parameters that might influence GUV formation in cDICE. A typical
cDICE set-up (fig. 3.1a) consists of a rotating chamber containing two concentric fluid
layers, an inner, lower-density lipid-containing oil phase and an outer, aqueous layer.
The aqueous solution to be encapsulated, is injected into the lipid-in-oil layer through
a capillary, leading to the formation of water-in-oil droplets at the capillary orifice. As
these droplets travel outward and traverse the interface of the oil with the outer aque-
ous phase, a bilayer is formed, yielding GUVs, collected in the outer layer of the system
(fig. 3.1a). GUV formation is thus dependent on the properties of all phases and on other
experimental parameters, such as rotation speed and capillary size [3]. When we sought
to enhance the consistency of vesicle production in this inherently sensitive experimen-
tal system, the first striking improvement was made by using a chloroform-based lipid-
in-oil dispersion [296] as oil phase and preparing it in a humidity-free environment, i.e.,
inside a glovebox. Without the use of a glovebox, GUVs were generated but the sample
contained a lot of residual membrane material, such as free tubes and fluorescent ag-
gregates, and the vast majority of GUVs showed visible fluorescent pockets or budding
membrane structures (fig. 3.1b). In contrast, when the lipid-in-oil dispersion was pre-
pared in a glovebox, samples were much cleaner with most GUVs having quasi-spherical
shapes without visible lipid pockets or budding membrane structures (fig. 3.1c).

In line with this observation, preparation of the lipid-in-oil dispersion inside a glove-
box also affected its macroscopic appearance: oil dispersions prepared in a humidity-
free environment were transparent, while preparations outside a glovebox yielded visi-
bly opaque dispersions, as quantified by turbidity measurements (A350 = 0.10 § 0.05 vs
0.42 § 0.10, fig. 3.5). Furthermore, we analysed the lipid adsorption kinetics of the dif-
ferent oil dispersions using pendant drop measurements [297], where a drop of aqueous
solution is suspended in a lipid-in-oil mixture, mimicking the process happening at the
orifice of the cDICE capillary. Without humidity control, interfacial tension decreased
much faster (fig. 3.6), indicating faster adsorption of lipids to the water-oil interface.
In combination with the adverse effect on vesicle quality, our experiments suggest that
presence of water in the lipid-in-oil dispersion interferes with vesicle formation and bi-
layer quality via changing the microscopic organization of the lipids and their adsorptive
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Figure 3.1: General overview of the cDICE technique and influence of environmental conditions. (a) Cross-
sectional schematic of the cDICE method. The centre image displays the 3D printed rotation chamber, with the
different fluid layers coloured differently for illustration purposes. The rightmost image displays the custom-
built spinning device that accommodates the 3D printed rotation chamber. The capillary is inserted using an
adjustable magnetic base to allow spatial flexibility upon insertion. During experiments, this set-up is con-
nected to a syringe and syringe pump. (b) Representative field of view of GUVs formed using a chloroform-
based lipid-in-oil dispersion prepared outside of the glovebox. ATTO 655 DOPE was used as a membrane stain
and images were taken using confocal microscopy. Most GUVs contain artefacts in the lipid membrane, ex-
amples are indicated with arrows. Scale bar indicates 20¹ m . (c) Representative field of view of GUVs formed
using the final protocol including the use of a glovebox. ATTO 655 DOPE was used as a membrane stain and
images were taken using confocal microscopy. Most GUVs are spherical and possess a clean membrane and
only a small population of GUVs still shows artefacts, as indicated with an arrow. Scale bar indicates 20¹ m .
(d) d. Size distribution of GUVs made of DOPC lipids, obtained by the optimized protocol. The distribution is
fitted to a log-normal function (red curve).

behaviour.
It is well known that humidity values change throughout the year, reaching highest

values in summer. This seasonal dependency in daily relative humidity can be as large
as several tens in percentage [298], equivalent to the range of 40 - 75% that we observed
in the lab. Given the importance of humidity in preparation of the lipid-in-oil disper-
sion, we extended environmental control to regulating humidity in the room where the
cDICE experiments were performed by using a dehumidifier. Indeed, dehumidification
down to 30 - 40% resulted in smaller variability between lipid adsorption kinetics as mea-
sured in pendant drop experiments (fig. 3.6), indicating a more reproducible adsorption
behaviour. In line with the lower variability found in lipid adsorption rates, dehumidi-
fication also proved to be essential for reliable production of clean vesicles throughout
the year. Taken together, using a glovebox for preparation of the lipid-in-oil dispersion
and storage of its components, and performing cDICE experiments in a continuously
dehumidified room, resulted in a robust formation of clean GUVs.

In the original cDICE paper [3], as well as in other follow-up studies [178, 293, 294,
299], injection capillaries were pulled from glass tubes to final orifice diameters of a
maximum of 20¹ m . Since we found these narrow glass capillaries to be a significant
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source of experimental variation and problems due to easy clogging of the orifice, we ex-
plored if using commercially available fused silica capillary tubing with larger diameters
(25, 50 and 100 ¹ m ) would allow for even more consistent results, as previously used
by Litschel et al. [296]. We found that using all three capillary sizes, our chloroform-
based lipid-in-oil dispersion and optimized workflow led to high yields of GUVs with a
mean diameter of 12¹ m and coefficient of variation of 47% for a capillary size of 100¹ m
and rotation speed of 1900 rpm (fig. 3.1d). The size distributions of the GUVs did not
significantly change across the different capillary sizes (fig. 3.7) and they were broader
than the ones previously obtained for smaller orifice sizes [3]. However, the lack of con-
trol over GUV size is compensated by a much-improved reliability of encapsulation and
GUV formation due to avoidance of clogging, in particular for 100¹ m fused silica capil-
laries. Other capillary materials were also successfully used, i.e., 100¹ m PEEK capillary
tubing. Changes in rotation speed (1000 - 2900 rpm) neither altered the size distribu-
tions for the different orifice diameters (fig. 3.7). No precise control of rotation speed
is thus needed in order to get robust GUV formation, with size distributions in an ideal
range for bottom-up reconstitution of eukaryotic cells. In terms of yield, the absolute
number of GUVs obtained using the optimized cDICE protocol is dependent on total
encapsulation volume, flow rate, and characteristics of the used biological agents. From
the average number of GUVs visible per field of view, we estimate the absolute number
of GUVs to reach well over 1000 vesicles in a typical experiment (100¹ L of inner aqueous
solution and a flow rate of 25¹ Lmin¡ 1).

3.2.2. UNILAMELLARITY OF CDICE-PRODUCED GUVS
Many reconstitution experiments require unilamellar lipid membranes, as this deter-
mines permeability and mechanical properties of the GUV and is needed for insertion
of transmembrane proteins, including pore proteins, into the bilayer. Therefore, we next
aimed to investigate if our GUV membranes were unilamellar by monitoring insertion
of alpha-hemolysin, a protein that assembles a heptameric pore structure in the lipid
membranes with a diameter of 14 Å, through which small molecules can pass and which
is highly sensitive to the thickness of lipid bilayers [300, 301]. As a tracer, we encap-
sulated 5¹ M of the fluorescent dye Alexa Fluor 488 (643 Da) and we immobilized the
GUVs within a polyisocyanide hydrogel [302] to aid long-term imaging [303]. After that,
alpha-hemolysin was added to the chamber and fluorescent imaging was immediately
started. Within minutes following alpha-hemolysin addition, all GUVs observed started
to lose their fluorescent content and all had lost 50% of their content after » 20 minutes
(fig. 3.2a, top row; fig. 3.2b, red curve). In stark contrast, when only alpha-hemolysin
buffer was added to the GUVs as a control, fluorescent molecules were clearly retained
within all GUVs (fig. 3.2a, bottom row; fig. 3.2b, blue curve). This indicated that loss
of GUV content was due to pore formation and hence membrane unilamellarity. Fur-
thermore, individual GUV membrane intensities normalised by the population’s mean
membrane intensity are consistently distributed around unity, indicating a homogenous
lamellarity over the GUV population (fig. 3.2c). Taken together, our results clearly show
that the cDICE method produces unilamellar GUVs.
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3.2.3. IMPROVEMENT OF ENCAPSULATION EFFICIENCY
To allow for complex reconstitution experiments, it is essential to have control over the
encapsulation of functional biomolecules in the right stoichiometric ratios. We probed
the encapsulation efficiency of our improved cDICE protocol by encapsulation of the cy-
toskeletal protein actin, a broadly used protein in the synthetic biology field [16]. While
all experiments using our optimized cDICE protocol resulted in successful encapsula-
tion of monomeric actin in GUVs at high vesicle yields, automated analysis of actin fluo-
rescence at the equatorial plane of the GUV from confocal fluorescence imaging surpris-
ingly revealed a substantial fraction of GUVs with very low actin content, indicating that
many of the formed vesicles were seemingly empty (23%, fig. 3.3a, fig. 3.8a). We tested if
the encapsulation efficiency could be improved by using different lipid-in-oil mixtures.
We reasoned that the encapsulation efficiency may depend on the lipid adsorption ki-
netics, as it has been reported earlier that the dispersion method of lipids had a strong
effect on their adsorptive behaviour [304]. Therefore, we investigated the effect of lipid
dispersion strategy on adsorption kinetics and on GUV formation and encapsulation ef-
ficiency for three lipid mixtures: lipids dispersed as aggregates in a 80:20 mixture of sil-

Figure 3.2: Incorporation of alpha-hemolysin pore protein demonstrates unilamellarity of GUV membrane.
(a) Fluorescence microscopy images of single GUVs prepared using a chloroform-based lipid-in-oil dispersion
showing different membrane permeability in presence (top row) or absence (bottom row) of alpha-hemolysin.
When the pore protein is added to the lipid membrane (red, rhodamine-PE fluorescence signal), the encap-
sulated fluorescent dye (green, Alexa Fluor 488) is released in the outer environment within a few minutes.
When only alpha-hemolysin buffer is added as a control instead, fluorescent molecules are retained within the
GUV volume. Scale bar indicates 5¹ m . (b) Quantitative analysis of GUV fluorescent content loss over time.
In presence of alpha-hemolysin (blue curve), Alexa Fluor 488 signal intensity decreases down to 50% of the
initial value within the first 20 minutes, while in absence of pores (red curve) only a minor decrease (< 10%),
likely due to photobleaching, is detected. (c) c. Histogram showing GUV membrane fluorescence intensities
compared to the overall GUV population.
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icon and mineral oil using chloroform as mentioned above, a similar dispersion of lipid
aggregates but using decane instead of chloroform, and a lipid-chloroform solution in
mineral oil only. Chloroform and decane serve as good solvents for the lipids, while the
lipids do not dissolve in the oil. This way, we aimed to produce different lipid-in-oil dis-
persions with various aggregation states, with the mineral oil dispersion having smallest
aggregate size, and both chloroform- and decane-based lipid dispersions having larger
aggregate sizes [304].

Figure 3.3: Improved encapsulation by tuning of the lipid-in-oil dispersion. (a) Encapsulation efficiency of
G-actin using a chloroform-based lipid dispersion (blue) and decane-based lipid dispersion (orange). The
first bin represents GUVs with very low fluorescence intensity, and represents 23% of the population for the
chloroform-based lipid dispersion and only 10% for the decane-based lipid dispersion. (b) Interfacial ten-
sion decrease measured for a pendant droplet of G-buffer in different lipid-in-oil mixtures. Solid lines show
averaged data with standard deviation for a lipid-chloroform solution in mineral oil only (yellow, n = 9), dis-
persed lipid aggregates using chloroform (blue, n = 13) or decane (orange, n = 7) in silicone oil:mineral oil 80:20
and a chloroform-based lipid-in-oil dispersion with 0.01 mol% of PEGylated lipids (green, n = 9). The dashed
lines indicate individual events where the droplet fell off, which gave rise to apparent jumps in the averaged
curves. When using the decane-based dispersion, all droplets detached within seconds. (c) Size distribution
of GUVs made using a chloroform-based lipid dispersion (blue) and decane-based lipid dispersion (orange).
(d) Box plots of the YFP expression after five hours of incubation in GUVs obtained using dispersed lipid ag-
gregates using chloroform (blue), decane (orange), and a chloroform-based lipid-in-oil dispersion with 0.01
mol% of PEGylated lipids (green). The boxes represent IQR (25th–75th percentiles), the centre line indicates
the median and the whiskers extend to the maximum and minimum value excluding outliers. Outliers are in-
dividually indicated using plus symbols. (e) e. Time-lapse images of YFP expression in a single GUV using a
chloroform-based lipid-in-oil dispersion with 0.01 mol% of PEGylated lipids. Scale bar indicates 5¹ m .

First, we confirmed the aggregation state of the lipids by absorbance measurements.
Indeed, the mineral oil dispersion was much less turbid (A350 = 0.03 § 0.01) than the
chloroform- or decane-based dispersion (A350 = 0.10§ 0.05 and A350 = 0.20§ 0.12 respec-
tively, fig. 3.5), indicating that the latter two have a higher propensity to form aggregates.
Pendant drop measurements showed that dispersing lipids as aggregates using chloro-
form resulted in fast lipid adsorption (fig. 3.7b, blue curve), indicating fast monolayer
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formation. The decane-based lipid dispersion resulted in even faster adsorption, with
all droplets detaching within several seconds (fig. 3.7b, orange curve). In contrast, lipids
dispersed in mineral oil exhibited a slower and smaller decrease of interfacial tension
(fig. 3.7b, yellow curve), meaning slow adsorption of lipids to the oil-water interface and
a small coverage of the final interface. In line with the idea that faster stabilization of the
oil-water interface by faster lipid adsorption leads to more robust monolayer formation,
we observed no GUV formation when using lipids dispersed in mineral oil, whereas ex-
periments using lipids dispersed as aggregates in a 80:20 mixture of silicon and mineral
oil using chloroform or decane gave large GUV yields (fig. 3.8).

We then tested if the fast-adsorbing decane mixture could improve the encapsula-
tion efficiency of cDICE. In stark contrast to the encapsulation of G-actin using chlo-
roform as an organic solvent, using a decane-based lipid dispersion resulted in a sig-
nificant decrease of the fraction of seemingly empty vesicles (10% versus 23%, fig. 3.3a,
fig. 3.8). Although large differences in both adsorption kinetics and encapsulation effi-
ciency can be observed between decane- and chloroform-based lipid-in-oil dispersions,
they yield GUVs similar in size distribution, size polydispersity, and visual membrane
cleanliness (fig. 3.3c, fig. 3.8). We also note that the lipid adsorption behaviour of the
chloroform-based dispersion is highly variable, much more so than for decane-based
lipid dispersions or lipids dispersed in mineral oil only (fig. 3.3b). Since the lipid disper-
sions are metastable mixtures and chloroform readily evaporates under ambient condi-
tions, changes to their composition happen on timescales similar to the experimental
runtime. Indeed, time-dependent absorbance measurements indicated a rapid change
in oil turbidity, indicative of an increase in aggregate size, on the time scale of minutes,
confirming the intrinsic instability of chloroform-based lipid dispersions (fig. 3.9).

Efficient encapsulation is particularly important for reconstitution of cell-free gene
expression reactions (in vitro transcription-translation systems) within GUVs, as the rel-
ative stoichiometry of their components has to be rather closely retained for optimal
functioning [305]. Functionality might further be affected by possible hydrophobic in-
teractions of the protein components with organic solvents during encapsulation, al-
though some groups already successfully encapsulated in vitro transcription-translation
systems with emulsion-droplet transfer-[306–308] and microfluidic-based methods [309].
To our knowledge, functional encapsulation of a cell-free gene expression (e.g., the Pro-
tein synthesis Using Recombinant Elements (PURE) system [310]) has never been demon-
strated for GUVs produced with the cDICE method. We therefore explored if we could
encapsulate the PURE system using our improved cDICE protocol. To this end, GUVs
encapsulating PUREfrex2.0, a commercially available PURE system, along with a linear
DNA construct coding for yellow fluorescent protein (YFP), were produced using both
a chloroform-based lipid dispersion and a decane-based lipid dispersion. Gene expres-
sion in GUVs incubated at 37°C was monitored by imaging YFP production within the
GUV lumen over time. We observed that the different dispersion strategies used for
GUV fabrication influenced the level of gene expression: the distribution of luminal flu-
orescence intensity after five hours of gene expression employing decane-based lipid
aggregates showed improved gene expression levels compared to the encapsulation us-
ing chloroform-based lipid aggregates, which barely yielded any YFP expressing GUVs
at all. Nevertheless, both gene expression levels and numbers of YFP expressing GUVs
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were still very low (fig. 3.3d and fig. 3.10).
In addition to the lipid dispersion strategy, the lipid composition of the bilayer mem-

brane can also alter adsorption kinetics and hence improve encapsulation efficiency.
In particular, PEGylated lipids, lipids with a flexible poly(ethylene) glycol (PEG) linker,
are often proposed to boost robust vesicle formation for various protocols [285, 311–
313]. We therefore investigated if doping the vesicular membrane with 0.01 mol% 18:0
PEG2000 PE could improve encapsulation of the PURE system when using cDICE. The
presence of PEGylated lipids slightly increased the adsorption rate of lipids to the oil-
water interface (fig. 3.3b, green curve). Interestingly, doping the membrane with 0.01
mol% PEGylated lipids greatly enhanced expression of the encapsulated PURE system
and resulted in the highest gene expression levels and a large population of GUVs ex-
pressing YFP (fig. 3.3d, e and fig. 3.10). These results show that optimization of encap-
sulation efficiency both via lipid dispersion and lipid composition is crucial to allow for
functional reconstitution of complex reactions such as the PURE system in GUVs made
using cDICE.

3.2.4. PROOF-OF-CONCEPT EXPERIMENTS ILLUSTRATE VERSATILITY OF THE

OPTIMIZED WORKFLOW
Finally, to investigate the broad applicability of our improved cDICE method, we aimed
to reconstitute a wide range of minimal systems inside cDICE-made GUVs (fig. 3.4).
First, we encapsulated a minimal, branched actin network. In eukaryotic cells, the actin
cortex is the protein machinery responsible for cell division [107, 143]. Reconstitution of
a functional actin cortex anchored to the inner leaflet of the GUV membrane therefore
offers an attractive route to induce GUV constriction, and possibly membrane fission, in
synthetic cells. Our minimal actin cortex consisted of actin together with the verpolin
homology, cofilin, and acidic domain of the Wiscot-Aldrin Syndrome protein (VCA), the
Arp2/3 complex, and profilin. The Arp 2/3 complex is an actin nucleator responsible for
promoting formation of a branched actin network at the cell membrane [314, 315]. VCA
was His-tagged to be able to bind to DGS-NTA(Ni) lipids in the membrane [153, 316].
Together with Arp 2/3, VCA promoted localized nucleation of a branched cortex at the
membrane, while profilin was used to prevent actin polymerization in the lumen [317,
318]. Actin displayed a clear localization at the GUV membrane (fig. 3.4a i , fig. 3.11a),
similarly to what was obtained using other GUV fabrication methods [108, 261]. In ab-
sence of membrane anchors and nucleators, actin was uniformly distributed within the
GUV volume (fig. 3.4a i , fig. 3.11a).

As a synthetic mimic of the cellular actin cortex, we encapsulated DNA origami nanos-
tructures [319] that are capable of lateral cross-linking at the vesicular membrane. These
four-armed DNA assemblies diffuse freely in the lumen of the GUV but were efficiently
recruited to the membrane upon co-encapsulation of a cholesterol-oligonucleotide mem-
brane anchor that binds single-stranded DNA sites on the origami (fig. 3.4a ii , fig. 3.11b).
Here, the monomeric DNA tiles freely diffuse in the membrane plane and form a pre-
cortex. We also successfully encapsulated small unilamellar vesicles (SUVs, » 100 nm
diameter), mimicking multicompartmental cellular systems (fig. 3.4a, iii , fig. 3.11c). In
the future, these compartments could be designed to trigger or sustain intravesicular
reactions, allowing control over biochemical reactions inside the GUV lumen [320–322].
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Figure 3.4: Proof-of-concept experiments showing versatility of cDICE and its applicability for the synthetic
cell community. (a) Overview - GUVs as artificial membrane systems to mimic cellular membranes and mem-
brane interactions. (i ) Reconstitution of a minimal actin cortex inside a GUV, nucleated at the vesicular mem-
brane by the Arp2/3 complex, the C-terminal VCA domain of WASp, and profilin. Scale bar indicates 5¹ m . (ii ).
Encapsulation of DNA origami nanostructures, freely diffusing inside the GUV lumen and capable of mem-
brane localization upon addition of 2¹ M of cholesterol-oligonucleotides. Scale bar indicates 15¹ m . (iii En-
capsulation of SUVs inside GUVs to form a multicompartmentalized system. Scale bars indicate 20¹ m . (iv )
Encapsulation of PUREfrex2.0 and DNA encoding for YFP. Scale bar indicates 10¹ m . (b) Encapsulation of GFP-
HU expressing E. coli bacteria. A large number of bacteria could be observed inside the GUV lumen, clearly
viable as evident from their motility. Scale bar indicates 20¹ m .

Furthermore, as mentioned above, our cDICE method can be used to encapsulate
a functional in vitro transcription-translation system (the PURE system), provided PE-
Gylated lipids are included in the lipid mixture (fig. 3.4a iv ). The broad applicability of
cDICE is further demonstrated by the successful encapsulation of objects that are large
compared to the GUV size, i.e. entire E. coli bacteria (fig. 3.4b, fig. 3.11d). Cylindrical
in shape, with a length of approximately 3¹ m and a diameter of 1¹ m [323], these are
several orders of magnitude larger than even many DNA origami structures. The bacte-
ria were clearly mobile inside the GUVs (movie online), showing that the cDICE process
does not significantly affect their viability. Encapsulating live bacteria inside synthetic
cells could be a promising route to combine ‘the best of both worlds’, e.g., photosyn-
thetic cyanobacteria could be repurposed as ‘chloroplasts’ for the synthetic cell, similar
to a recent study which included chloroplasts isolated from plant cells [324].

Overall, the improved cDICE method is shown to be capable of encapsulating a va-
riety of functional minimal systems related to cell mechanics, cell metabolism and gene
expression, all required for the generation of a synthetic cell.

3.3. DISCUSSION
A good understanding of the parameters influencing the GUV formation process in cDICE
is crucial, especially for design of reconstitution experiments beyond first proof-of-con-
cept experiments. Here, we showed that tight control over the lipid-in-oil mixture is
key to successful and reproducible GUV formation. We found that membrane qual-
ity, which affects mechanical measurements and quantitative fluorescence analysis, was
strongly improved by environmental control over preparation and handling of the lipid-
in-oil dispersion, notably handling the lipid dispersion in a humidity-free environment
(i.e., a glovebox) and decreasing humidity to 30% during vesicle formation. We hypothe-
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size that air humidity affects bilayer formation by changing the microscopic aggregation
state of the lipid-in-oil mixture, and thereby the lipid adsorption behaviour. Partial hy-
dration of lipids could possibly lead to the formation of larger lipid aggregates, such as
reverse micelles or lamellar structures, hindering proper mono- and bilayer formation.
Yet, fully understanding the microscopic mechanics of this thermodynamically unsta-
ble, multicomponent system remains difficult [325, 326]. Importantly, we also demon-
strated the unilamellarity of the formed GUVs by correct insertion of alpha-hemolysin
to allow pore formation. Although the appearance of the GUV membranes was visibly
improved upon environmental control, a common concern remains the possible pres-
ence of residual oil traces in the membrane. However, it was shown in previous work
that cDICE-formed GUVs are unlikely to have large traces of oil persisting in the mem-
brane [3, 293]. It is unknown whether transmembrane proteins are affected by the pres-
ence of residual oil in vesicular membranes but interestingly, recent work indicates that
it does not significantly alter the static, mechanical membrane properties of the GUVs
compared to electroformed GUVs [327–329]. Altogether, this makes vesicle formation
with the improved protocol compatible with reconstitution experiments requiring clean
unilamellar membranes, such as studies involving membrane mechanics or membrane
permeability.

Furthermore, we showed that the dispersion state of the lipids is crucial for efficient
GUV formation using cDICE. As other existing protocols show, many different lipid-in-
oil mixtures can be used for GUV formation [3, 293, 294, 296, 304]. In particular, Claudet
et al. [304] found lipids dispersed as aggregates in an oil phase to promote more effi-
cient bilayer formation. We provide experimental evidence that indeed the lipid bulk
aggregated state strongly influences adsorption kinetics and thereby vesicle formation,
supporting and explaining the observations of Claudet et al. [304]. Our tensiometry
findings also indicate that not solely adsorption speed is of importance for proper bi-
layer formation, but the structure and content of the lipid aggregates is just as crucial
for mono- and bilayer formation. Hence, having lipids dispersed as aggregates along-
side humidity control is essential for clean GUV formation. This indicates a non-trivial
relation between lipid properties, lipid dispersion state, adsorption kinetics and the fi-
nal membrane quality. Adsorption speed as measured by pendant drop experiments
can therefore not be used as a stand-alone quantity to assess whether a given lipid-in-oil
mixture will support GUV formation in cDICE. Future research into the molecular mech-
anisms of the lipid-in-oil dispersions could involve a systematic characterization of the
lipid aggregates species via, for example, dynamic light scattering (DLS) or electron mi-
croscopy (EM).

By tuning the lipid-in-oil dispersion with different organic solvents or different types
of lipids, the encapsulation efficiency of cDICE could be improved. Faster lipid adsorp-
tion when using a decane-based dispersion as compared to using a chloroform-based
dispersion, led to a better G-actin encapsulation. For functional encapsulation of the
PURE system on the other hand, the presence of PEGylated lipids proved to be crucial.
This cell-free expression system has a complex molecular composition, and all the indi-
vidual components need to be present in order to yield a functional readout. While ad-
dition of PEGylated lipids has proven to be very effective for encapsulation of the PURE
system with cDICE, it should be noted that PEGylated lipids can have adverse effects on
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protein functionality and membrane physicochemical behaviour, as the polymer chains
introduce crowding and steric repulsion of components from the membrane as well as
affect the membrane thickness [330]. In this case, our experiment suggest that depend-
ing on the encapsulated species, PEGylated lipids can be avoided and high encapsula-
tion efficiencies can be reached instead by changing the solvent.

Our cDICE protocol robustly yields GUVs with an average diameter of 12¹ m and co-
efficient of variation of 47%. This size distribution was robust to changes in rotation
speed and capillary diameters from 25 - 100 ¹ m . This consistency over differences in
these two central parameters implies that the workflow we have adopted lies in the jet-
ting regime [331]. A jet at the capillary orifice is broken up into a polydisperse droplet
population due to the Rayleigh instability in combination with the centrifugal force ap-
plied in cDICE [331]. A high degree of polydispersity can be advantageous for bulk as-
says to screen multiple conditions in one single experiment [109, 110], but undesirable
for other applications. As Abkarian et al. [3] showed, decreasing the capillary diameter
to values around 10¹ m or using an additional inner fluid layer to decrease shear forces
are viable strategies to achieve more precise size control. However, using these small
orifice sizes poses other problems, including fast clogging of small diameter capillaries,
rendering the method much less reliable. Here, we demonstrate that to reproducibly
encapsulate viscous solutions containing a high concentration of polymerizing protein,
as when encapsulating concentrated actin solutions, it is advantageous to use a larger
capillary.

Taken together, we have shown that humidity control is essential for reliable produc-
tion of clean GUVs with cDICE. Furthermore, we found that the encapsulation of differ-
ent biological systems can be modulated by tuning the lipid-in-oil dispersion and the
membrane composition. As a result, the optimized workflow laid out in this research
enables the generation of bespoke GUVs at good yields and with high encapsulation
efficiency. We showed that encapsulation was compatible with molecular membrane
anchors such as the cholesterol-oligonucleotide anchors used with DNA origami and a
minimal actin cortex, while maintaining functionality even for complex systems like the
PURE system. This renders a method that is robust and achieves reproducible results
across many months and multiple labs. By conducting several proof-of-concept experi-
ments, we were able to demonstrate the versatility of the cDICE method: from reconsti-
tution of an actin cortex, to encapsulation of a cell-free expression system, membrane-
anchored DNA nanostructures, and entire E. coli bacteria, these experiments open up
a portal to generating GUVs with contents of ever-greater complexity. In the future, ad-
ditional modifications by changing experimental parameters such as capillary size, ro-
tation speed, chamber design, etc. can be made to further extend the possibilities of
cDICE and perform experiment-specific optimization. This way, cDICE displays promis-
ing potential to become a standard method for the synthetic biology, biochemistry and
biophysics communities in the future.
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3.4. MATERIALS AND METHODS

3.4.1. DESIGN AND FABRICATION OF THE SPINNING DEVICE/ROTATIONAL

CHAMBERS
The cDICE device was designed and developed in-house at AMOLF. A 15-Watt Maxon
EC32 motor (5 wire version, part number 353399) served as the rotating component of
the apparatus, providing a wide range of rotation speeds (from 200 rpm up to 6000 rpm)
and allowing precise speed ramps for controlled speeding up and slowing down of ro-
tation. This is especially important to avoid mixing of the solutions after experiments,
which would lead to lipid debris in the outer aqueous solution, and to avoid disruption
of the formed GUVs. Translucent, cylindrical chambers were designed and printed in-
house (Stratasys Objet260 Connex3; VeroclearTM printing material). The chambers mea-
sure 38 mm in diameter, have an inner height of 7.4 mm, and include a circular opening
of 15 mm in diameter in the top to allow facile access to the solutions with the capillary.
The respective designs for rotation chambers and cDICE device are available on GitHub
(https://github.com/GanzingerLab). The other labs at TU Delft used similar devices.

3.4.2. GENERAL CDICE EXPERIMENTAL WORKFLOW
Synthetic fused silica capillary tubing (TSP 100/050/025 375, Molex) was employed due
to its highly smooth inner surface, allowing a controlled flow of inner aqueous solutions.
It was cut to a length of several centimetres using the supplied cutting stone and at-
tached to a short piece of flexible microbore tubing (Microbore Tubing, 0.02000x 0.06000

Cole-Parmer GmbH) using two-component epoxy glue (Bison) or instant glue (Pattex).
Using a hollow piece of metal, the capillary tubing was then bent so it could be inserted
horizontally into the rotational chamber. To inject the solutions, this set-up was con-
nected to a 250¹ L glass syringe (SGE Gas Tight Syringe, luer lock, Sigma-Aldrich) using
a shortened needle as connector (Hamilton Needle, Metal hub, needle size 22 ga. blunt
tip, Sigma-Aldrich). PEEK capillary tubing (PEEK tubing, 1/3200OD x 0.10 mm ID, BGB
Analytik) was used in experiments when explicitly specified. The encapsulation solu-
tions contained 18.5% v/v OptiPrepTM (density gradient medium with a density of 1.320
gmL ¡ 1) to increase the density. Unless specified otherwise, the outer aqueous phase was
a solution of glucose in MilliQ water (concentration adjusted to reach a 10 – 20 mOsm
higher osmolarity compared to the inner aqueous solution). In a typical experiment, the
encapsulation solution was loaded into the syringe set-up, rotation was started, 700¹ L
of outer aqueous solutions was inserted into the rotating chamber, followed by 5.5 mL of
the lipid-in-oil dispersion. The capillary was then inserted horizontally in the oil layer,
until it was visibly embedded.

The solution was injected using a syringe pump (KDS 100 CE, KD Scientific) at a rate
of 25¹ Lmin ¡ ¡ 1, unless specified otherwise. The system was spun for a predetermined
time depending on the encapsulation volume. Rotation speed ranged from 1000 rpm to
2700 rpm and the capillary diameter from 25 ¹ m to 100 ¹ m depending on the experi-
ment type, with 1900 rpm and 100 ¹ m being considered the default values. After every
experiment, the chamber was tilted and excess oil was removed. The GUVs were then
allowed to sink to the bottom of the rotation chamber for 10 minutes, after which they
were harvested using a cut pipette tip and transferred to an observation chamber. Glass
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coverslips were passivated using 1mgmL ¡ 1 beta-casein in MilliQ water. Room humidity
was kept around 30 - 40% using a dehumidifier (TTK 71 E Dehumidifier, Trotec). The
other labs used a similar workflow, based on this main protocol.

3.4.3. PREPARATION OF LIPID-IN-OIL DISPERSION
1,2-distearoyl-sn-glycero-3-phosphoethanolamine-N-[methoxy(polyethylene glycol)
-2000] (18:0 PEG2000 PE), 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(lissamine
rhodamine B sulfonyl (18:1 Liss Rhod PE), 18:1 1,2-dioleoyl-sn-glycero-3-phophocholine
(DOPC), 1,2-dioleoyl-sn-glycero-3-[(N-(5-amino-1-carboxypentyl)iminodiacetic acid)
succinyl] (nickel salt) (DGS-NTA(Ni)), and 1,2-dioleoyl-sn-glycer-3-phosphoethanol-
amine-N-(lissamine rhodamine B sulfonyl) (rhodamine-PE) were purchased from Avanti
Polar Lipids. ATTO 488 and ATTO 655 labelled 1,2-dioleoyl-sn-glycero-3-phosphoethanol-
amine (DOPE) were obtained from ATTO-TEC. Stock solutions in chloroform were stored
at - 20 °C. The lipids were mixed in the desired molar ratio in a 20 mL glass screw neck
vial (FisherbrandTM EPA Screw Neck Vial, Fisher Scientific and FisherbranTM 24mm PP
Screw Seal, Closed Top, 24-400 Thread, Assembled Septum, Fisher Scientific) to obtain
a final concentration of 0.2mgmL ¡ 1. After desiccation using a gentle nitrogen flow, the
vial was brought inside a glovebox, where the lipid film was resuspended in 415¹ L of
chloroform (Uvasol®, Sigma-Aldrich) or n-decane (99+%, pure, Acros Organics). A mix-
ture of 5.2 mL silicon oil (viscosity 5 cst (25 °C), Sigma-Aldrich) and 1.3 mL mineral oil
(BioReagent, Sigma-Aldrich) was then added dropwise to the lipids while vortexing. For
the lipid dispersion in mineral oil, 6.5 mL of mineral oil (BioReagent, Sigma-Aldrich) was
used instead. After tightly closing the vial and securing the seal with Parafilm®, the lipid-
in-oil dispersion was vortexed an additional 2.5 min and sonicated in a bath sonicator
for 15 min while keeping the bath temperature below 40 °C. The mixtures were used the
same day in experiments.

3.4.4. UV-VIS ABSORBANCE MEASUREMENTS
Turbidity measurements were performed by UV-VIS absorbance using a Denovix DS-
11 spectrophotometer. Lipid-in-oil dispersions were prepared as described above and
used directly for absorbance measurements. For each measurement, a cuvette (UV cu-
vette ultra-micro, BRAND®) was filled with 100¹ L of lipid-in-oil dispersion and the ab-
sorbance at 350 nm was measured thrice. Prior to each measurement, a blank was taken
using the corresponding oil or oil mix.

3.4.5. PENDANT DROP MEASUREMENTS
Pendant drop measurements were performed using a DSA 30S drop shape analyser
(Kruss, Germany) and analysed with the Kruss Advanced software. For each measure-
ment, a lipid-in-oil dispersion containing 100% DOPC was prepared in an identical man-
ner as for cDICE experiments. Directly after vortexing, the mixture was divided over
three glass 1.0 mm cuvettes (Hellma Analytics). In each cuvette, a 30¹ L droplet contain-
ing G-buffer (5 mM tris(hydroxymethyl)aminomethane hydrochloride (Tris-HCl) pH 7.8
and 0.1 mM calcium chloride (CaCl2)) and 18.5% v/v OptiPrep™ was formed with a rate
of 5¹ Ls¡ 1 using an automated dosing system from a hanging glass syringe with needle
diameter of 1.060 mm (Hamilton). Immediately when the droplet reached its final vol-
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ume, 100 frames of the droplets shape were first acquired at a frame rate of 5 frames per
second after which another 500 frames were taken with 1 frame per second. The droplet
contour was automatically detected and fitted with the Young-Laplace equation to yield
the interfacial tension. For measurements in dehumidified conditions, a dehumidifier
was switched on at least 1 hour prior to the measurement. The lipid-in-oil dispersion
was continuously mixed during each measurement using a magnetic stirrer. In several
experiments, interfacial tension decreased very rapidly causing the droplet to detach be-
fore the end of the measurement.

3.4.6. ALPHA-HEMOLYSIN
DOPC (97.4 mol%), DGS-NTA(Ni) (2.5 mol%), and rhodamine-PE lipids (0.1 mol%) were
used for preparation of the lipid-in-oil dispersion as described earlier. GUVs encapsulat-
ing F-buffer (20 mM Tris-HCl pH 7.4, 50 mM potassium chloride (KCl), 2 mM magnesium
chloride (MgCl2), 0.5 mM adenosine triphosphate (ATP) and 1mM dithiothreitol (DTT)),
18.5% v/v OptiPrepTM, and 5¹ M Alexa Fluor 488 (Thermo Fischer) were produced in a
200 mM glucose solution. After production, 50 &l of GUV solution was collected from
the bottom of the rotating chamber and deposited on a custom-built observation cham-
ber. Separately, a buffered solution (80 mM Tris pH 7.4 and 240 mM glucose) was mixed
with a 4mgmL ¡ 1 4 kDa polyisocyanide hydrogel solution [302] in a 1:1 volume ratio, and
50¹ L of the resulting solution was quickly added to the GUVs. The hydrogel was used
to immobilize the GUVs, facilitating extended time-lapse imaging. After a few minutes,
2¹ L of 12¹ M alpha-hemolysin solution (100 mM Tris-HCl pH 7.5, 1 M sodium chloride
(NaCl), 7.5 mM desthiobiotin (DTB)) was added to the observation chamber. Fluores-
cence intensity was analysed manually using ImageJ and results plotted with MATLAB.
Alpha-hemolysin was purified in-house according to Stranges et al. [332].

3.4.7. G-ACTIN ENCAPSULATION
DOPC and ATTO 655 DOPE were mixed in a 99.9:0.1 molar ratio to prepare the lipid-
in-oil dispersion. 100 &L of actin (4.4¹ M , 9% labelled with Alexa Fluor 488) in G-buffer
(5 mM Tris-HCl pH 7.8, 0.1 mM CaCl2, 0.02 mM ATP and 4 mM DTT) and 18.5% v/v
OptiPrepTM was encapsulated in every experiment, only varying rotation speed and cap-
illary size. For a capillary size of 25¹ m , the flow rate was lowered to 2.5¹ Lmin¡ 1 to reduce
the pressure in the capillary set-up. The encapsulated volume was reduced to 50¹ L in
these experiments. GUVs were produced in an outer aqueous solution containing ap-
proximately 85 mM glucose in MilliQ water. Actin was purchased from Hypermol and
Alexa Fluor 488-labelled actin was obtained from Invitrogen. All proteins were handled
according to instructions provided by the manufacturer. GUVs were imaged in the outer
aqueous solution using confocal microscopy, 50¹ L of GUV solution was deposited on
a custom-made glass coverslip and covered. Microscopy was performed using a Nikon
A1R-MP confocal microscope, using a Plan APO IR 60x water immersion objective. The
561 nm (laser power 1.0) and 488 nm (laser power 1.0) laser lines were used in combina-
tion with the appropriate emission filters to image the ATTO 655-labelled DOPE mem-
brane and Alexa Fluor 488-labelled G-actin, respectively.
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3.4.8. DATA ANALYSIS OF GUV IMAGES
GUV size and inner intensity (fig. 3.1d, fig. 3.3a, c, and fig. 3.7) were obtained from Z-
stack images that were processed using custom-written Python software. The software
performs feature tracking in each frame in three consecutive steps. First, the Canny edge
detection algorithm [333] is applied, then filling of the detected edges is achieved by ap-
plying the binary hole filling function from the ndimage module of the SciPy package
[334], and lastly these features in each frame are located using the measure module of
the scikit-image package [335] for Python. The located features are linked together in a
final step to group points belonging to the same GUV along the frame-axis. The radius of
the GUVs was determined from the frame where the detected feature was largest and the
inner intensity was also obtained from that respective frame and feature. User-based fil-
tering was applied afterwards to discard multilamellar structures, aggregates or similar.
The software is available on GitHub (https://github.com/GanzingerLab). The intensity
was normalized to the mean of the distribution in fig. 3.3a.

3.4.9. PURE SYSTEM ENCAPSULATION
The codon-optimized construct encoding for meYFPco-LL-spinach (enhanced yellow
fluorescent protein) described in Van Nies et al. [336] was used. The sequence is codon-
optimized for expression in the PURE system, and the template includes the T7 pro-
moter and terminator. A linear DNA template was employed to observe fluorescence
readout of the level of synthesized protein. The linear DNA construct was obtained
by polymerase chain reaction (forward primer: GCGAAATTAATACGACTCACTATAGGGA-
GACC, reverse primer: AAAAAACCCCTCAAGACCCGTTTAGAGG). Amplification prod-
ucts were checked on a 1% agarose gel and were purified using the Wizard PCR clean-up
kit (Promega). DNA concentration and purity were measured using a ND-1000 UV-Vis
Spectrophotometer (Nanodrop Technologies). The full sequence of the meYFPco-LL-
spinach linear construct can be found in [175].

DOPC and rhodamine-PE were used in a 99.9:0.1 molar ratio for the lipid-in-oil dis-
persion, 0.01 mol% of 18:0 PEG2000 PE was used when explicitly mentioned. PUREfrex2.0
(GeneFrontier Corporation, Japan) was utilized following storage and handling instruc-
tions provided by the supplier. Linear DNA template was added at a concentration of
5 nM. Reactions of 40¹ L were assembled in test tubes and supplemented with 5% v/v
OptiPrepTM (higher ratios negatively interfered with the PURE reaction) and kept on
ice. GUVs were produced in an outer aqueous solution composed of 220 mM glucose in
MilliQ water. The flow rate was kept at 2.5¹ Lmin¡ 1 for 8 minutes in total, given the lim-
ited availability of inner aqueous solution. After production, 25¹ L of GUV solution was
transferred to the observation chamber, together with 25¹ L of additional outer aque-
ous solution composed of 35 mM glucose and 50% v/v PURE buffer. YFP expression
was monitored at 37°C by confocal imaging using a Nikon A1R Laser scanning confocal
microscope equipped with an SR Apo TIRF 100x oil-immersion objective. The 561 nm
(laser power 5.0) and 488 nm (laser power 20.0) laser lines were used in combination with
the appropriate emission filters to image the rhodamine-PE membrane and YFP, respec-
tively. The software NIS (Nikon) was used for image acquisition and the settings were
maintained for all experiments. Samples were mounted on a temperature-controlled
stage maintained at 37°C during imaging up to five hours.
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Image analysis was carried out in MATLAB version R2020b using the script published
by Blanken et al. [337]. Briefly, the script reads the split-channel tiff files, identifies the
GUVs, indexes them, and then stores the indexed variables in the data file. The script
uses a sharpening filter on the rhodamine-PE image, the GUV lumen is determined by a
flood filling step followed by a binarization phase with a cut-off of 200. An erosion step
was conducted to filter segments relative to lipid aggregates and other sources of noise.
Any segments with a circularity of less than 0.5 or greater than 2 have been excluded.
For each GUV, average rhodamine-PE intensity, average YFP intensity and YFP intensity
variance were determined. The box plots of the YFP intensity in the lumen were also
generated in MATLAB version R2020b.

3.4.10. ACTIN CORTEX
GUVs were prepared using a mixture of DOPC and DGS-NTA(Ni) lipids in a 50:1 mo-
lar ratio. Actin (4.4¹ M , 9% labelled with Alexa Fluor 647), profilin (3.3¹ M ), Arp2/3 (100
nM), and VCA (0.6¹ M ) were added to a solution containing F-buffer (20 mM Tris-HCl pH
7.4, 50 mM KCl, 2 mM MgCl2, 0.5 mM ATP and 1 mM DTT) and 18.5% v/v OptiPrepTM.
To minimize photobleaching, an oxygen-scavenger system [338] (1 mM protocatechuic
acid (PCA) and 50 nM protocatechuate-3,4-dioxygenase (PCD)) was also added to the
solution. GUVs were produced in an outer aqueous solution containing 200 mM glucose
in MilliQ water. After production, 25¹ L of GUV solution was collected from the bottom
of the rotating chamber and deposited on a custom-built observation chamber, to which
an additional 25¹ L of a buffered solution (40 mM Tris pH 7.4 and 125 mM glucose) was
added. Unless specified otherwise, all chemicals were purchased from Sigma-Aldrich.
All proteins, except VCA, which was purified in-house, were purchased from Hypermol
and dissolved according to instructions provided by the manufacturer. G-actin was dia-
lyzed in G-buffer (5 mM Tris-HCl pH 7.8 and 0.1 mM CaCl2) before storage at - 80 °C.

3.4.11. DNA ORIGAMI NANOSTRUCTURES ENCAPSULATION
The DNA origami design was adapted from Jeon et al. [319] by removing the 30sequence
‘sticky ends’) mediating multimerization, thus keeping them monomeric. An additional
12 nt sequence was added at the 50end to allow binding to the membrane via a cholesterol-
oligonucleotide anchor. Nanostructures were folded by thermal annealing (from 95 °C
to 23 °C, - 0.5 °C min¡ 1) and used at 1¹ M in buffered solution (50 mM Tris pH 7.0,
2 mM MgCl2 and 200 mM sucrose). Right before encapsulation, 2¹ M of cholesterol-
oligonucleotides were added to this buffer. As an outer aqueous phase, 50 mM Tris pH
7.0, 2 mM MgCl2 and 200 mM glucose was used. Experiments were performed using
PEEK capillary tubing.

3.4.12. SUV ENCAPSULATION
SUVs were prepared using DOPC and ATTO 488 DOPE in a 99:1 molar ratio. Under gentle
nitrogen flow, chloroform was evaporated to obtain a homogenous lipid film. The lipid
film was then desiccated for a minimum of three hours to remove any remaining solvent
traces, after which it was rehydrated in phosphate-buffered saline buffer (PBS buffer) at
4mgmL ¡ 1 by vortexing. Afterwards the solution was sonicated in aliquots of 20 &L for 2x
30 min. It was then diluted to 0.5mgmL ¡ 1 for further use. DOPC and ATTO 655 DOPE



3

44 3. CDICE

were used in a 99.9:1 molar ratio for the lipid-in-oil dispersion. For encapsulation, the
SUVs were diluted 10x in PBS buffer and 18.5% v/v OptiPrepTM was added. The outer
aqueous phase consisted of 313 mM glucose in MilliQ water.

3.4.13. BACTERIA ENCAPSULATION
We thank Paul Kouwer (Radboud University) for the kind gift of the polyisocyanide gel,
and we thank Josef Melcr and Siewert-Jan Marrink for useful discussions. We acknowl-
edge the financial support by the ‘BaSyC - Building a Synthetic Cell’ Gravitation grant
(024.003.019) of the Netherlands Ministry of Education, Culture and Science (OCW) and
the Netherlands Organization for Scientific Research (G.H.K., C. Dekker, and C. Danelon)
and NWO-WISE funding (K.A.G.).
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3.5. SUPPLEMENTARY FIGURES

Figure 3.5: UV-VIS absorbance of different lipid-in-oil mixtures as an indicator of the lipid aggregate size.
Absorbance at 350 nm of lipid-in-oil dispersions measured right after preparation. The different lipid-in-oil
mixtures consist of: dispersed lipid aggregates using chloroform or decane in silicone oil:mineral oil 80:20, a
lipid-chloroform solution in mineral oil only, and a chloroform-based lipid-in-oil dispersion with 0.01 mol%
of PEGylated lipids. Red bars indicate dispersions that were prepared in the glovebox. The green bar shows
the turbidity of the chloroform-based dispersion prepared outside of the glovebox. Data represents three mea-
surements on at least two individual preparations with standard deviation.
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Figure 3.6: Influence of environmental conditions on lipid adsorption kinetics. Interfacial tension decrease
measured for a pendant droplet of G-buffer in different lipid-in-oil mixtures. Solid lines show averaged data
with standard deviation for a chloroform-based lipid-in-oil dispersion prepared inside a glovebox with dehu-
midifier in the experiment room (red, n = 13), outside a glovebox with dehumidifier in the experiment room
(green, n = 9), and inside a glovebox without dehumidifier in the experiment room (blue, n = 11). The dashed
lines indicate individual events where the droplet fell off, which gave rise to apparent jumps in the averaged
curves.

Figure 3.7: Size distributions for different capillary sizes and rotation speeds. Size distribution of GUVs made
of DOPC lipids, using capillary sizes 25¹ m , 50¹ m , and 100mum , and rotation speeds 1000 rpm, 1900 rpm, and
2700 rpm. The individual graphs represent pooled data for three experiments. The distributions are fitted to a
log-normal function (red curves).



3.5. SUPPLEMENTARY FIGURES

3

47

Figure 3.8: Representative fields of view of GUVs encapsulating G-actin. Membranes are shown in red, actin
in green. Vesicles were formed with (a) a chloroform-based lipid in oil dispersion or (b) a decane-based lipid-
in-oil dispersion. Scale bars indicate 10¹ m . Images were acquired with identical imaging settings.

Figure 3.9: Time traces of UV-VIS absorbance of different lipid-in-oil mixtures. Absorbance at 350 nm of the
lipid-in-oil dispersion was measured over ten minutes after opening of the vial. Measured samples include
dispersed lipid aggregates using chloroform or decane in silicone oil:mineral oil 80:20 and a lipid-chloroform
solution in mineral oil only. All samples were prepared in the glovebox.
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Figure 3.10: Representative fields of view of GUVs encapsulating the PURE system. In all images, GUVs (red)
are produced encapsulating PUREfrex2.0 and DNA encoding for YFP (green). Vesicles were formed using (a) a
chloroform-based lipid-in-oil dispersion; (b) a decane-based lipid-in-oil dispersion, or (c) a chloroform-based
lipid-in-oil dispersion and 0.01 mol% PEGylated lipids. All pictures have the same size (scale bars indicate
50¹ m ) and were acquired with identical imaging settings.
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Figure 3.11: Representative fields of view of proof-of-concept encapsulation experiments. (a) Reconstitu-
tion of a minimal actin cortex (blue) inside a GUV, nucleated at the vesicular membrane by the Arp2/3 com-
plex, the C-terminal VCA domain of WASp, and profilin. Scale bar indicates 5¹ m . (b) Encapsulation of DNA
origami nanostructures (yellow) inside GUVs (red), freely diffusing inside the GUV lumen (left) and capable
of membrane localization upon addition of 2¹ M of cholesterol-oligonucleotides (right). Scale bar indicates
15¹ m . (c) Encapsulation of SUVs (green) inside GUVs (red) to form a multicompartmentalized system. Scale
bars indicate 20¹ m . (d) Encapsulation of GFP-HU expressing E. coli bacteria (red, green) in GUVs (yellow). A
large number of bacteria could be observed inside the GUV lumen, clearly viable as evident from their motility.
Scale bar indicates 20¹ m .
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PICKING THE RIGHT CONTAINER

ASSEMBLY METHOD

Giant Unilamellar Vesicles (GUVs) are a popular model system to study cell and mem-
brane processes in vitro and provide a suitable compartment for building minimal syn-
thetic cell. Sparked by their wide applicability, numerous protocols have been developed
for GUV production, but to date there is not a one-size-�ts-all protocol for establishing
complex reconstituted systems. In this chapter, we test a large number of different forma-
tion methods in the speci�c context of building a synthetic cell with an actin cortex. We
look for a protocol that works optimally with the required proteins, physiological buffers,
and lipid composition. We show that gel-assisted swelling forms a solid basis for mem-
brane reconstitution by allowing easy production of GUVs of varying lipid compositions
in different buffers. For encapsulation of proteins with emulsion-based techniques, we
found that the presence of actin negatively impacted vesicle formation. This effect likely
originates from actin interfering with bilayer formation, as we showed with pendant drop
tensiometry that actin changes lipid adsorption dynamics. Because encapsulation results
with existing protocols were not satisfactory, either being too technologically demanding
or unable to encapsulate �lamentous proteins, we developed a new method which we
called emulsion Droplet Interface Crossing Encapsulation (eDICE) by making minor mod-
i�cations to the continuous Droplet Interface Crossing Encapsulation protocol reported in
chapter 3. Using eDICE we ef�ciently encapsulated the cytoskeletal proteins actin and
septin, both in monomeric and �lamentous form, with control over membrane anchor-
ing. We demonstrate the potential of eDICE by producing GUVs with different molecular
mechanisms for membrane anchoring, highlighting its potential for complex reconstitu-
tion.

Actin encapsulation experiments with eDICE were performed by Lucia Baldauf and Iris Lambert. Data on
septin encapsulation with eDICE was acquired by Britta Bor under supervision of Gerard Castro Linares and
Lennard van Buren.
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4.1. INTRODUCTION
The first step in building a synthetic cell is arguably constructing its container. The con-
tainer separates the cellular content from its surrounding, thereby defining the entity
that we call a cell. At the same time, it creates the chemical environment where all vi-
tal processes take place. In biology, the cell container is created by the cellular plasma
membrane, which is primarily a lipid bilayer envelope enriched with proteins, fatty acids
and sterols [37]. Synthetic biology offers multiple ways to form compartments, such as
coacervates, polymersomes, proteosomes, and liposomes (reviewed in [28]). Of these
compartmentalization strategies, liposomes are closest to their biological counterpart,
as their membrane constitutes the same lipid bilayer as the plasma membrane matrix.
In particular, giant unilamellar vesicles (GUVs) are frequently used, as they do not only
match in membrane organization, but also their size (typically 5-30 &m) is comparable to
that of eukaryotic cells. Due to their cell-mimicking properties, GUVs have been used for
a wide range of research applications in biophysics, biomedicine and synthetic biology
[33]. To accommodate the wide variety of applications and complexity of GUV research,
significant effort has been spent on the development of GUV formation protocols. As
such, GUVs can now be produced with controlled size [3, 77, 286? ], with a wide range
of phospholipid compositions [282, 329], using charged lipids [293, 339, 340] or sterols
[341], with asymmetric bilayers [287, 342, 343], phase-separated membranes [344], in
physiological buffers [285, 293, 339], and allowing encapsulation of proteins and other
cargo inside vesicles [75, 175, 345]. There is no exact count of the number of different
formation protocols, but while there are at least fifteen different formation techniques,
the number of protocols must be well over a hundred. While the number of production
techniques keeps increasing with over ten per year, the question arises: how to select the
most suitable formation method?

Most of the production methods so far can actually be categorized in two groups:
hydration of dried bilayers, called swelling approaches, or lipid adsorption to water-oil
interfaces, called emulsion-based approaches. Swelling and emulsion based formation
are typically used for different purposes.

In the past sixty years, swelling approaches have been employed abundantly to study
membrane biophysical properties outside the cellular context, including bilayer elastic-
ity [56, 346], lipid diffusion [347, 348], membrane lateral organization [344], and mem-
brane permeability [349]. Initially, swelling was done simply by spontaneous hydra-
tion of the lipid film in an aqueous environment, called spontaneous swelling or gentle
hydration [73]. Later, Angelova et al. showed that the swelling process could be pro-
moted by application of an alternating electric field [74], introducing the electroforma-
tion method. While electroformation has been the golden standard for GUV formation
since its invention, a major disadvantage has been its limited compatibility with pro-
ducing vesicles with charged membranes and in physiological buffers. Porous hydro-
gels promote GUV swelling also in solutions of higher ionic strength [76, 109, 285, 311].
However, gel-swollen GUVs can be contaminated with gel polymers, thereby leading to
altered membrane properties [350]. To produce clean membranes, more recent efforts
have focused on changing the hydrogels physicochemical properties [76], cross-linking
the polymers[286], or using other porous substrates such as textile [351, 352] or pa-
per [353]. In the meanwhile, by changing the electroformation parameters, researchers
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managed to produce GUVs also in physiological buffers [339, 354]. Altogether, a wide
set of swelling-based GUV formation protocols have been developed to produce mem-
branes of varying compositions, in buffers of different ionic strength (reviewed in ref.
[355]).

While swelling-based formation techniques are useful to study lipid bilayer mem-
brane properties, they have limited compatibility with more complex biological recon-
stitution experiments. In particular, encapsulation of large and charged water-soluble
molecules is difficult by swelling [33]. Such encapsulation is interesting to study pro-
teins and other biomolecules in cell-mimicking environments, and forms the basis of
more recent endeavours to build a synthetic cell. When encapsulation is required, GUVs
can better be formed from emulsion droplets by the inverse emulsion technique [75].
First, water droplets are dispersed in an oil phase containing lipids, which adsorb to
the droplet water-oil interface to create a monolayer. Next, by spinning these droplets,
typically by centrifugation, through another water-oil interface that is also covered with
lipids, the droplets acquire a second monolayer as they transfer to the outer aqueous
phase and transform into GUVs. Besides the ability to control the inner aqueous phase
independently from the outer aqueous solution, an additional advantage of the inverse
emulsion technique is that monolayers can be assembled one-by-one in this way, allow-
ing the assembly of asymmetric bilayers [287, 299, 342, 343]. Many different biomolec-
ular systems have been successfully encapsulated in this way, including Min proteins
[296] and actin monomers that were triggered to polymerize in the cytosol [75] or at the
membrane [108]. Furthermore, the working principle of inverse emulsion has given rise
to a plethora of microfluidic assembly techniques (reviewed in [356–358]), which give
an additional control over GUV size and allow for in situ observation of GUV formation.
In addition, hybrid techniques have been developed, which combine the ease of bulk
assays with enhanced control compared to inverse emulsion. An important example
is called continuous Droplet Interface Crossing Encapsulation (cDICE) as is introduced
in chapter 3, which has been successfully implemented for actin reconstitution experi-
ments by various labs[113, 114, 175, 294, 359].

Even though a general guideline may be that swelling methods are more suitable
for membrane research, and emulsion-based GUV formation is more suitable for con-
trolled encapsulation, the variety in different methods is still overwhelming. Further-
more, which method works best depends on the molecular composition of the system of
interest. In this chapter, we test a large number of different methods in the specific con-
text of building a synthetic cell with an actin cortex. We look for a protocol that works
optimally with the required proteins, buffer composition, and lipid composition of inter-
est. First, we discuss swelling-based methods (electroformation [74], polyvinylalcohol-
assisted swelling [76], spontaneous swelling [73] and swelling on paper [353]) and their
potential for producing GUVs of the right lipid composition and with the right physio-
logical buffers. Then, we explore four emulsion-based GUV formation techniques (in-
verse emulsion [75], octanol-assisted liposome assembly (OLA) [77], cDICE[3], and a
modified version of cDICE that we invented, which we call emulsion Droplet Interface
Crossing Encapsulation, or eDICE) and their compatibility with the reconstitution of an
actin cortex. Altogether, our choice of GUV formation methods covers the entire range
from bulk to microfluidic assays, from simple to difficult protocols, and from old to new
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techniques. In addition, we use surface tension measurements to improve our general
understanding of lipid monolayer formation in emulsion-based GUV formation. With
this comparative testing, we aim to identify a method that is facile, has high yield, and
high flexibility for choosing the lipid, ionic, and protein composition. Even though this
review is specifically focused on making GUVs for the purpose of studying membrane
mechanics and cytoskeletal reconstitution, we believe that, due to the wide scope of as-
says tested and our surface tension measurements on lipid monolayer formation, our
results extend to general lessons on how to build a synthetic cell.

4.2. RESULTS
In this section compare our experimental work on eight different GUV formation strate-
gies (??) in the light of the reconstitution of an actin cortex. We start by addressing the
swelling methods, which are relatively easy to implement and produce vesicles with high
yield. However, the main drawback of all swelling methods is that they provide limited
opportunities for complex reconstitution experiments that involve encapsulation of one
or multiple components. Therefore, we next discuss the emulsion method and specif-
ically review their compatibility with protein encapsulation. Since we found that pro-
tein encapsulation affected GUV formation in multiple emulsion-based formation tech-
niques, we conclude this chapter with a study on the effect of proteins on lipid mono-
layer formation using pendant drop tensiometry.

4.2.1. SWELLING METHODS

ELECTROFORMATION, THE GOLDEN STANDARD

With electroformation we were able to produce large numbers of vesicles, easily thou-
sands per experiment. Membranes composed of only neutral lipids, such as DOPC or
EggPC lipids, could easily be formed in a 200 mM sucrose solution both on a platinum
wire (fig. 4.2a) and on an ITO slide (fig. 4.2b). Vesicles produced with ITO slides and
platinum wires were qualitatively similar in number, size distribution and morphologi-
cal features. After a formation phase at 10 Hz and 2 Vpp for one hour, GUVs were formed
with diameters up to 100¹ m. In the absence of salts in solution, vesicle formation was
followed by a detachment phase at lower frequency of 1 Hz still at 2 Vpp which aided
physical detachment of vesicles from the conductive surface. During this detachment
phase, vesicles could clearly be seen bouncing on the conductive surface with the field
frequency. Vesicles could be successfully harvested and observed outside the electrofor-
mation chamber (fig. 4.2c).

Addition of ions to the swelling buffer required an adjustment of the electric field
settings, in particular an increase in frequency [340, 354]. A combined experimental
and finite element simulation study has shown that low frequencies in saline solutions
lead to high electric field strengths at the electrode surface, thereby driving lipid oxida-
tion [340]. By increasing the frequency, this problem is circumvented, and GUVs can be
formed[339, 340, 354]. In fig. 4.2c, we show successful formation of POPC vesicles in a
solution containing 100 mM NaCl without sugar and buffer using electric field settings
1000 Hz and 2.5 Vpp . However, vesicle growth was notably slower than in non-ionic so-
lutions, even though we increased the temperature up to 35°C to promote membrane
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fluidity and thereby vesicle growth [340]. After 2 hours, vesicles had diameters of maxi-
mally 10¹ m. When we tried to do the same experiment at room temperature, GUVs were
barely visible after 2 hours, with a maximal diameter of about 2¹ m (data not shown).
For these experiments, the formation time could be extended to yield larger vesicles, but
note that this requires additional experimental precautions such as proper water-tight
closure of the electroformation chamber. A detachment phase was not used in solutions
of high ionic strength as this resulted in degradation of the vesicles (read below), visible
as the formation of a fuzzy membrane carpet on the electrode surface. Also, note that
addition of ions, even at low concentrations (10 mM), required electric field parameters
to be adjusted. For example, when we tried to form DOPC vesicles in a solution contain-
ing 200 mOsm sucrose and 10 mM Tris-HCl at 10 Hz and 2 Vpp , we observed formation
of a fuzzy fluorescent layer on the electrode after several minutes. In this case, success-
ful vesicle formation required adjustment of the electric field parameters to 300 Hz and 2
Vpp (see also chapter 6). Table 4.3 contains an overview of electroformation parameters
that successfully led to GUV formation in solutions of different salinity.

Figure 4.1: Overview of GUV formation techniques. Schematic overview of the GUV formation techniques
discussed in this chapter. Left: swelling-based techniques. Right: emulsion-based methods.
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Figure 4.2: Examples of successful electroformation. All images are epifluorescence images. Scale bar is 20
&m in all images. (a) DOPC vesicles on a platinum wire (right side of the image) in 200 mM sucrose imaged
in the formation chamber, after 1 hour formation time. (b)EggPC vesicles on an ITO slide in 200 mM sucrose
imaged in the formation chamber after 1 hour formation time. (c) POPC vesicles on a platinum wire in a
solution containing 100mM NaCl at 35 °C imaged in the formation chamber after 2 hours formation time.
Note that GUVs are smaller than in image (a) and (b) due to modified electric field settings. (d) Harvested
POPC vesicles after successful electroformation in 200 mM sucrose on Pt wires.

Several factors were critical for successful electroformation. First, we noticed that
lipid spreading and vesicle detachment strongly determined the quality of the produced
vesicles. When lipids were not spread evenly over the platinum wire, and when for-
mation was not followed by detachment by mechanical agitation, the resulting vesicle
sample exhibited a zoo of different appearances (see fig. 4.3a). The majority of the sam-
ple was multilamellar or multivesicular. The fraction of unilamellar vesicles notably in-
creased when lipids were spread evenly over the wire or ITO glass using a glass syringe
needle, and when vesicles were mechanically detached after formation, for example by
tapping the closed chambers on a table.

Furthermore, vesicle formation had to be executed above the membrane melting
temperature Tm . While GUVs from DOPC and POPC lipids could be formed at room
temperature, electroformation of DMPC lipid films at room temperature led to randomly
shaped multilamellar structures (fig. 4.3b). Since DOPC and POPC have a Tm well be-
low room temperature, that is -17°C and -2°C respectively, these membranes are fluid at
room temperature, but DMPC with a Tm of 24°C is below its phase transition tempera-
ture at room temperature[360]. Starting from the DMPC membranes shown in fig. 4.3b,
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Figure 4.3: Typical issues encountered with electroformation. All images are confocal images with inverted
contrast for better visualization. Scale bar is 20 &m in all images. In (b-f), vesicles are imaged during formation
on a platinum electrode (oriented vertically and positioned on the right side of the image). (a) Harvested
vesicles (here DOPC) were very polydisperse in size, morphology and lamellarity when the lipid film was not
spread well over the platinum wire electrode and vesicles were not detached by mechanical agitation. (b-
c) Formation of DMPC vesicles. (b) Initial swelling at room temperature led to multilamellar, non-spherical
structures. (c) A subsequent increase in temperature to 30°C at the same electric field settings caused spherical
vesicles to form. (d) Electroformation of DOPC:DOPS (80:20 mol/mol) GUVs in 200 mM sucrose resulted in
pinning of the membranes on the electrode (indicated with arrows) (e-f) Electroformation using the charged
E. coli polar lipid extract in 200 mOsm sucrose. Initial swelling at 10 Hz, 2 V resulted in multilamellar vesicles
(e) while subsequent adjustment to 1 Hz, 2 V caused vesicles to disintegrate, resulting in membrane tubes as
indicated with arrows (f)

when we increased the temperature up to 30°C while operating at the same electric field
settings, membranes blew up to a spherical shape within minutes (fig. 4.3c).

Finally, we investigated electroformation of GUVs containing charged lipids using a
lipid mixture containing 20% (mol/mol) DOPS and using the E. coli polar lipid extract.
The bacterial polar lipid extract is a natural lipid extract from the E. coli inner membrane.
It therefore naturally contains a wide variety of lipids, including 20 % lipids with a PG
headgroup, contributing one negative charge per lipid, and about 10 % cardiolipin, car-
rying two negative charges per molecule [361]. To confirm the effective surface charge
of this complex mix of lipids, we measured the zeta potential of the bacterial lipid ex-
tract. We first constructed a surface charge calibration curve using POPC LUVs doped
with 0%, 5%, 15%, 20% and 40% DOPS. From fig. 4.16 (SI) it can be seen that the zeta
potential becomes more negative upon addition of the negatively charged DOPS lipid,
starting from -5 mV for 100% POPC vesicles, to -43 mV for POPC vesicles containing 40%
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DOPS. We measured the zeta potential of the bacterial extract to be -37.6 ¨ 1.7 mV (av-
erage ¨ standard deviation), corresponding, based on the calibration curve (fig. 4.16),
to about 30% negatively charged head groups. Thus, we confirmed an increasing nega-
tive surface charge upon DOPS addition, and we measured the E. coli polar lipid extract
surface charge to be strongly negative.

When we included 20% (mol/mol) DOPS in the DOPC:Cy5-PE lipid mix for electro-
formation, we did not observe any formation of spherical GUVs, but instead the mem-
brane was pinned on the electrode (see fig. 4.3d). Thus, although the membrane could
be swollen, pinning prevented the formation of closed, detached vesicles. To our knowl-
edge, membrane pinning has not been reported before in the context of GUV electro-
formation. However, pinning was reminiscent of electrostatic membrane adhesion to
charged surfaces as reported by Steinkuhler et al.[362] and could therefore potentially
be modulated by changing the surface charge of the electrode. Otherwise, membrane
adhesion could be prevented by steric repulsion by addition of PEGylated lipids, but we
did not pursue this further.

Another remarkable observation was the effect of a low-frequency detachment phase
on charged membranes. In fig. 4.3e we show the growth of (multilamellar) vesicles con-
sisting of the highly charged E. coli polar lipid extract. Lowering the frequency to 1Hz
did not lead to vesicle detachment from the electrode, but instead caused degradation
of vesicles, turning them into tubes while the fluorescent signal on the wire increased in
brightness. While a low-frequency detachment phase clearly resulted in GUV separation
from the wire or ITO slide in non-ionic solutions and neutral membranes, this could not
be applied to charged membranes.

FACILE AND VERSATILE GUV FORMATION BY GEL-ASSISTED SWELLING

Swelling membranes on top of hydrogels proved to be a much more robust GUV for-
mation method as compared to electroformation, where electric field parameters had
to be tuned according to membrane composition and content of the swelling solution.
The process of GUV formation by gel-assisted swelling is shown in fig. 4.4a-c for EggPC
vesicles in 200 mOsm sucrose. Before addition of a swelling solution, the dried lipid
film is visible on top of the hydrogel (fig. 4.4a). Irrespective of whether the dried lipids
formed an inhomogeneous layer with brighter and darker patches as in fig. 4.4a, or if they
formed a film with uniform intensity, in both cases GUVs could be formed successfully.
After careful addition of a swelling solution so as not to disturb the lipid film, vesicles
started to grow immediately (fig. 4.4b), reaching diameters up to 50¹ m within minutes
(fig. 4.4c).

Essential for harvesting the produced vesicles was to detach them from the gel, which
could be done either by tapping the bottom of the swel-ling chamber or by flushing
swelling solution over the tilted gel. Vesicles could be harvested after several minutes,
but we waited for 1 hour as longer swelling times generally reduced the presence of sec-
ondary membrane structures on vesicles (see fig. 4.6b-c, indicated with white arrows).
High production yields could be obtained by gel-swelling, as shown for DOPC vesicles
in 200 mOsm sucrose including 10 mM Tris-HCl (fig. 4.4d). GUVs could also be formed
successfully from the strongly negatively charged E. coli polar lipid extract with only mi-
nor adjustments (fig. 4.4e). First, we changed the swelling buffer to 100 mOsm sucrose,
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Figure 4.4: Examples of successful gel-assisted swelling experiments. All images are epifluorescence images.
(a-c) Formation of EggPC vesicles. Scale bar is 20 &m in all images. (a) After drying the lipids on top of the
hydrogel, a flat film is visible that is either patchy (shown) or homogeneous (not shown). (b) Immediately
after addition of the swelling buffer containing 200 mOsm sucrose and 10 mM Tris-HCl at pH 7.4, vesicles start
to grow. (c) After several minutes, GUVs have grown to diameters up to 50 &m. (d-f) GUVs obtained after
harvesting from the gel, scale bar is 20 &m. (d) DOPC vesicles swollen in 200 mOsm glucose and 10 mM Tris at
pH 7.4. (e) GUVs made from E. coli polar lipid extract swollen at 37°C in 100 mOsm sucrose, 100 mM KCl and
10 mM Tris at pH 7.4. (f) GUVs made from an Archaeal P. furiosus lipid extract containing mainly diether lipids,
produced at 37°C in a swelling solution containing 100 mOsm sucrose, 100 mM KCl and 10 mM Tris at pH 7.4.

100 mM KCl and 10 mM Tris-HCl at pH 7.4, where we added KCl to increase electro-
static screening and create a more physiologically relevant environment. Second, we
increased the swelling temperature to 37°C, well above the phase transition temperature
of this bacterial lipid extract (25°C)[363]. With identical swelling conditions, we were
also able to form vesicles from a lipid extract from the Archaeum Pyrococcus furiosus
(fig. 4.4f). For above-mentioned lipid compositions, we obtained comparable yields.

Even though we found PVA-assisted swelling to be the most robust GUV formation
method tested in this study, some experimental design considerations are worth noting.
First, gel attachment to the supporting glass coverslip was essential for successful GUV
formation. If the gel was not adhering well to the glass, or when the gel was too thick,
we observed cracking and wrinkling of the gel upon addition of the swelling solution
(fig. 4.5a). In the case of gel cracking, GUV formation was unsuccessful. This is simi-
lar to what has been reported by Souissi et al. [364], although they reported cracking to
originate from high temperatures, which were not encountered in our study. In our case,
we were able to prevent cracking with two adaptations. First, we activated the glass sur-
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face by plasma treatment prior to PVA spreading. Second, the PVA solution was always
brought to room temperature before application to make it less viscous, resulting in a
thinner gel layer. Together, these measures ensured sufficient stability of the PVA layer
during swelling.

Secondly, depending on the membrane composition, the swelling buffer and tem-
perature had to be adapted. In particular, when working with charged membranes, we
found that swelling in non-ionic solutions caused the lipid film to break off from the
gel (fig. 4.5b) indicating the necessity to use buffers containing ions. Similarly, swelling
the E. coli membranes at room temperature, which is below their Tm (25°C [363]), also
resulted in detachment of the lipid film.

Figure 4.5: Typical issues encountered during gel-assisted welling. All images were taken while lipids and/or
vesicles were still on the gel, so before harvesting. In all images, the signal signifies fluorescently labelled lipids.
Scale bar is 50 &m in all images. (a) Cracking of a PVA gel that was too thick, because the PVA solution was ini-
tially spread over the glass support at a too low temperature. In addition to gel cracking, the lipid film detached.
Similar detachment occurred when glass supports were not plasma-treated before applying the fluid PVA. In
this example, swelling was performed with a mix of DOPC and Atto 655 DOPE in a molar ratio of 99.5:0.5 and
a swelling solution containing 100mOsm sucrose and 10mM Tris-HCl at pH 7.4. (b) The lipid film detached
while GUVs were swelling when the swelling temperature was too low, or when the swelling buffer was chosen
inappropriately. In this example, membrane were swollen with a lipid composition of DOPC:DOPS:Atto 655
DOPE in a molar ratio 69.5:20:0.5, in a swelling solution consisting of 100mOsm sucrose and 10mM Tris-HCl
at pH 7.4. (c) Adhesion between GUV membranes made of E. coli polar lipid extract. Black arrows indicate
adhesion sites. In this example, membranes were swollen in a solution of 100mOsm sucrose and 100mM KCl,
without buffer.

Finally, when vesicles did swell properly, we sometimes observed adhesion between
adjacent GUVs (fig. 4.5c, indicated with arrows) dependent on membrane composition
and swelling buffer. In the example in fig. 4.5c, E. coli GUVs adhere in an unbuffered
solution containing only 100 mM KCl and 100 mOsm sucrose. Addition of 10 mM Tris-
HCl at pH 7.4 to the swelling buffer prevented GUV adhesion. Presumably, buffer addi-
tion shifted the solution’s pH with respect to the isoelectric point of the lipids, thereby
changing the lipid’s net charge.

An important consideration for PVA-assisted swelling for GUV production is the pres-
ence of sugar during the formation process. We found that the GUV yield strongly in-
creased with increasing concentrations of sucrose in the swelling solution (fig. 4.6a-d). In
fact, at a concentration of 20 mOsm sucrose, barely any vesicles formed (fig. 4.6a), while
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yields were extremely high at 500 mOsm sucrose in the swelling solution (fig. 4.6d). At
the same time, the number of secondary membrane structures (see fig. 4.6b-c, indicated
with arrows) seemed to decrease for higher sugar concentrations. While it is known that
sugars affect membrane properties such as bending rigidity (reviewed in ref. [52]), sugar
interactions with the membrane might also be beneficial for GUV formation. In addi-
tion, we found that the presence of sucrose in the PVA gel was crucial for successful GUV
formation. When we dissolved PVA in milliQ water instead of in 200 mOsm sucrose so-
lution, the resulting gels were not usable for GUV formation. Instead, upon addition of
the swelling solution on these gels, the lipid film cracked and detached as in fig. 4.5a-b.

OTHER SWELLING METHODS

Although gel swelling is a robust method compatible with different membrane compo-
sitions and buffers, it has the drawback that PVA polymers could potentially remain as-
sociated with the membrane[365]. We therefore explored yet two other swelling-based
GUV formation methods that potentially combine versatility with membrane cleanli-
ness: spontaneous swelling [73] and swelling from tracing paper [353]. Both techniques
use solid, rigid supports, and do not require an electric field for swelling, making them
at first sight promising alternatives.

Figure 4.7a shows DOPC vesicles produced in 200 mOsm sucrose by overnight spon-
taneous swelling at room temperature of a dried lipid film on a teflon disk. Similarly, E.
coli vesicles could be formed by overnight spontaneous swelling at elevated temperature
(37°C) in the same swelling solution. In both cases, the produced vesicles are very poly-
disperse in appearance, with many vesicles being multilamellar or enclosing other vesi-
cles. Moreover, the vesicles were limited in size up to 20 &m. The spontaneous swelling
technique is easy to implement, but results in the formation of very polydisperse sam-
ples. Further optimization of the technique is difficult because of its limited programma-
bility.

In addition, we followed a recently published protocol using tracing paper to swell
GUVs [353]. Unlike the PVA hydrogel substrates, which consist of non-covalently linked
polymers, tracing paper consists of large, immobile cellulose fibres that are less likely to
contaminate the GUV membranes during the swelling process. Indeed, we found DOPC
GUVs to grow on the tracing paper (fig. 4.7b) over the course of several hours in a swelling
solution containing 200mOsm sucrose and 10mM Tris-HCl at pH 7.4. However, we did
not pursue this method further since yields were low after harvesting, probably due to a
combination of a low vesicle density on the paper and difficult detachment.

4.2.2. EMULSION-BASED METHODS
When encapsulation of complex (protein) solutions is required, emulsion-based vesi-
cle formation strategies offer more control than the aforementioned swelling methods.
In these methods, vesicles are produced with an inner aqueous solution (IAS) that can
be different from the outer aqueous solution (OAS). This gives the opportunity to tune
the vesicle content independently, simply by controlling the content of the IAS. We in-
vestigated the potential of several emulsion-based formation methods to produce vesi-
cle containing cytoskeletal proteins. The covered techniques are the classical inverted
emulsion technique[75], OLA microfluidics[77] and a new technique that we adapted
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Figure 4.6: Sucrose aids the formation of GUVs by gel-assisted swelling. Harvested DOPC vesicles after for-
mation by gel-swelling in solutions containing different concentrations of sucrose. In addition to sucrose, all
swelling solutions contained 10 mM Tris-HCl at pH 7.4. Secondary membrane structures were sometimes seen
on GUV membranes and are indicated with white arrows. Scale bar is 20 &m in all images. (a) 20 mOsm su-
crose. (b) 100 mOsm sucrose. (c) 200 mOsm sucrose. (d) 500 mOsm sucrose.

from cDICE, which we call emulsion Droplet Interface Crossing Encapsulation (eDICE).

WHERE IT BEGAN: INVERSE EMULSION

We produced vesicles following the original emulsion-based formation method called
inverse emulsion or droplet transfer method [75]. In this method, the IAS is dispersed
into a lipid-oil solution (LOS) in one tube by rigorous pipetting. In another tube, the LOS
is layered on top of the OAS. The emulsion is then placed on top of the LOS-OAS system
and the IAS droplets are spun down to produce lipid bilayer vesicles.
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Figure 4.7: GUVs formed with other swelling techniques. Scale bar is 20 &m in both images. (a) DOPC vesicles
doped with 0.5% (mol/mol) Atto 655 DOPE formed by spontaneous swelling overnight in 200mOsm sucrose.
(b) GUVs comprised of DOPC:Atto 655 DOPE lipids at a molar ratio of 99.5:0.5 growing on tracing paper in
200mOsm sucrose with 10mM Tris-HCl at pH 7.4. White arrows indicate swollen vesicles, while the tracing
paper can be seen below.

GUV formation by inverse emulsion was easy and quick, and often resulted in yields
of hundreds of vesicles per sample with diameters typically ranging from 5 to 50 &m. In
fig. 4.8a, we show a sample of DOPC vesicles encapsulating actin G-buffer, containing 0.2
mM CaCl2 and 20 mM imidazole at pH 7.4. In fig. 4.8b, we show that the water-soluble
HPTS dye dissolved in the IAS successfully gets encapsulated in the vesicles. The HPTS
signal is noticeably higher inside the vesicles than in the surrounding outer aqueous
solution. However, the GUVs have variable HPTS intensities in their lumen, pointing at
a variable encapsulation efficiency between GUVs within the same sample.1

Furthermore, in many inverse emulsion experiments, we noticed to a varying degree
the presence of small bright dots in vesicles (indicated with arrows in fig. 4.8a). We in-
terpreted these to be small fluorescent lipid structures. The presence of these structures
appeared to be related to the solubility of the lipids in the organic phase, as GUVs formed
with lipids dissolved in warm oil contained structures fewer in number and smaller in
size (fig. 4.8a, yellow arrows) than GUVs formed from lipids dissolved in room tempera-
ture oil (fig. 4.8c, yellow arrows). Some fluorescent structures were also visible in bright-
field (fig. 4.8d, blue arrows), possibly indicating the presence of oil. While GUV forma-
tion by inverse emulsion resulted in high vesicle yields when the IAS was a sugar solu-
tion with or without G-buffer, the vesicle yield dropped tremendously when we tried to
encapsulate actin F-buffer (without actin) or 10 &M G-actin in G-buffer. Actin F-buffer
differs from actin G-buffer in its salt content: where F-buffer contains 50 mM KCl and 2
mM MgCl2, and G-buffer contains only 0.2 mM CaCl2. This indicates that either ionic
strength, the concentration of divalent cations or the presence of Mg2+ ions specifically

1In epifluorescence imaging, larger GUVs are expected to show a higher signal due to of out-of-focus flu-
orescence. However, this cannot account for the variation since the observed variation is clearly size-
independent.
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Figure 4.8: GUVs formed with the inverse emulsion method. Scale bar in all images is 20 &m. (a) DOPC
vesicles encapsulating G-buffer containing 0.2 mM CaCl2, 20 mM imidazole at pH 7.4 and an additional 190
mM sucrose. Outer solution is 190 mM glucose. Fluorescent lipid structures are indicated with arrows. (b)
DOPC vesicles (cyan) encapsulating 4.8 mM HPTS (magenta) and 190 mM sucrose. Encapsulation efficiency
varies between vesicles. (c) DOPC GUVs produced from an LOS where the dried lipids were suspended in oil at
room temperature instead of at 80 °C. Bright fluorescent structures (arrows) are larger in size and in number as
compared to panel a. (d) Brightfield image of the sample in (c) reveals stark optical contrast between structures
(arrows) and aqueous solution.

interfere with vesicle formation by inverse emulsion. In addition, the presence of actin
compromised vesicle formation.

While the inverse emulsion method proved to be a facile method for GUV produc-
tion, the choice of vesicle content was severely limited because vesicle yield depended
strongly on IAS composition. Furthermore, inverse emulsion is a coarse bulk method,
where all droplets are produced simultaneously, and all droplets traverse the LOS/OAS
interface at once. Colliding droplets or depletion of lipids from the LOS/AOS interface
might affect the success rate of GUV formation. We therefore moved on to a microflu-
idics method, which should provide control over size and rate of droplet and vesicle pro-
duction, while allowing the researcher to view vesicle production in situ .
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OLA MICROFLUIDICS: HIGH RISK, HIGH GAIN?
Various microfluidic techniques have been published for the purpose of GUV production
[356, 357]. We chose to follow the Octanol-assisted Liposome Assembly method [77],
named OLA henceforth. In this technique, lipids are dissolved at high concentration in
octanol, named the lipid-oil solution (LOS). Vesicle production is done in a microfluidic
device, specifically at a six-way junction where one input channel of IA, two input chan-
nels of LOS, two input channels of OAS and one outlet channel meet (fig. 4.9a). A flow
of IAS and LOS is pinched off continuously by incoming OAS at the junction, thereby
forming droplets of IAS covered by a layer of LOS. As the double emulsion droplets travel
through the outlet channel or maturation channel, lipids in the LOS shell self-assemble
into monolayers on both water-octanol interfaces, eventually zipping together to form
a lipid bilayer accompanied by dewetting and detachment of the octanol phase. The
produced GUVs can be visualized in the chip or pipetted out of the outlet channel.

In fig. 4.9a, we show a successful OLA run using an LOS containing DOPC lipids and
an IAS consisting of G-buffer. Double emulsion droplets are produced at the junction
and travel upwards through the channel. Dewetting of the octanol phase is clearly visi-
ble, as droplets produced at the junction still have a sickle-shaped bright octanol phase
(fig. 4.9a, inset below), while the octanol rounds up to form a pocket as the droplet ma-
tures (fig. 4.9a, inset above). Similarly, we managed to encapsulate actin at 10 &M in
G-buffer in double emulsion droplets with OLA (fig. 4.9b). The actin is clearly confined
in compartments, as can be seen from the discrete spherical shapes of high intensity.

Once a chip is operating successfully, OLA offers superb control over vesicle produc-
tion. However, we found that a variety of practical issues severely restricted the suc-
cess rate. We list here the typical problems that we encountered with microfluidic vesi-
cle formation. First, the chip pretreatment with a PVA solution, essential to render the
PDMS channels hydrophilic, was often unsuccessful. Pretreatment sometimes resulted
in residual PVA either in the microfluidic channels (see fig. 4.9c) or in one of the inlet
channels. PVA structures in the flow channel disturbed the laminar flow in the chip,
causing vesicles to deform or burst. PVA clogging of the inlet channels prevented in-
sertion of the fluid streams. Pretreatment also often failed, rendering the channels not
sufficiently hydrophilic, and finally resulting in wetting of the post-junction channel by
LOS during chip operation (see fig. 4.9d). When this happened, formation of double
emulsion droplets was impossible. Second, When initializing the chip for GUV produc-
tion, care should be taken for the inlet streams to arrive at the post-junction sequentially,
being first OAS, then LOS, and finally IAS. No air bubbles should be trapped in one of the
channels, nor should the LOS stream enter the IAS or OAS channel, or vice versa. Fluid
control sometimes required the use of high pressures, which increased the risk of inlet
streams abruptly flowing in the wrong direction. When the LOS mixed with IAS or OAS
in one of the pre-junction channels, this often resulted in flow obstruction and channel
clogging (fig. 4.9e). Third, Once the chip was initialized properly, the three inlet stream
flow rates had to be tuned to be in the correct (jetting) regime for GUV production. Dur-
ing chip operation, the junction was prone to clogging, in particular in the lipid chan-
nels as seen in fig. 4.9b and fig. 4.9e, limiting the time a chip could be used for. Another
general concern was chip leakage, which sometimes happened due to adhesion failure
between the PDMS slab and the supporting surface.
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Figure 4.9: Microfluidic production of GUVs with OLA. Scale bar is 50 &m in all images. (a) Successful DOPC
GUV production with OLA. The inner aqueous solution (IAS) flows in the lower vertical channel, the lipid-
containing octanol (LOS) stream in the bright diagonal channels from both sides, and the outer aqueous solu-
tion (OAS) in the horizontal channels from both sides. Vesicles with bright octanol pockets form at the junction
and mature as they flow downstream (upwards in the image). Two states of droplet maturation are indicated
with blue arrows and shown in the inset: the lower droplet has a sickle-shaped octanol phase, the upper, older
droplet a budding pocket. (b) Successful production of DOPC vesicles (blue) encapsulating monomeric actin
(magenta) in G-buffer. Lipid and actin signals show a small spatial discrepancy due to the movement of the
droplets between images. Note the clogging in the left lipid channel. (c) When PVA was not entirely washed
out during chip pre-treatment, residual solidified PVA (yellow arrows) disturbed the flow of maturing GUVs.
(d) Clogging of the lipid channels (yellow arrows) sometimes occurred when the flow rates were too low or
when one of the aqueous solutions entered the lipid channel. (e) When PVA-treatment was not successful,
double emulsion droplets could not flow freely into the maturation channel, but instead formed a water-in-oil
emulsion sticking to the channel walls.

Since chips in almost all cases had to be discarded when one of the problems above
occurred, the success ratio of these experiments turned out to be very low. Furthermore,
operating these microfluidic chips requires months of practice. As the OLA method is
time-intensive in general, taking in total 2-3 days to fabricate the chips, do the PVA treat-
ment, and finally operate the chips, we did not pursue this method any further.
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EDICE ALLOWS FOR EFFICIENT AND VERSATILE CORTEX RECONSTITUTION

In chapter 3, we have shown that cDICE can be efficiently employed to encapsulate a
variety of proteins and other cargo in GUVs. However, for some reconstitution experi-
ments, in particular with cytoskeletal proteins that polymerize, we needed to modify the
cDICE protocol. The two major bottlenecks that we identified in the original cDICE pro-
tocol were the use of a thin capillary for injecting the inner aqueous solution, that was
prone to clogging when filamentous proteins were flushed through, and the time be-
tween preparing the encapsulation solution and vesicle formation, which takes several
minutes in the original cDICE protocol. To circumvent these problems, we did not inject
the inner aqueous solution drop-by-drop using the capillary, but instead we first emulsi-
fied the IAS in 1mL of the LOS in a separate tube, and then we pipetted the emulsion di-
rectly into the spinning disk. We demonstrate here how we successfully employed eDICE
to encapsulate filamentous actin and septin in GUVs, and furthermore how eDICE can
be employed to perform a wide variety of reconstitution experiments. eDICE experi-
ments generally gave a high production yield, as we easily located 100-1000 GUVs in
imaging chambers.

Prepolymerized actin filaments were successfully encapsulated in GUVs using the
eDICE method (fig. 4.10a). Since actin filaments have a diameter below the resolution
limit, it is not trivial to distinguish filaments from monomers in epifluorescence images.
We therefore performed two tests to confirm the filamentous nature. First, we visual-
ized actin from the same solution that was encapsulated by injecting it in flow chan-
nels, followed by imaging with total internal reflection fluorescence (TIRF) microscopy.
TIRF images clearly revealed that actin was filamentous (data not shown). Second, we
co-encapsulated fascin in a 1:20 molar ratio (fascin:actin) with the actin using eDICE.
Fascin is a protein able to bundle actin filaments[109]. Upon addition of fascin, we ob-
served stiff actin bundles of several micrometers long (see fig. 4.10c), indeed confirming
the existence of actin filaments in vesicles. In some vesicles, fascin-induced actin bun-
dles were even capable of deforming the membranes into F -shaped vesicles similar to
what has been published before [109]. Both tests independently confirm the filamentous
nature of the actin, thus showing that eDICE is suitable for encapsulating micrometer-
long filaments. It is worth mentioning that encapsulation of F-actin with eDICE was easy
and quick, in stark contrast with cDICE where the capillary often clogged in seconds,
leading to IAS leakage upstream and eventually requiring replacement of the capillary
and redoing of the GUV formation. Furthermore, the severely reduced requirement for
IAS volume makes encapsulation of typically precious proteins much more affordable.
Lastly, by reducing the time of droplet formation well over 10 minutes to below 30 sec-
onds, we are finally able to capture cytoskeletal dynamics such as actin nucleation.

Next, we encapsulated the cytoskeletal protein septin. Septin is an oligomeric pro-
tein that is able to form higher order structures[195, 366, 367], is capable of binding other
cytoskeletal proteins such as actin and microtubules [368] (reviewed in ref. [367]), and
has been found to bind to membranes containing the negatively charged lipids PS and
PIP2 [255, 369]. As such, septin is an interesting membrane anchor for the actin cor-
tex. We encapsulated septin in DOPC GUVs using eDICE (fig. 4.10c). In these vesicles,
we do not expect septin to bind to the membrane. Indeed, we saw either a homoge-
neous distribution of septin in the vesicle lumen (fig. 4.10), or we observed the forma-
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Figure 4.10: eDICE effectively encapsulates filamentous proteins. Encapsulation of the polymerizing cy-
toskeletal proteins actin and septin with eDICE. All images are epifluorescence images with scale bar of 20 &m.
(a) Prepolymerized actin filaments (yellow) at a nominal concentration of 4.4¹ M in F-buffer, stabilized with
phalloidin in a 1:1 ratio were successfully encapsulated in GUVs (cyan). Actin was labelled with 10% (mol/mol)
AlexaFluor488-labelled monomers. Presence of filaments was confirmed in flow channels by TIRF microscopy
(not shown). (b) Encapsulation of F-actin at a nominal concentration of 4.4¹ M in F-buffer together with fascin
in a 20:1 molar ratio resulted in actin bundle formation inside GUVs (the arrow points to an example bundle).
Actin polymerization was triggered at the same time when fascin was added by temperature increase, right
before GUV formation. In some cases, the actin bundle deformed the vesicle membrane, leading to the for-
mation of F -like structures (lower vesicle). (c) Encapsulation of 300 nM septin hexamers (magenta) in DOPC
GUVs. Septin is distributed throughout the vesicle lumen. (d) Composite image of septin hexamers imaged at
488 nm (magenta) encapsulated at 300 nM in DOPC GUVs imaged in brightfield (greys). In some cases, septin
formed bright, micrometer-sized structures (white arrows) at this concentration in DOPC vesicles.

tion of micrometer-sized bright septin structures, likely corresponding to septin bundles
[186, 255, 370].

The possibility to encapsulate polymerized or polymerizing proteins with eDICE
opens up new opportunities for synthetic cell reconstitution experiments. One impor-
tant goal in this research field is to achieve synthetic cell division[92, 95], which requires
control over the shape of the synthetic cell (see chapter 2). Following the mechanisms
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that animal cells employ for cell division, a cytoskeletal cortex bound to the membrane
could be used for shape control. With the encapsulation of filamentous structural pro-
teins such as actin and septin, we are one step closer to the reconstitution of such a
cortex. Yet another important aspect is the ability to mechanically link these cytoskeletal
proteins to the membrane. Using eDICE, we explored the potential of various membrane
anchoring systems.

In current research endeavours to build minimal actin cortices, actin filaments are
typically anchored to the membrane either via biotin-streptavidin binding[113, 177, 237],
or by membrane localization of the actin nucleating factors VCA and Arp2/3[108, 153].
We show that eDICE is capable of reconstitution of both systems. By including 2.5%
(mol/mol) biotinylated lipids in the membrane, encapsulated streptavidin clearly local-
ized at the membrane (fig. 4.11b, e). As a next step in the formation of an artificial cortex,
we co-encapsulated filamentous actin with 1% (mol/mol) biotinylated actin monomers.
These filaments were encapsulated successfully and localized at the streptavidin-deco-
rated membrane (fig. 4.11, c, e). Even though biotin-avidin linking is not the most phys-
iologically relevant mechanism to study (see chapter 2), an important advantage of this
system is that anchoring can easily be controlled by varying linker density[177].

A more physiological approach to the assembly of an actin cortex inside GUVs is by
use of the actin nucleator Arp2/3, that is able to form branched actin networks at the cell
membrane[371]. In this approach, actin nucleation is typically restricted to the mem-
brane by addition of the His-tagged VCA domain of the Wiskott-Aldrich Syndrome pro-
tein (N-WASP) and incorporation of DGS-NTA(Ni) lipids in the membrane[108]. VCA
binds to the nickelated lipids in the membrane, recruits Arp2/3, which in turn gives
rise to the formation of a membrane-bound cortex. Using eDICE, we were able to en-
capsulate all the required components and to produce GUVs with a clear membrane-
nucleated actin cortex (fig. 4.11d, e). Non-spherical GUVs with an a nucleated cortex
showed no visible membrane fluctuations, suggesting enhanced stiffness imposed by
the cortical actin.

Figure 4.11 (preceding page) : Building an actin cortex with eDICE. eDICE is compatible with the classical
strategies to create minimal actin cortices. All images are epifluorescence images. (a) Schematic representa-
tion of two cortex formation methods: biotin-streptavidin mediated membrane binding of pre-formed actin
filaments (left) and nucleation of a branched actin cortex with Arp2/3 and membrane-bound His-VCA (right).
(b) DOPC GUVs (cyan) doped with 2.5% (mol/mol) biotin-PE encapsulating 88 nM streptavidin-AlexaFluor488
(green) in F-buffer. Streptavidin signal localizes at the membrane. Scale bar is 5 &m. (c) DOPC GUVs (cyan)
doped with 2.5% (mol/mol) biotin-PE encapsulating 88 nM streptavidin and 4.4¹ M F-actin (yellow) in F-buffer.
Actin filaments contained 1% biotinylated monomers and 10% AlexaFluor488-labelled monomers which re-
sulted in membrane colocalization. Scale bar is 10 &m. (d) Epifluorescence images of actin (yellow) encap-
sulated at a nominal concentration of 8¹ M with Arp2/3 and His-tagged VCA in DOPC GUVs containing 2.5%
(mol/mol) nickelated lipids. Actin signal is clearly enhanced at the membrane, indicating successful nucle-
ation of filaments on the membrane. Deformed vesicles with a cortex were stiff, showing no observable mem-
brane fluctuations. Scale bar is 20 &m. (e) Line intensity profiles for the GUVs annotated in panel a, b and c.
Panels from top to bottom: streptavidin only, streptavidin and biotinylated F-actin, VCA/Arp2/3 nucleated-
actin. The x-axis represents the relative distance to the GUV centre normalized to unity, the y-axis signifies the
signal normalized to unity. Membrane signal is shown in grey, streptavidin in green, and actin in yellow. The
membrane positions are indicated with black arrowheads. Note that aqueous dyes that do not localize, when
encapsulated in a spherical compartment, would show a spherical cap-like intensity profile when imaged in
epifluorescence mode.
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Figure 4.12: Building septin cortices with eDICE. eDICE can be employed to create GUVs with membrane-
bound encapsulated septin. All images are epifluorescence images. (a) 300 nM septin hexamers (magenta)
encapsulated in DOPC GUVs containing 20% DOPS. In the presence of DOPS lipids, septin signal localizes at
the GUV membrane (indicated with arrows). Scale bar is 20 &m. (b) 300 nM septin hexamers (magenta) encap-
sulated in DOPC GUVs containing 40 % DOPS. Septin localization appeared to be stronger as compared to 20%
DOPS, but the production yield was lower. Scale bar is 20 &m. (c) 300 nM septin hexamers (magenta) encapsu-
lated in DOPC GUVs containing 3% PIP2. Septin recruitment to the vesicle membrane shows that PIP2 lipids
are successfully incorporated in the GUV membrane. (d) Line intensity profiles for the GUVs annotated with
white horizontal bars in panel a, b and c. Panels from top to bottom: 20% DOPS, 40% DOPS, and 3% PI(4,5)P2.
The x-axis represents the relative distance to the GUV centre normalized to unity, the y-axis signifies the signal
normalized to unity. Membrane signal is shown in grey, septin in magenta. The membrane positions are indi-
cated with black arrowheads. Note that aqueous dyes homogeneously distributed in a spherical compartment
would show a spherical cap-like intensity profile when imaged in epifluorescence mode.

Next, we explored if charged lipids could be incorporated in the membrane using
eDICE, and if we could use electrostatic interactions to anchor proteins. As septin is able
to bind DOPS lipids [255], we encapsulated septin hexamers in DOPC vesicles doped
with 20% DOPS and 40% DOPS (mol/mol). Addition of DOPS lipids indeed shifted septin
localisation to the membrane (fig. 4.12a, b, d) as compared to its presence in the lumen
in absence of DOPS (see fig. 4.10c). In addition, we tested if PIP2 could be success-
fully incorporated in the membrane. PIP2 is a signalling lipid involved in many intra-
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cellular interactions, among which spatially defining the division mid-plane[265, 372,
373]. However, it is challenging to incorporate in membranes because of its high wa-
ter solubility[374]. Addition of 3% (mol/mol) PI(4,5)P2 resulted in recruitment of septin
to the membrane, suggesting that eDICE can be employed to incorporate PIP2 lipids in
GUV membranes (fig. 4.12c, d) which is in line with results by Kelley et al.[375]. Possibly,
the lipid dispersion strategy plays a role in the incorporation of PIP2. Since lipids are dis-
persed as aggregates, their recruitment to the interface is governed by the adsorption of
the aggregate rather than the solubility of the individual lipids[304]. This might improve
the incorporation of PIP2 in lipid monolayers. However, spontaneous desorption after
bilayer formation still presents a problem [376].

Altogether, the combination of fast encapsulation, high vesicle yields, versatility of
the method and robustness of the protocol, while being fairly easy to execute, make
eDICE a powerful method in the realm of GUV reconstitution experiments.

ACTIN CHANGES LIPID ADSORPTION DYNAMICS

While eventually we developed robust protocols capable of protein encapsulation in
GUVs, we were surprised by the sensitivity of many emulsion-based GUV formation
techniques towards changing the content of the aqueous solutions. For example, vesi-
cle production by the inverse emulsion method was strongly impeded when we added
actin to the IAS, or when we encapsulated F-buffer instead of G-buffer. Likewise, in the
process of developing a robust cDICE protocol, we noticed that vesicle production was
sensitive to the presence of actin, ions and Tris-HCl in the aqueous solutions.

To acquire a better understanding of the effect of solutes on vesicle formation, we
set up a pendant drop tensiometry experiment that allowed us to study lipid adsorp-
tion to water-oil interfaces. With this experiment, we could isolate the lipid monolayer
formation step from the more complex process of GUV assembly. The formation of lipid
monolayers is crucial to all emulsion-based GUV formation methods, for the assembly of
both the inner and outer leaflet of the lipid bilayer. Studying this process in a controlled
environment can help us to develop a more general understanding of emulsion-based
GUV formation.

In the classical pendant drop experiment, a water droplet is dispensed from a needle
positioned upside down, leaving the droplet hanging in air from the tip of the needle,
thus creating a pendant droplet[297]. As the droplet hangs, the shape of the droplet is
governed by an interplay between gravitational forces pulling the droplet down, deform-
ing it into a pear-like shape, and surface tension forcing the droplet in spherical shape.
A camera is placed perpendicular to the hanging drop to record the silhouette of the
droplet. Using contour detection followed by fitting with the Young-Laplace equation,
the surface tension is derived. In our experiments, we created a droplet of IAS, and we
substituted the air by a cuvette filled with LOS. In this way, we measure not the surface
tension of the droplet, but instead the interfacial tension of the water-oil interface. Over
time, lipids from the LOS adsorb, which decreases the interfacial tension, in turn leading
to an increasing pear-like shape of the droplet (see fig. 4.13a and fig. 4.13c).

In chapter 3, we have shown how the oil composition and preparation of the lipid-in-
oil solution have a drastic effect on lipid adsorption kinetics. Here, we discuss how the
composition of the aqueous solutions and the lipid composition affects lipid adsorption
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Figure 4.13: Interfacial adsorption of lipids in absence and presence of actin. (a) Schematic overview of
the pendant drop experiment. A droplet of IAS is dispersed in LOS. Over time, lipids from the LOS adsorb
to the water-oil interface. (b) Evolution of interfacial tension of a water-oil interface formed between an IAS
composed of G-buffer and optiprep (18.5% v/v) in absence and presence of 4.4¹ M actin, and a chlorofom-
based LOS with and without 0.2 mg/mL DOPC. Without actin, but with 0.2mg /mL DOPC only (red line, n=21),
with 4¹ M G-actin only and without DOPC (cyan line, n=6), with both DOPC and G-actin (green line, n=19),
and without lipids or actin (blue line, n=2). Each curve represents the average over n measurements with the
shaded region being the standard deviation. (c) Photograph of the tensiometry experiment. A syringe with
needle containing IAS is mounted vertically with the needle pointing downwards. The needle is inserted in a
cuvette containing LOS. The cuvette is closed on top using parafilm. In the final experiment, a magnetic stirrer
is placed underneath the cuvette. The droplet is illuminated from the viewer’s side, and a camera is positioned
behind the droplet to capture the silhouette. (d) Interfacial tension evolution with and without actin using
different lipid compositions. Each curve represents the average over n measurements with the shaded region
being the standard deviation. Only DOPC against IAS without (red line, n=21) and with (orange line, n=19)
actin, DOPC with 20% DOPS against IAS without (dark green line, n=2) and with (light green line, n=3) actin,
and finally DOPC with 5% PEG 2000 DOPE measured against IAS without (dark blue line, n=3) and with 0.4¹ M
actin (light blue line, n=3).

behaviour. In fig. 4.13b, we show the average adsorption curve for DOPC lipids dispersed
with chloroform in a 1:4 mineral oil:silicone oil (v/v) at a total lipid concentration of 0.2
mg/mL against an IAS composed of G-buffer and an additional 18.5% optiprep (red line),
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thus mimicking solutions typically used in cDICE and eDICE experiments. Remarkably,
when 4.4¹ M of actin was added to the IAS, the interfacial tension decreased substan-
tially faster (green line). In addition, many droplets fell from the needle before the end
of the experiment (indicated with dashed lines). Interestingly, this effect was similar for
monomeric G-actin (in G-buffer) and filamentous F-actin (in F-buffer) (see fig. 4.17a).
None of the solutes had an effect as drastic as actin (see fig. 4.17b). We then asked our-
selves if actin by itself is surface-active, thereby speeding up interfacial stabilization. To
answer this, we measured the interfacial tension development of IAS containing actin
against an LOS that did not contain any lipids (cyan line). In this case, it turned out
that actin only minimally affected interfacial tension compared to an experiment where
actin nor lipids were included (blue). Furthermore, stabilization by actin alone occurred
much slower than by actin combined with DOPC. These results together implicate that
the rapid interfacial tension decrease in a system containing both actin and DOPC can-
not be explained by the mere sum of the two components.

Given that the presence of actin in the IAS has such a strong effect on interfacial
adsorption of lipids, this could affect the formation of lipid monolayers and bilayers in
GUV formation experiments. To counteract this undesired effect, we investigated if actin
could be repelled from the interface by electrostatic or by steric repulsion. Since actin
is slightly negatively charged in solution, we added 20% (mol/mol) negatively charged
DOPS lipids to the lipid mixture while keeping the total concentration of lipids constant.
We measured the interfacial tension development with DOPS both with and without
actin (fig. 4.13d, dark green and light green line, respectively). Compared to adsorption
kinetics in absence of DOPS (fig. 4.13d, red and orange line), we did not see a substan-
tial repulsion effect: both lipid compositions showed a similar increase in adsorption
kinetics upon addition of actin. Also steric repulsion of actin by addition of 5% PEG-
ylated lipids did not prevent actin from speeding up interfacial adsorption (fig. 4.13d,
dark blue and light blue line); if anything, interfacial tension decreased even faster in
presence of PEG-ylated lipids when actin was added, as compared to a sample without
PEG-ylated lipids. Both strategies did thus not prove to be successful in preventing actin
from changing lipid adsorption dynamics.

4.3. DISCUSSION
The number of GUV formation methods in the literature is large and still increasing. In
addition, for each formation methods, the available experimental protocols keep diverg-
ing. We tested a selection of GUV formation techniques for their applicability to build a
synthetic cell with an actin cortex, requiring encapsulation of proteins and physiologi-
cal buffers while producing membranes of diverse lipid compositions. Swelling methods
were easiest to set up, requiring only simple experimental equipment and minimal train-
ing of the experimentalist. In general, the total amount of lipids required to perform
swelling assays ( 10 &g for gel-assisted swelling) is much smaller than what is needed
for emulsion methods ( 2 mg for eDICE), which is of special importance when work-
ing with precious substances. In addition, we experienced that GUV samples produced
with swelling methods generally showed a smaller day-to-day variability than GUVs pro-
duced with emulsion-based techniques. The influence of environmental conditions on
cDICE vesicle production was already discussed in chapter 3. In table 4.1, we summarize
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our experience with the four swelling-based methods that we tested: electroformation
(EF) [74], gel swelling (GSW) [76, 285], spontaneous swelling (SSW) and paper swelling
(PSW) [353].

Electroformation Gel swelling Spontaneous
swelling

Paper swelling

Publications >500 >100 >100 less than 5

Recommended
literature

[339, 340, 377,
378]

[76, 364, 379] [355, 380] [351, 353]

Difficulty mediocre easy easy easy

Implementation 2 months 2 weeks 1 week 2 weeks

Training1 2 months 1 month 2 weeks 2 weeks

Protocol opti-
mization

for each condi-
tion

once once once

Production yield
(est. no. GUVs)

>1000 >1000 >100 <100

Formation time 2-20 hours 1 hour overnight 1 hour

Size (est.) 5-100 &m 5-100 &m up to 20 &m up to 20 &m

Lamellarity (est.)2 all unilamellar mostly unilamel-
lar

polydisperse not reported

Membrane clean-
liness

clean[365], oxida-
tion possible[283,
381]

possibly polymer
residues3[350,
365]

probably clean probably clean

Physiological
buffers

requires opti-
mization

yes N.A. N.A.

Charged mem-
branes

requires opti-
mization

yes yes N.A.

E. coli mem-
branes

no yes yes probably

Archaeal mem-
branes

no yes probably probably

Table 4.1: Comparison of swelling methods. Summary of our experiences with swelling-based GUV formation
methods.

1 Time until a new user produces results at the state-of-the-art level.
2 Estimated based on membrane fluorescence.
3 Note that we measured similar stretch moduli for GUVs produced by GSW and EF, see chapter 6.

While these methods are typically being evaluated based on the characteristics of the
vesicles they produce, we found their user-friendliness and accessibility an equally im-
portant criterium for guiding new users which method to use. In fact, we found big dif-
ferences between methods to lie in their robustness towards changing experimental con-
ditions, including buffer composition, buffer ionic strength, and membrane lipid com-
position. With GSW, it was particularly easy to vary both membrane composition, in-
cluding charged lipids, and the ionic strength of the buffer. Versatility of GSW with mini-
mal adjustments of formation parameters is also demonstrated in literature [61, 76, 109].
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On the contrary, in EF, changing the fraction of charged lipids or the ionic strength of the
buffer always required additional tweaking of the formation protocol. While there is a
body of literature showing that electroformation of GUVs can be performed in a wide
range of conditions[340, 354, 355], it was generally difficult to translate published pro-
tocols to our experimental systems. This was mainly caused by divergence of protocols:
lipid deposition methods and electrical field parameters[340] (reviewed in ref. [355])
vary widely across publications. A time-intensive protocol optimization was therefore
necessary whenever we tried to produce GUVs with a different lipid composition or in a
different buffer. SSW and PSW were in this project not tested for a wider range of mem-
brane and buffer compositions, but we expect them to be robust since both methods are
based on non-specific osmotic effects.

Other considerations when selecting a GUV formation method are GUV size, sample
polydispersity, membrane cleanliness and membrane lamellarity (see table 4.1). Lamel-
larity was only qualitatively assessed in our study based on membrane fluorescence,
but was also shown quantitatively in ref. [382] to depend on formation method. In
agreement with ref. [382], we noted that SSW vesicles showed most variation. A gen-
eral concern with GUV formation is membrane cleanliness. For GSW, it is known that
residual polymers from the swelling gel can end up in GUVs or their membranes [350]
and that this can lead to altered membrane properties such as fluidity, permeability and
mechanics [365, 383]. Note that polymer contamination of the membrane depends on
the polymer physicochemical properties [76, 350] as well as on the degree and nature
of crosslinking [286]. PVA-based swelling was found to lead to cleaner membranes as
compared to agarose swelling [76, 350]. While Dao et al. reported the stretch modu-
lus of PVA swollen GUVs to be lower than for electroformed vesicles [365], we found the
bending rigidity of vesicles produced with both techniques to be similar (see chapter 6).
From this we learn that it is important to assess the extent of membrane contamination
for the specific GSW protocol that is used for GUV formation, but also that membrane
contamination does not necessarily affect the membrane property of interest. Novel gel-
assisted swelling techniques involving cross-linked hydrogels [286] or using other poly-
mers [382] provide promising routes to make clean membranes with a robust method.
Other swelling methods on porous solid substrates, next to tracing paper[353], involv-
ing for example textile [351], are interesting candidates for the future. However, these
techniques are young, meaning that the formation parameter space is still relatively
undiscovered, and their potential and accessibility have yet to be proven. SSW provides
the cleanest membranes, the properties of which have been compared to other swelling
techniques (reviewed in [355]) as well as to emulsion-based GUV formation [384]. While
electroformed membranes are typically also considered clean membranes, one should
be careful to avoid lipid oxidation [283, 381].

A crucial limitation of all swelling techniques is that there is minimal control over
the encapsulation of content. While swelling approaches have been used in the past
to encapsulate proteins[109, 311, 385] and other macromolecules[386, 387], this comes
with significant disadvantages. First, vesicles show wide distributions of encapsulation
efficiency[386, 387]. Especially for reconstitution with multiple components, encapsu-
lation has to be done in the correct stoichiometric ratios. Second, the inner solution
is identical to the outer solution, meaning that any protein or other molecule interact-
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ing with the membrane inner leaflet, also interacts from the outside. To get rid of non-
encapsulated material, vesicles can be washed during formation [388] or afterwards in
a microfluidic channel [389, 390], but in both cases this presents an extra experimental
challenge. Bound molecules could be removed with proteolytic enzymes, or might not
be possible to remove at all.

Emulsion-based techniques are more suitable for encapsulation. An inner aqueous
solution with the components of interest can be prepared separately from the outer so-
lution. To accommodate the increasing interest in GUVs and encapsulation, the number
of different emulsion-based GUV formation techniques has exploded, ranging from bulk
to microfluidic methods [16]. While many of these techniques have been demonstrated
to be capable of encapsulation of cargo, they are substantially different. Dependent on
the application in mind, the right technique should be chosen carefully. Here, we sum-
marize our findings on a number of emulsion-based GUV formation techniques in the
light of reconstitution of cytoskeletal networks, in particular actin (see table 4.2). We
compared Inverse Emulsion (IE) [75], OLA microfluidics[77], cDICE [3] and a modified
version of cDICE that we invented, called eDICE.

Encapsulation of actin was not trivial with any of the methods. Robust and repro-
ducible production of GUVs encapsulating monomeric actin was only achieved with
cDICE and eDICE. While we have established a robust IE protocol for successful forma-
tion of GUVs in sugar solutions and G-buffer (no actin), vesicle yields dropped tremen-
dously when we tried to encapsulate G-actin in G-buffer with the same protocol. Note
that G-actin has been encapsulated by other groups using IE [108, 391]. With OLA we
did manage to encapsulate G-actin with minimal modifications with respect to the orig-
inal protocol [77]. However, success rates of OLA experiments were in our hands so low,
that it was not feasible to continue down this line. In addition, OLA microfluidics is a
time intensive experiment because of the time involved in chip fabrication, pretreat-
ment and handling. This makes troubleshooting also time-intensive. Next to OLA, also
cDICE proved to be well capable of encapsulating G-actin as reported by several other
groups [110–113, 178, 294, 359, 375], albeit with a significant troubleshooting effort as
reported in chapter 3. During the process of method optimization, we often noticed that
GUV yields were substantially lower in presence of actin as compared to similar condi-
tions without actin. We found the preparation of the lipid-in-oil phase, and in partic-
ular the low-humidity environment and the organic solvent used for lipid dispersion,
to be the crucial determinants for successful GUV formation and actin encapsulation.
Compared to OLA, cDICE is faster and simpler, meaning that once the method is estab-
lished, multiple cDICE experiments can be prepared, executed, and imaged on a single
day. Nonetheless, even with cDICE, encapsulation of filamentous proteins was cumber-
some. Addition of prepolymerized and phalloidin-stabilized actin filaments to the IAS
often resulted in clogging of the injection capillary and leakage of the IAS from the sup-
ply tube. Moreover, we noticed that the time between preparation of the IAS and GUV
formation was often too long, resulting in premature polymerization of filaments. These
issues were both solved with the eDICE method that we invented. By quickly emulsi-
fying the IAS in LOD and directly adding it to the spinning chambers, GUVs could be
formed within minutes without the use of a capillary. Besides actin filaments, we also
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encapsulated septins, which appeared to form bundles inside GUVs.
It is interesting to note that the eDICE method, which in our hands turned out to be

by far the most successful for cytoskeletal encapsulation, is in fact very similar to IE. In
both methods, droplets of the IAS are dispersed in LOD by pipetting to produce a bulk
w/o emulsion. Crucial differences may lie in the composition and preparation of the
lipid-oil dispersion, as well as in the geometry of the system. The LOD was optimized
for cDICE based on lipid adsorption behaviour (see chapter 3) and finally constituted a
metastable complex mix of dispersed lipid aggregates[304]. We have not tested this LOD
in the inverse emulsion protocol. Furthermore, the larger OAS-LOD interface provided
by the spinning disk geometry allows many IAS droplets to traverse through the interface
simultaneously without colliding.

Since we found actin to interfere with GUV formation both in IE and while optimiz-
ing cDICE, we set out to test if actin interfered with lipid monolayer formation. Pro-
teins are known to be surface active compounds[392], a property widely exploited in
food physics for the formation of foams and emulsions [393]. Their surface activity is
dependent on their thermodynamic stability, flexibility, amphipathicity, molecular size
and charge [394]. Moreover, many proteins show strong lateral interactions at the in-
terface and unfold irreversibly upon adsorption [395]. To test if also actin is surface ac-
tive, we monitored its adsorption to the IAS-LOD interface by pendant drop tensiometry.
Actin on itself, in absence of lipids, was found to be only mildly surface-active, adsorb-
ing much slower than lipids. However, when both actin and lipids were present, adsorp-
tion rates were drastically, also compared to lipids alone (fig. 4.13). We observed this
behaviour both with F-actin in F-buffer, and G-actin in G-buffer (fig. 4.17a) which has
previously been found to be less surface-active than F-actin [396].

The radical change in adsorption dynamics, which only occurs when both actin and
lipids are present, points to a synergistic effect. Previous studies have indeed demon-
strated interactions of actin with lipids. First, we have shown that electrostatic interac-
tions can cause either F-actin adhesion or repulsion to a bilayer membrane depending
on the lipid and buffer composition [258]. Moreover, in experiments with pre-formed
lipid monolayers, actin was found to intercalate between phospholipids, an effect me-
diated by electrostatic interactions [397, 398]. Nonetheless, in our pendant drop assays,
the adsorption behaviour did not qualitatively change upon addition of 20% of nega-
tively charged DOPS lipids (fig. 4.13). As an alternative to electrostatic repulsion, we
tested if actin could be repelled from the interface by inclusion of 5% PEG 2000 DOPE
lipids, which has previously been shown to sterically hinder protein adsorption to lipid
monolayers [399]. However, also steric repulsion did not lead to a change in adsorption.
How can our adsorption results be different from previously published reports? A major
difference is that in our study, we look at the effect of actin adsorption during instead of
after lipid monolayer formation. Therefore actin does not only interact with lipid head
groups, but also with lipid tails and the water-oil interface, thereby potentially disturb-
ing the formation of monolayers. In addition, the lipid-oil dispersions used for cDICE,
eDICE and tensiometry measurements were highly unstable (see chapter 3), making it
complicated to disentangle effects of actin adsorption from LOD instability. To acquire
a better understanding of the synergistic adsorption effect, future studies should test
if the effect is specific for actin or generic for proteins. In addition, effects of protein
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polymerization should be mapped. Actin accumulation at the interface could induce
polymerization[400], which in turn can affect interfacial properties[398].

Even after optimization of the cDICE technique for actin encapsulation, the pro-
duced GUVs still showed a variation in encapsulated content for reasons we do not
understand. While encapsulation efficiency has been characterized for swelling meth-
ods [386, 387], the physicochemical parameters influencing encapsulation in emulsion-
based methods have not been established yet. In chapter 3, we demonstrated that vari-
ability in encapsulation could be reduced by a judicious choice of the lipid dispersion
method in the LOD (using decane instead of chloroform) and by inclusion of a small
fraction of PEG-ylated lipids. While addition of PEG-ylated lipids did not qualitatively
change the combined lipid adsorption behaviour in presence of actin as measured by
tensiometry (see above), it effectively narrowed down the distribution of encapsulated
fluorescence (chapter 3). In addition, when actin was encapsulated, yields of GUVs pro-
duced with eDICE increased tremendously upon a small fraction of PEG-ylated lipids.
This indicates a non-trivial relationship between lipid adsorption and encapsulation ef-
ficiency or may imply that monolayer formation is not the crucial step in preservation
of encapsulated content. A possible source of variation could be the temporal open-
ing of membrane pores during either the formation of GUVs or their travel through the
OAS, which would lead to content transfer across the bilayer. Another source could be
shear-induced splitting of GUVs after formation. When content is not homogeneously
distributed throughout the GUV lumen, splitting would result in vesicles encapsulating
different concentrations of solute as suggested by Stano et al. [401]. To test these ideas,
it would be instructive to visualize droplets as they transfer from the oil phase to the
OAS and to map the effect of shear forces, lipid composition and solute physicochemi-
cal properties on encapsulation.

We found an additional important selection criterium for emulsion-based GUV for-
mation methods their day-to-day variability in produced samples. Especially with IE,
we noticed that produced samples varied widely in terms of yield and presence of fluo-
rescent structures (fig. 4.8). We experienced a similar day-to-day variability with cDICE
before protocol optimization (see chapter 3). The extent to which conditions such as
humidity and preparation of the lipid oil solution play a general role in emulsion-based
vesicle formation has yet to be investigated. Thorough characterization of GUV forma-
tion methods and mapping their input parameters has gained attention only recently
[175, 328, 340] and will be crucial to achieve reproducible GUV formation in future.

Altogether, we think that the most crucial aspects in the choice of emulsion-based
GUV formation methods are their encapsulation potential, experimental difficulty and
reproducibility. OLA microfluidics offer great potential for homogeneous encapsulation,
but microfluidic techniques are in general demanding in terms of equipment, training,
and time and have thus minimally been reproduced by other labs. The inverse emulsion
method is easy to implement and conduct, but was in our hands not capable of robust
actin encapsulation and showed a high day-to-day variability. cDICE provides a useful
compromise, being able to encapsulate G-actin while being fairly simple. Compared to
cDICE, eDICE is easier to execute, extends the encapsulation potential to filamentous
proteins and time-sensitive systems, and reduced the amount of inner aqueous solu-
tion required. This makes eDICE an excellent candidate for cytoskeletal reconstitution.
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Inverse emulsion OLA microflu-
idics

cDICE eDICE

Publications >50 <10 10-20 0

Recommended
literature

[328] [356, 357, 402] [16, 175, 293] This work

Difficulty easy difficult mediocre easy

Implementation 2 weeks 3 months 2 months 2 months

Training1 <1 month 3-8 months 1-2 months 1 month

Success rate intermediate low high high

Production yield
(est. no. GUVs)

>100 >1000 >1000 >1000

Size (est.) 5-30 &m 5-30 &m 5-30 &m 5-30 &m

Size control no yes no2 no

Lamellarity3 mostly unilamel-
lar

unilamellar mostly unilamel-
lar

mostly unilamel-
lar

Day-to-day vari-
ability

high low low after
modifications[175]

low after modifi-
cations

Physiological
buffers

problematic yes yes yes

Encapsulation
of monomeric
proteins

problematic yes yes yes

Encapsulation of
filamentous pro-
teins

problematic likely problematic no yes

Table 4.2: Comparison of emulsion methods. Overview of our experiences with emulsion-based GUV forma-
tion methods.

1 Time until a new user produces results at the state-of-the-art level.
2 Unless small capillaries are used [3], the choice of which depends on what needs to be encapsulated.
3 Estimated based on membrane fluorescence.



4.4. CONCLUSION

4

81

When size control and constant encapsulation efficiency are crucial, and time and bud-
get is available, microfluidics might be considered.

We note that many GUV formation experiments in this chapter, both swelling and
emulsion-based, have been performed at high sugar concentration. Presence of sugars
can boost GUV formation by stabilizing membranes (fig. 4.6) and is required for inverse
emulsion to establish a density gradient. However, high sugar concentrations can affect
the biochemical properties of encapsulates. For example, we noticed that sugars and
also optiprep influenced actin polymerization (data not shown). While Moga et al. [328]
already showed for the inverse emulsion method that sugar can be replaced by polymers
to create density differences, similar studies have yet to be conducted for other produc-
tion methods to identify viable substitutes.

4.4. CONCLUSION
The number of different GUV formation techniques is large and still increasing, with
tens of new protocols being published each year. The growing set of techniques allows
for more and more versatility in GUV research, but it is becoming increasingly complex
for researchers to identify which method suits their needs best. Several literature reviews
have been written to guide researchers in choosing their methods [16, 355, 378]. Here,
we presented an experimental review on a set of formation techniques based on our
own experiences. This has the advantage that we evaluate methods not only on their
theoretical potential, but also on pragmatism of their implementation and use.

We have evaluated a set of GUV formation techniques in the light of building a syn-
thetic cell with an actin cortex. With GUV formation, it is important to note that there
is not a one-size-fits-all method. Instead, the preferred method will strongly depend on
the application of the study, required properties of the GUVs and content of the aqueous
solution. As such, design parameters like lipid composition, membrane charge, buffer
ionic strength, membrane cleanliness, encapsulation of solutes, and size monodisper-
sity are crucial in choosing a formation method. While a production technique might
on paper be compatible with these criteria, other, more pragmatic considerations are
equally important. How much time will it take to implement the method? How much
training does it take for someone to become sufficiently skilled with the method? Can
one easily vary experimental conditions, for example membrane composition or buffer
ionic strength, without having to go through a time-intensive protocol optimization each
time?

We have compared four swelling-based techniques to produce GUVs with a wide
range of membrane compositions and in different buffers. Gel-assisted swelling turned
out to be the generally preferred method, as it requires only simple equipment, is easy to
execute, and most importantly, allows for changing membrane composition, including
charged lipid and complex lipid extracts from cells, and varying buffer ionic strength,
without the need to modify the protocol. When membrane cleanliness is a must, elec-
troformation and spontaneous swelling can be useful alternatives. However, electrofor-
mation requires time-intensive protocol optimization dependent on membrane charge
and buffer ionic strength. Spontaneous swelling produces small (<20 &m diameter) lipo-
somes that are polydisperse, showing many multilamellar and multivesicular vesicles.
Swelling on solid porous substrates such as tracing paper might be a useful alternative
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in the future to produce clean membranes in a facile manner, but is still a novel tech-
nique that needs to be re-established across labs.

In addition, we tested four emulsion-based GUV production methods for their abil-
ity to encapsulate a range of cytoskeletal proteins. Of those methods, we found cDICE
to be well-capable of encapsulating monomeric actin while being fairly simple to ex-
ecute. However, encapsulation of filamentous proteins remained difficult with cDICE.
By modifying the original cDICE protocol, we managed to circumvent the use of a cap-
illary for injection of the inner aqueous solution, which enabled us to encapsulate the
filamentous proteins septin and actin. This new technique, which we called eDICE,
is not only easier to use than cDICE, but also allows GUV formation to happen within
minutes of preparation of the inner solution. Compared to eDICE and cDICE, produc-
ing GUVs by OLA microfluidics was significantly more demanding in terms of time and
skills. While we demonstrated encapsulation of filamentous actin with OLA, we dis-
continued this method given a general low success rate in these experiments due to
challenges in chip fabrication, pretreatment and operation. Lastly, we tested inverse
emulsion experiments. This was the easiest method to implement and execute, but was
prone to a high variability between experiments and was not suitable for encapsulation
of actin, nor actin F-buffer.

Throughout this study, we found that emulsion-based GUV formation was sensitive
to the composition of the aqueous solutions, in particular to the presence of actin. By
using pendant drop tensiometry, we found that actin drastically changes the adsorption
behaviour of lipids during their recruitment to the water-oil interface. This possibly im-
plies that actin interferes with GUV formation by impacting the formation of the inner
lipid monolayer. Future studies should point out if this effect is protein-specific and how
it can be prevented.

GUV formation is an inevitable first step in any attempt to build an artificial cell, re-
quiring one central technique that is compatible with encapsulation and functionality
of all interconnected modules, which are nowadays usually developed independently.
We identified two major hurdles that limit the field from converging to a single forma-
tion technique. First, our limited understanding of the physical mechanisms governing
lipid monolayer and bilayer formation hinders reconstitution studies. Reliable encapsu-
lation of solutes is currently challenging and time-consuming. For example, we found
that the presence of actin influences lipid adsorption, showing us that the desired con-
tent of the GUV can effect the vesicle formation process itself. Future research should
map the influence of solutes on bilayer formation, such that design parameters in GUV
formation can be tweaked accordingly. Second, the field currently lacks characteriza-
tion of methods and comparison between them. As such, it is difficult to assess a priori
which of the large number of methods suits one’s application best. To overcome this,
transparency about formation methods should be improved. This starts with reporting
properties of produced GUV samples on the population level, but extends to more prac-
tical aspects such as experiment success rate, difficulty and day-to-day variability. Note
that we provide a software for accessible population-level quantitative characterization
of GUV populations in chapter 5. Overcoming these two hurdles would greatly help re-
searchers to efficiently select the best-fitting GUV production method for their research
goal, thereby minimizing time-intensive troubleshooting and shifting the research focus
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from GUV formation to their wide range of applications.

4.5. MATERIALS AND METHODS

4.5.1. CHEMICALS
Lipids. All of the following non-fluorescent lipids were obtained from Avanti: 1-palmitoyl-2-oleoyl-
sn-glycero-3-phosphocholine (POPC), 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC), 1,2-
dioleoyl-sn-glycero-3-phospho-L-serine (DOPS), 1,2-dimyristoyl-sn-glycero-3-phosphocholine
(DMPC), L-®-phosphatidylcholine (Egg, Chicken) (Egg PC), L-a-phosphatidylinositol-4,5-bisphos-
phate (Brain, Porcine) (PI(4,5)P2), 1,2-distearoyl-sn-glycero-3-phosphoethanolamine-N-[methoxy-
-(polyethylene glycol)-2000] (PEG2000-DOPE), 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-
N-(cap biotinyl), 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(cap biotinyl) (biotin-DOPE)
and 1,2-dioleoyl-sn-glycero-3-[(N-(5-amino-1-carboxypentyl)iminodiacetic acid)succinyl] (DGS-
NTA(Ni)). Also fluorescent lipids DOPE-Cy5 and Rhodamine-DOPE were obtained from Avanti.
Atto655-DOPE was obtained from ATTO-TEC GmbH, Germany. The Escherichia coli polar lipid
extract was obtained from E. coli grown at 37 °C, and purchased from Avanti lipids. The Archaeal
lipid extract from Pyrococcus furiosuswas kindly given to us by the Arnold Driessen lab [403].
General chemicals and proteins. We obtained from Sigma-Aldrich all the following chemicals and
proteins: sucrose, D-(+)-glucose, Tris(hydroxymethyl)aminomethane hydrochloride (Tris-HCl),
imidazole, 8-Hydroxypyrene-1,3,6-trisulfonic acid trisodium salt (HPTS), chloroform (100-200 ppm
amylenes as stabilizer, >99.5%), sodium chloride (KCl), calcium chloride (CaCl2), magnesium chlo-
ride (MgCl2), protocatechuic acid (PCA), protocatechuate dioxygenase (PCD), 6-hydroxy-2,5,7,8-
tetramethylchromane-2-carboxylic acid (Trolox), dithiothreitol (DTT) and b-casein.
Method-specific chemicals. For inverse emulsion experiments, we used heavy mineral oil from
Sigma Aldrich (product no. 330760). For cDICE and eDICE experiments, silicone oil (5 cSt), min-
eral oil (BioReagent) and chloroform (Uvasol) for preparation of the lipid-oil dispersion were ob-
tained from Sigma-Aldrich, while n-decane (99+% pure) was purchased from Acros Organics. For
OLA experiments, 1-octanol, glycerol and poloxamer 188 (P188) were obtained from Sigma-Aldrich.
Polydimethylsiloxane (PDMS) for OLA chip fabrication was obtained from Dow Corning (Sylgard
184 silicone elastomer kit). We used two types of polyvinyl-alcohol (PVA) in this project: for sur-
face treatment of OLA chips, we used a lower molecular weight of a lower hydrolysis rate (30-70
kDa MW, 87-90% hydrolyzed) obtained from Sigma-Aldrich, while for making gels for gel-assisted
swelling, we used a higher molecular weight PVA (145 kDA, 98% hydrolysed, VWR, the Nether-
lands).

4.5.2. MICROSCOPY
All images shown in this chapter were taken using a Nikon Eclipse Ti microscope equipped with a
spinning disk confocal module (X-Light, Crest), an LED light source for monochromatic illumina-
tion (wavelengths 395/25, 440/20, 470/24, 510/25, 550/15, 575/25, 640/30, Spectra X, Lumencor)
and a digital camera (Orca-Flash 4.0, Hamamatsu). Microfluidic vesicle formation experiments
were imaged with a 10x air objective (Plan Fluor, NA 0.3, Nikon), images of GUVs growing in situ
during electroformation or gel-assisted swelling were taken with a 60x water immersion objective
(CFI Plan Apochromat VS, NA 1.0, Nikon), and all other images were taken with a 100x oil immer-
sion objective (CFI Plan Apochromat VC, NA 1.40, Nikon). Images of Arp2/3-nucleated cortices
(fig. 4.11d) were acquired with a 63x glycerol immersion objective on a scanning confocal micro-
scope (Leica Stellaris).
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4.5.3. ELECTROFORMATION
Electroformation of GUVs was either done on platinum wires or on indium tin oxide (ITO) glass
slides. ITO slides provide a larger surface for vesicle formation and thereby possibly a higher yield
of produced GUVs. However, we found these chambers to be more fiddly, as they were only held
together by vacuum grease (read below) which often resulted in leakage. In addition, platinum
wires have been reported to work better for GUV formation in buffers with higher ionic strength
(P. Bassereau, personal communication, 2020). We therefore compared both options for electro-
formation. For formation on platinum wires, we used both closed chambers and open chambers,
which allowed in situ visualization of vesicle formation. All chambers used for electroformation
are custom-made (fig. 4.14).

Figure 4.14: Platinum-wired electroformation chambers used in this project. (a) Closed electroformation
chambers consisting of a PTFE well (blue) and cap (pink) including two platinum wires (orange). Wells are
about 2 cm high and fit 100 ¹ L. (b - c) Open electroformation chambers. (b) A teflon spacer (blue) was used
to create three wells, each penetrated by two platinum wires. A voltage was applied via two electrodes (yellow)
inserted in a cap (pink). Additionally, temperature in the electroformation chambers could be controlled via a
Pt100 thermocouple (green) that was connected to an electrical heat resistance in the cap. The teflon spacer is
approximately 7 x 3 cm (l x w) (c) Open electroformation chamber, bottom part assembled.

OPEN CHAMBER WITH PLATINUM WIRES

The open electroformation chamber was specifically designed for imaging GUV formation in situ .
It consisted of a teflon (PTFE) spacer with three wells that could be used as electroformation cham-
bers (see fig. 4.14). Two platinum wires (diameter 0.50 mm, Drijfhout, Amsterdam) ran through
all three wells with 3 mm spacing between them. In addition, the open chamber had a built-in
electrical resistance together with a Pt100 thermocouple for temperature controlled formation ex-
periments. All parts were custom-made at the AMOLF mechanical workshop.

The open chamber was used as follows. Prior to use, the chamber was immersed in a beaker
filled with 1% Hellmanex (Hellma Analytics, Müllheim, Germany) solution in milliQ water, which
was placed in a sonicator bath and sonicated at room temperature for 15 minutes to remove any
residual vacuum grease (see assembly below). This was followed by an additional sonication in
milliQ water and then in ethanol (absolute grade). All sonication steps lasted 15 minutes. After
blow-drying the electrodes with nitrogen gas, 5 &L of a lipid solution at 1 mg/mL in chloroform was
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applied per chamber by spreading it over both electrodes using a 5 &L Hamilton syringe. Spreading
of the lipid solution over the wire was found to be essential for GUV formation (fig. 4.3a). The
electrodes were then dried for 30 minutes in a vacuum desiccator.

Next, the chambers could be assembled (see fig. 4.14b, c). We rinsed a glass slide (24x50 mm,
no. 1, Menzel-Glaser) with water and ethanol and dried it with nitrogen gas. The slide was placed
inside a metal holder that was designed to close and seal the open chamber, and to fit on the mi-
croscope stage. We then applied vacuum grease (Dow Corning, Midland, MI, USA) to the bottom
of the teflon spacer around the well edges. The spacer was placed inside the metal holder and
pressed firmly such that the grease formed a water-tight seal around the wells. A commercial rub-
ber ring was placed around the chamber from the top for water-tight closure. Then, each well was
gently filled with 300 &L of swelling solution, typically consisting of 200 mOsm sucrose in milliQ
water (no buffer, pH 7). The chamber was then closed with the cap containing the temperature
control units and electrical parts connecting to the electrodes. Bottom and top were firmly closed
using four screws.

The chamber could then be placed on the microscope stage equipped with a 60x long work-
ing distance water immersion objective (2.0 mm working distance, Nikon). The electrodes were
connected to a function generator (Rigol DG1032). When temperature control was used, we also
connected the formation chamber to a custom-built temperature control box. We ran the forma-
tion experiments with the parameters as specified below. After formation, the chamber cap was
unmounted. Vesicles were harvested by gently pipetting the solution around the electrodes up
and down several times using a 1mL pipette tip. For these large pipette tips, we did not need to
cut off the end. Vesicles were stored in the fridge and were typically used for further experiments
within two days.

CLOSED CHAMBER WITH PLATINUM WIRES

While the open electroformation chamber was useful for monitoring vesicle growth and to tune
the formation protocol, we mostly use the closed chambers once we had developed a success-
ful protocol. The closed chambers were easier to assemble and prevented sample evaporation.
Closed chambers were also custom-made, and consisted of a PTFE well and teflon cap with a rub-
ber top for air-tight insertion of two platinum wires (0.5 mm diameter, Drijfhout, Amsterdam),
3 mm spaced apart (see fig. 4.14a).

The closed electroformation chambers were handled as follows. Chambers were cleaned by
sonication for 15 minutes in milliQ water and then in ethanol (absolute grade) and dried with ni-
trogen gas. For each chamber, 5 &L of a 1 mg/mL lipid solution in chloroform was divided over both
electrodes and carefully spread. After drying the lipids for 30 minutes in the vacuum desiccator, the
bottom part of the electroformation chamber was filled with 100 &L of swelling solution, typically
being 200 mOsm sucrose in milliQ water (no buffer) and the cap with electrodes was inserted. The
electrodes were connected to the function generator and electroformation was performed using
the field parameters specified below. After formation, we firmly tapped the chambers five times
on a table to ensure GUV detachment from the wires.

ITO SLIDE

GUV formation on ITO slides was done as follows. We identified the conductive ITO side of two
slides (25x75 mm, 30-60 Ohm, PSI supplies, West Chester, PA, USA) using a multimeter (15XL,
Wavetek Meterman, Everett, WA, USA). Then, we cut two small pieces of copper tape to stick an
electrical wire to the conductive side of each slide. We then spread 10 &L of lipid solution at a
total lipid concentration of 1 mg/mL in chloroform over the ITO side of each slide using a 10 &L
Hamilton syringe. Both slides were dried for 30 minutes in a vacuum desiccator. Afterwards, we
applied vacuum grease to both sides of a U-shaped teflon spacer (20x20x3 mm (lxwxh), sawn out
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of a sheet)) and formed a chamber by sticking it to the conductive side of both ITO slides. The
chamber was filled with 300 &L swelling solution and placed with the open side facing up. After
that, the slides were connected to the function generator using the electrical wires. Electrofor-
mation was executed using the field parameters specified below. When formation was finished,
vesicles were harvested by gently pipetting the swelling solution up and down several times and
then collecting the solution.

ELECTRIC FIELD PARAMETERS

Electric field parameters were chosen according to the swelling buffer used (see table 4.3) following
[340, 354]. In general, for higher ionic strengths, the voltage and frequency were both increased
according to previous reports [340, 354]. We confirmed the operation voltage by measuring the
voltage directly on the wire using a multimeter, and adjusted it when necessary. We used the same
parameters for electroformation on platinum wires and ITO slides. While the formation phase
allows for swelling and growth of GUVs, a detachment phase characterized by a decrease in fre-
quency was sometimes required to detach vesicles from the electrode. It should be noted that a
detachment phase in some cases led to electric degradation of membranes, visible as the forma-
tion of a fuzzy, tubulated layer of membrane (see fig. 4.3f).

Table 4.3: Field parameters used for electroformation. Parameters below were successfully applied to pro-
duce neutral (DOPC and POPC) membranes. All waves have a sinusoidal waveform, with Vpp being the voltage
(peak-to-peak) as measured with a multimeter.

Swelling solution Formation phase Detachment phase

200 mOsm sucrose in milliQ water
(no buffer)

2Vpp ,10Hz for 60 mins 2Vpp ,1Hz for 15 mins

200 mOsm sucrose + 10 mM Tris-
HCl at pH 7.4 in milliQ water

2Vpp ,300Hz for 90 mins None

100 mM NaCl in milliQ water (not
buffered)

2.5Vpp ,1000Hz for 4 hours None

4.5.4. ZETA POTENTIAL MEASUREMENTS
We performed zeta potential measurements to measure the surface charge of vesicles made from
the E. coli lipid extract. To this end, we first constructed a calibration curve using large unilamel-
lar vesicles (LUVs) made of POPC lipids with varying molar fractions (0%, 5%, 15%, 20% and 40
%) of the negatively charged lipid DOPS. LUVs were made by transferring in total 1mg of lipids
in chloroform in the desired ratio to 5 mL glass tubes (Pyrex). After drying the lipids in a vac-
uum desiccator overnight, we added 1mL of washing buffer (100mM glucose, 100mM KCl and
10mM Tris-HCl buffered at pH 7.4) to yield a lipid mix at a total lipid concentration of 1mg /mL .
Addition of the washing buffer was done at 37°C, which should be well above the lipid phase tran-
sition temperature (-17°C for pure DOPC[361], -11 °C for pure DOPS[361]), to ensure bilayers are
fluid during hydration. We vortexed the tube for 1 minute, after which we extruded the LUVs 21
times through a polycarbonate membrane (Whatman) with a pore size of 100nm diameter using
a commercial extruder (Avanti). Extrusion was done at room temperature for the POPC/DOPS
LUVs, and at 37°C for the E. coli polar lipid extract LUVs. The extruded solution was diluted 10
times in washing buffer to yield an LUV suspension at a final lipid concentration of 0.1mg /mL .
We degassed this solution for 40 minutes in a vacuum desiccator to remove bubbles. Zeta poten-
tial measurements were carried out on a Zetasizer Nano ZS (Malvern Panalytical, Malvern, UK). 1
mL of LUV suspension was transferred to a special cuvette with two electrodes (DTS1070, Malvern
Panalytical). During transfer, we made sure that no bubbles formed in the measurement cuvette
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as bubbles can interfere with the electrophoresis measurement. The cuvette was then inserted
in the machine and equilibrated to 21°C for all lipid samples measured. With each measurement
cuvette, we ran three consecutive measurements, each consisting of 100 runs. For each condition,
we produced one sample, which was transferred to two cuvettes for a total of six measurements
per condition. Electrophoresis results were analysed with the Zetasizer software to finally yield the
zeta potential.

4.5.5. GEL-ASSISTED SWELLING
For gel-swelling, we followed the protocol described by Weinberger et al. [76] with minor modifi-
cations. First a 5% (w/v) poly-vinyl alcohol (PVA, 145 kDa, 98% hydrolysed, VWR, the Netherlands)
solution was prepared by adding the proper amount of PVA powder to a 200 mOsm sucrose so-
lution in milliQ water (not buffered). The solution was then heated to 90°C on a hot plate while
stirring continuously to dissolve the PVA powder. After a couple of hours, the solution was cooled
down to room temperature. The solution was then filtered with a 200 nm filter (sterile, VWR, Ams-
terdam, the Netherlands) to remove any undissolved polymer. The resulting PVA solution could be
used for months when stored in the fridge. To prepare a gel for GUV swelling, a 24x24 mm coverslip
(no. 1, Menzel-Glaser) was first rinsed sequentially with ethanol, distilled water and ethanol and
then blow-dried with nitrogen gas. The slide was then cleaned with a plasma cleaner (Plasma Prep
III, SPI supplies, West Chester, PA, USA) for 30 seconds to ensure gel adhesion to the glass sub-
strate. Then, 100 &L of PVA solution at room temperature was applied to the coverslip and spread
by tilting the glass. Excess solution was removed with a tissue to minimize gel thickness. The slide
was then baked for 30 minutes at 50°C, yielding a gel that was visibly solid. Then, 10 &L of lipid so-
lution at 1 mg/mL in chloroform was spread on top of the gel with a glass syringe (Hamilton) and
dried for 1 hour in a vacuum desiccator to remove any organic solvent. Afterwards, the coverslip
was placed in a compartmentalised petri dish (4 compartments, VWR). 300 &L of swelling solu-
tion containing 200 mOsm sucrose and 10 mM Tris-HCl at pH 7.4 was carefully added on top of
the gel. After swelling for 1 hour, vesicles were harvested by tilting the petri dish, pipetting up the
swelling solution, flushing it once over the gel to promote vesicle detachment, and then collecting
it. Vesicles were stored in the fridge for a maximum of two days.

4.5.6. SPONTANEOUS SWELLING
For spontaneous swelling of GUVs [73, 404], we followed the protocol in ref. [380] with minor
adaptations. From a slab of teflon with a thickness of 2 mm, we cut several circular disks with a
diameter of around 20 mm. These teflon disks served as supports for swelling of the lipid film.
Then, we spread 10 &L of a lipid solution at a total concentration of 1 mg/mL lipids over a disk.
Lipids were dried on the disk by first carefully flushing with nitrogen gas, and then transferred the
disk to a 20 mL glass vial (VWR) that was placed open in a vacuum desiccator for 30 minutes. We
carefully added 1 mL of swelling solution, typically consisting of 200 mOsm sucrose and 10 mM
Tris-HCl at pH 7.4, to the vial without perturbing the lipid film. The vial was left overnight at room
temperature to allow spontaneous swelling of the lipid film. GUVs were harvested the next day
by gently pipetting the solution up and down and then collecting it. For the spontaneous swelling
of GUVs from the E. coli polar lipid extract, lipids were dried in an oven at 50°C for 1 hour, and
swelling was done at 37°C overnight.

4.5.7. SWELLING ON TRACING PAPER
For swelling on tracing paper, we followed the protocol in [353]. In short, we cut a piece of 1x1
cm of commercial tracing paper (Schoellershammer, Düren, Germany). The paper was cleaned by
sequential rinsing with ethanol, water and ethanol, and then blow-dried with nitrogen gas. Then,
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10 &L of a lipid solution at a total lipid concentration of 1 mg/mL was spread over one side of the
paper using a Hamilton syringe. The lipids were dried in a vacuum desiccator for 30 minutes, after
which we rolled up the paper with the lipid-coated side facing inwards and put it in an 1.5 mL
Eppendorf tube. We added 1 mL of swelling solution, consisting of 200 mOsm sucrose and 10 mM
Tris at pH 7.4. After 30 minutes swelling time, we transported the swelling paper to an observation
chamber where we imaged the produced vesicles on the paper. We also tried to harvest the vesicles
by pipetting up the swelling solution around the paper, but this repeatedly resulted in a very low
number of vesicles.

4.5.8. INVERSE EMULSION
We produced vesicles by inverse emulsion following the protocol in [75]. We prepared three solu-
tions: an inner aqueous solution (IAS) containing sucrose, an outer aqueous solution (OAS) con-
taining glucose, and a lipid-oil solution consisting of 0.5 mg/mL lipids dispersed in heavy mineral
oil. For vesicle formation without salts in solution, the IAS consisted only of 190mOsm sucrose.
For HPTS encapsulation, this IAS was supplemented with 4.8mM HPTS. For the G-buffer encap-
sulation experiments, the IAS consisted of 190mM sucrose, 0.2mM CaCl2 and 20mM imidazole
buffered at pH 7.4. In all inverse emulsion experiments, we used as OAS a glucose solution that
matched the osmolarity of the IAS with a maximum difference of 10mOsm. To make the lipid-
in-oil solution, we first added 0.5 mg lipids in chloroform to a small brown glass vial (1.5 mL with
screw thread and septum closure, VWR) with a typical membrane composition of 99.5% DOPC and
0.5% Rhodamine DOPE (mol/mol). We removed organic solvent by placing the vial in a vacuum
desiccator for 30 minutes. Then, we added 1 mL heavy mineral oil and placed the vial in the oven
for 30 minutes at 80°C to promote lipid dissolution.

To produce vesicles, we first placed 300 &L OAS in a 1.5 mL Eppendorf tube, and 40 &L of IAS in
another 1.5 mL Eppendorf tube. On top of the OAS, we gently layered 150 &L of the warm lipid-oil
phase to create a two-layer system. To create the emulsion, we added 300 &L of the same warm
lipid-oil phase to the IAS, and we quickly pipetted up and down vigorously with a 1 mL pipette
tip until a homogeneous, turbid emulsion was obtained. The emulsion was layered on top of the
oil layer in the other Eppendorf tube, after which we immediately centrifuged the tube at 1000
g for 10 minutes to promote travel of the IAS droplets into the OAS. We made sure that the total
time between taking the oil out of the oven and starting centrifugation was less than 2 minutes,
as we noticed that a cooled lipid oil solution negatively impacted yields and membrane quality
of produced vesicles. After centrifugation, the top oil layer was carefully removed using a 200 &L
pipette. Finally, the vesicles were harvested from the bottom of the tube.

4.5.9. OLA MICROFLUIDICS
Microfluidic vesicle production was done following the octanol-assisted liposome assembly (OLA)
protocol described in [77, 402] with minor adjustments. For GUV production and imaging, we
used the microscope described in section 4.5.2 with the 10x air objective. The chip and fluid flows
were visualized in brightfield, and fluorescently tagged lipids and actin in epifluorescence mode.
To control microfluidic pressure, we used three Fluigent pumps (MFCS-EZ, one pump of pressure
range 0-7000 mbar, and two pumps of pressure range 0-2000 mbar, Fluigent) and flexible tubing
(Tygon Microbore Tubing, ID 0.51 mm and OD 1.52 mm).

In short, the OLA microfluidic chip works as follows. The chip contains three inlet channels for
an inner aqueous solution (IA), lipid-octanol solution (LO) and outer aqueous solution (OA), and
one outlet channel (fig. 4.15). The LO and OA inlet channels are bifurcated and meet together with
the IA channel in a six-way junction. At this junction, a continuous stream of IA and LO solution
is pinched off by the OA solution to produce double emulsion droplets of IA solution with a lipid-
containing LO shell. As the double emulsion droplets flow further downstream, a lipid bilayer



4.5. MATERIALS AND METHODS

4

89

forms around the IA droplet and an octanol pockets buds off, resulting in the formation of GUVs.
These GUVs can either be visualized on-chip or extracted from the device via the outlet channel.

Figure 4.15: Schematic overview of OLA microfluidics. Image is copied from ref. [402]. (a) Schematic chip
design. The chip contains three inlet channels for the outer aqueous solution (OA), lipid-octanol solution
(LO), and inner aqueous solution (IA). The OA and LO streams are bifurcated and meet the IA at the six-way
junction. After the junction, there is a separation hole to separate the lower mass density octanol droplets
from the heavier GUV, and an exit hole where vesicles can be imaged or harvested. (b) Schematic working
mechanism of OLA. A stream of IA and OA is continuously pinched off by OA at the six-way junction to form
double emulsion droplets. As these droplets flow down the post-junction, the octanol buds of from the double
emulsion, creating a GUV and an octanol droplet. The octanol droplets flow up into the separation hole, while
the GUVs flow further down the post-hole channel and can be imaged and/or harvested.

For producing liposomes with actin F-buffer only, the IA solution consisted of 15% glycerol,
120 mM sucrose, 50 mM KCl, 2 mM MgCl2 and 20 mM imidazole at pH 7.4, and the OA solution of
15% glycerol, 5% poloxamer 188, 120 mM glucose, 50 mM KCl, 2 mM MgCl2 and 20 mM imidazole
at pH 7.4. Sucrose and glucose were added in order to make the buffer composition similar as
for the inverse emulsion protocol, but are not required for OLA vesicle formation [402]. For actin
encapsulation in F-buffer, the inner aqueous solution was additionally supplied with 13.4 ¹ M
actin monomers (rabbit skeletal muscle, Hypermol EK) in G-buffer, of which 12¹ M dark actin
monomers and 1.2¹ M Alexa488-labeled actin monomers. Furthermore, we added 2 mM PCA and
0.1¹ M PCD to minimize photobleaching [338], and 4 mM DTT to preserve protein integrity. To
prepare the lipid-octanol solution, we first prepared 10% (w/v) lipids in ethanol at a typical molar
ratio of 99.5% DOPC and 0.5% Rhodamine DOPE. This solution was stored at -20°C and diluted
1:50 (v/v) in 1-octanol prior to GUV formation.

Microfluidic chips were prepared from a fused silica wafer kindly given to us by Siddharth
Deshpande. From a single wafer, four chips could be produced. We mixed PDMS (Dow Corning,
Sylgard 184 silicone elastomer kit) in a 10:1 mass ratio (elastomer: cross-linker) and desiccated it
for 30 minutes to remove bubbles. Then, we poured it on top of the wafer and again removed bub-
bles in a vacuum desiccator for 30 minutes. While desiccating, we cleaned the surface of four glass
slides that would serve as the support for the chips by sequentially rinsing with milliQ, ethanol
and milliQ sequentially. Next, we spin-coated a drop of PDMS on the clean glass slides at 200 rpm
for 55 s followed by 1750 rpm for 60 s to create a thin and smooth layer. Both chips and slides were
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baked in an oven at 100 °C for 1 hour to cure the PDMS. The resulting PDMS stamp was peeled off
the wafer and the chips were cut out using a surgical knife. We covered the channels with tape to
prevent contamination with dust. Inlet and outlet holes were pierced in the chip using a biopsy
punch. Tape was removed from the chips and both chips and slides were cleaned with isopropanol
and blow-dried with nitrogen gas. Then, both the slides and the bottoms side of the chips were ac-
tivated using a portable corona discharger (Electro-Technic Products, Chicago, IL, USA) for several
seconds. The chips were then carefully put on top of the slides and some pressure was applied to
ensure adhesion between both plasma-treated sides. Chips were baked overnight at 100°C.

Before devices could be used for vesicle formation, a surface treatment was necessary to ren-
der the post-junction channel hydrophilic. A 2.5% PVA (30-70 kDa MW, 87-90% hydrolyzed, Sigma-
Aldrich) solution in milliQ was flushed through the OA channels using the 7000 mbar pump, while
keeping a positive pressure on the IA and LO channels using 2000 mbar pumps. In this way, the
OA inlet channels and post-junction channel were coated with PVA solution for 5 minutes. Then,
the solution was removed by exchanging the PVA inlet for air and increasing the air pressure on
all inlet channels simultaneously. The high pressure pump was needed to remove all PVA from
the OA channels. In addition, a vacuum pump was used to remove PVA solution from the device
outlet. Directly after PVA removal, the chips were baked in an oven at 120 °C for 15 minutes to
immobilize the hydrophilic PVA polymers on the PDMS surface. Surface-treated chips were used
within a week.

With a surface-treated device, GUV formation was done as follows. IA, LO and OA solutions
were prepared according to the recipes mentioned above. The three solutions were connected to
the appropriate inlet channels. With a low but positive pressure, we first made sure that the OA
reached the junction, then the LO, and then the IA, without capturing air in any of the channels,
and while making sure that none of the solutions entered one of the other inlet channels. When all
three inlets were flushed successfully through the device, we tuned the inlet pressures to achieve
the jetting regime where water-octanol droplets were produced at the junction. These droplets
could be observed in the post-junction channel to monitor their transformation into GUVs.

4.5.10. EDICE
For the encapsulation of the cytoskeletal proteins actin and septin in GUVs, we used the cDICE
method described in chapter 3, but with one important modification. Instead of introducing the
inner aqueous solution (IAS) in the spinning disk with a capillary, we emulsified the IAS in 1 mL
of the lipid-oil dispersion (LOD) prior to adding it to the disk. In this way, we were able to cir-
cumvent the use of a narrow capillary that is easily clogged, and we also substantially reduced
the time between preparation of the IAS and the formation of GUVs. This has the important ad-
vantage that it prevents premature polymerization of actin and septin. The adapted protocol we
call eDICE henceforth: emulsion Droplet Interface Crossing Encapsulation. In addition, eDICE
experiments require substantially less IAS volume: typical experiments were performed with 25¹ L
IAS, which typically yields well over 1000 GUVs. Like with cDICE experiments, eDICE experiments
were conducted in a low-humidity room, where a dehumidifier maintained a minimum air hu-
midity between 35 and 40%. IAS, LOD and outer aqueous (OAS) solutions for eDICE encapsulation
experiments were prepared as described in chapter 3, but with minor modifications dependent on
the protein, as described below. After formation, GUVs were transferred to a solution buffered with
20 mM Tris-HCl at pH 7.4 (or 10 mM for actin encapsulation experiments) and imaged in imaging
chambers passivated with b-casein.

SEPTIN ENCAPSULATION

For septin encapsulation, we dispersed lipids in the LOD by first mixing 50¹ L lipids in chloroform
with 370¹ L decane. The lipid mix was then dispersed in a 1:4 (v/v) mixture of mineral oil:silicone
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oil (see chapter 3 for a motivation and detailed description of the lipid dispersion strategy). The fi-
nal LOD contained 50¹ L chloroform, 370¹ L decane, 1.3 mL mineral oil and 5.2 mL silicone oil, and
a total lipid concentration of 0.2 mg/mL. We produced membranes composed of DOPC:DOPE-Cy5
at a molar ratio of 99.9:0.1, membranes with a net negative charge using a lipid mixture at a molar
ratio of DOPC:DOPS:DOPE-Cy5 at a molar ratio of 79.9:20:0.1, and membranes containing PIP2
lipids using a mixture of DOPC:PIP(4,5)P2:PE-Cy5 in a molar ratio of 96.9:3:0.1.

Septins were purified in-house. Recombinant human hexamers bearing His6-N-terminally-
tagged SEPT2, SEPT6 and Strep-tag-II-C-terminally-tagged SEPT7 were expressed in E. coli BL21
(DE3) and purified on a 5 mL HisTrap HP column (Sigma Aldrich) followed by a 1 mL StrepTrap
HP column (Sigma Aldrich) (for details, see ref. [370]), after which septin was stored in septin
buffer (50 mM Tris-HCl at pH 7.4, 5 mM MgCl2, 300 mM KCl, 1 mM DTT). The final IAS con-
tained 300 nM septin, which contained 90% (mol/mol) unlabelled hexamers and 10% hexamers
tagged on the SEPT2 subunits with msfGFP[370]. In addition, the IAS contained 33 mM Tris-HCl
at pH 7.4, 2.5 mM MgCl2, 1 mM dithiothreitol (DTT), 45 mM KCl, 1 mM Trolox, 1 mM GTP, 1 mM
protocatechuic acid (PCA), 0.05¹ M protocatechuate dioxygenase (PCD) and 18.5% (v/v) Optiprep.
Trolox was added to prevent blinking of fluorophores[405]. PCA and PCD were added to prevent
photobleaching[338]. Septin polymerization was triggered only right before GUV formation by
decreasing the KCl concentration, by a 1:6 rapid dilution on ice to 45 mM KCl and a final septin
concentration of 300 nM. The osmolarity of the final IAS was about 230 mOsm. The OA solution
was composed of 240 mOsm glucose in milliQ water only, being about 10-20 mOsm higher than
the IAS. We did not buffer the outer solution as we found that addition of 10 mM Tris-HCl buffered
at pH 7.4 negatively impacted GUV production yields.

ACTIN ENCAPSULATION

For encapsulation of F-actin only (fig. 4.10a), F-actin with fascin (fig. 4.10b) and streptavidin with
or without actin (fig. 4.11b, c), or was done with an LOD prepared by dispersing lipids diluted in
chloroform in a 1:4 (v/v) mixture of mineral oil:silicone oil (see chapter 3). In these experiments,
the final LOD contained 420¹ L chloroform, 1.3 mL mineral oil and 5.2 mL silicone oil at a total
lipid concentration of 0.25 mM. However, we later found that dispersion with decane (as for septin,
see above) drastically improved yields of produced GUVs. Encapsulation experiments with Arp2/3
(fig. 4.11d) were therefore performed with the same LOD as used for septin (but with different lipid
compositions).

For the encapsulation of preformed F-actin stabilized with phalloidin, and pre-formed F-actin
with fascin, we used a lipid mix of DOPC:DOPE-PEG2k:Cy5-DOPE (99.985:0.01:0.005 molar ratio).
For the encapsulation of streptavidin and membrane anchoring of preformed biotinylated F-actin,
we used a lipid mix of DOPC:DOPE-biotin:DOPE-PEG2k:Cy5-DOPE (97.485:2.5:0.01:0.005). For
Arp2/3-mediated nucleation of actin cortices, we used a membrane composition of DOPC:DGS-
NTA(Ni):DOPE-PEG2k:Cy5-DOPE (97.485:2.5:0.01:0.005 molar ratio). Note the inclusion of a small
fraction of PEGylated lipids, which we found to be essential for successful GUV formation in pres-
ence of actin.

For all actin encapsulation experiments, we used rabbit skeletal muscle a-actin (Hypermol
EK, product no. 8101-03). Actin was dissolved to 23.8¹ M, left to depolymerize on ice for at least 2
hours, then cleared by centrifugation at 148.000 g for 1 hour, and finally snap-frozen and stored at
-80°C. Actin was encapsulated at a nominal concentration of 4.4¹ M (8¹ M for fig. 4.11d), of which
10% Alexa 488-labelled monomers, in actin F-buffer consisting of 50 mM KCl, 2 mM MgCl2 and 20
mM imidazole at pH 7.4. In addition, the IAS contained 6.5% (v/v) optiprep. Note that this con-
centration is lower than that is used in chapter 3 and for septin encapsulation, because we found
that Optiprep influenced actin polymerization, both spontaneous and by actin nucleators. Unless
mentioned otherwise, actin was kept on ice to prevent polymerization, and polymerization was
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triggered upon transferring to room temperature right before GUV formation. For encapsulation
of stabilized filaments, actin was polymerized for 1 hour at room temperature in a 1:1 molar ratio
of phalloidin:G-actin prior to GUV formation. Phalloidin from Amanita phalloides (Sigma Aldrich,
product number P2141-1MG) was dissolved at 1 mM in DMSO and stored at -20°C. From the stock,
phalloidin was diluted in F-buffer to working stocks and stored at 4°C.

Co-encapsulation of F-actin with the actin bundling protein fascin was performed by addition
of fascin in a 1:20 molar ratio to G-actin. After mixing, the IAS was encapsulated immediately to
allow actin polymerization in the GUVs. Fascin was purified in-house from a GST-tagged murine
fascin plasmid, gifted to us from the lab of R. Dyche Mullins. Recombinant fascin was expressed
in T7 E. coli and purified according to Gentry et al [406]. Fascin was snap-frozen in liquid nitrogen
and stored at -80°C.

For encapsulation of streptavidin, we added 88 nM streptavidin-AlexaFluor488 (Invitrogen,
distributed by Thermofisher, cat no. S11223) in F-buffer. For co-encapsulation of streptavidin and
biotinylated F-actin, we added actin to a total concentration of 4.4¹ M, of which 1% (mol/mol)
biotinylated actin monomers (Hypermol EK, product number 8109-01) and 10% (mol/mol) Alex-
aFluor 488 labelled G-actin. Lyophilized biotin-actin was dissolved according to the supplier in-
structions, cleared by centrifuging for 1 hour at 148000 g, snap-frozen in aliquots and stored at
-80°C. Actin was thawed on ice at least 2 hours before experiments.

For the nucleation of a minimal cortex, we followed the approach by Pontani et al. [108] us-
ing His-VCA bound to the membrane via nickelated lipids. Subsequent activation of the actin
nucleator Arp2/3 by the membrane-anchored VCA resulted in cortex formation. 10xHis-VCA was
purified in house [153] from murine N-WASP, the plasmid kindly given to us by Kristina Ganzinger.
We used Arp2/3 from porcine brain (Hypermol EK, product no. 8413-01). The protein was dis-
solved according to the supplier instructions to a concentration of 2.3¹ M, snap-frozen and stored
at -80°C. For GUV formation, we used an IAS containing 8¹ M actin monomers (10% labelled Alex-
aFluor488) in F-buffer, 5¹ M His-VCA and 50 nM Arp2/3. We found a higher actin concentration of
8¹ M to result in more reproducible membrane localization as compared to 4.4¹ M which we used
for the other encapsulation experiments.

GUV FORMATION

Prior to GUV formation, 3D-printed cDICE disks were cleaned by sonication for 15 minutes in
100% ethanol and then rinsed with milliQ. Then, while spinning the disk at 1800r pm on a custom-
built electrical spinner (see chapter 3), we first injected 700¹ L OAS, and then 5 mL of freshly pre-
pared LOD. Separately, 1 mL of remaining LOD was placed in a 2mL Eppendorf tube. After the final
preparation step of the IAS (either dilution for septin, or addition of actin to the IAS for actin), 40 &L
IAS (25¹ L also worked fine) was placed also in the 2mL tube. The IAS was then quickly emulsified
in the LOD by rubbing the tube 10 times over an Eppendorf rack. The emulsion was immediately
pipetted into the rotation chamber, after which the disk was rotated for 90 seconds for solutions
with 18.5% v/v Optiprep, or 3 minutes for IAS with 6.5% Optiprep. After that, excess oil was pipet-
ted out of the chamber, and the chamber was left in tilted position for produced GUVs to settle in
the lower corner of the disk. After 15 minutes, GUVs could be extracted by carefully pipetting 100
&L from the aqueous phase in the bottom edge of the disk using a 1 mL pipette. For actin exper-
iments, we were worried about pH gradients across the membranes due to the absence of buffer
in OAS. We therefore added buffer to the settling GUV solution immediately after removing excess
oil, so that the pH mismatch was resolved within 5 minutes after starting spinning.

4.5.11. OSMOLARITY
All osmolarities were measured with a freezing point osmometer (Osmomat 010, Gonotec, Berlin,
Germany). Unless mentioned otherwise, osmolarities between the GUV inner and outer solutions
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were matched within 5mOsm deviation.

4.5.12. IMAGING CHAMBERS
For all experiments where GUVs were first harvested, and then imaged, we used either large (200¹ L)
or small (20¹ L) imaging chambers as described below. Large imaging chambers were assembled
by first cutting glass coverslips (24x50 mm, no. 1.5H, Paul Marienfeld GmbH & Co. KG) to fit in a
custom-made holder. Then, slides were cleaned with ethanol and MilliQ-water and dried under a
stream of nitrogen gas. Chambers were made by cutting the bottom and lid of 0.2 mL PCR tubes
(Thermo Fisher Scientific). The cut tubes were then glued on the cleaned slide with the bottom
up using a two-component adhesive. To prevent membrane adhesion to the glass, chambers were
passivated for at least 15 minutes with a 1 mg/mL b-casein solution in MilliQ water containing
10 mM Tris-HCl at pH 7.4. The chamber was then flushed twice with observation buffer to rinse
out unbound b-casein, after which the GUVs could be transferred to the imaging chambers. In all
experiments, GUVs had a higher density than the surrounding solution, leading to sedimentation
of the vesicles, which in turn facilitated imaging. The chambers were closed with the cut-off lids
to prevent evaporation for experiments that required imaging over longer times. Small imaging
chambers were prepared by first cleaning glass coverslips (No. 1.5H, 24x50 mm, Thorlabs) sequen-
tially with ethanol, water and again ethanol and then blow-drying with nitrogen. An 8-well silicone
gasket (8-6 mm diameter x 1 mm depth, Grace Bio-Labs) was pre-wetted with isopropanol, dried
with nitrogen gas and then placed on top of the glass. To each well, 15 &L of b-casein solution (1
mg/mL b-casein, 10 mM Tris-HCl pH 7.4) was added and left for 15 minutes to passivate the glass
surface. The solution was removed with a tissue and the chambers were blow-dried with nitrogen
gas. Vesicles were placed in the chamber which was closed from the top with a glass slide (1 mm
thickness, Thermo Scientific) to prevent evaporation and minimize convective flow in the sample.

4.5.13. PENDANT DROP
Pendant drop experiments were performed as described in chapter 3. Measurements were per-
formed with either 100% DOPC lipids, DOPC:DOPS (80:20), or DOPC:PEG2k-DOPE (95:5). In all
experiments, lipids were dispersed using chloroform in a 4:1 (v/v) silicone oil:mineral oil mixture,
to a final composition of 420¹ L chloroform, 1.3 mL mineral oil and 5.2 mL silicone oil at a to-
tal lipid concentration of 0.2 mg/mL. For aqueous solutions with G-buffer, we prepared solutions
containing G-buffer (5 mM Tris-HCl at pH 7.8, 0.1 mM CaCl2) and 18.5% (v/v) OptiPrep. For ex-
periments with actin, we added monomeric actin to a final concentration of 4¹ M. For experiments
with F-actin in F-buffer, we substituted the G-buffer for F-buffer (50 mM KCl, 2 mM MgCl2 and 20
mM Tris at pH 7.8).
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4.7. SUPPLEMENTARY FIGURES

Figure 4.16: Zeta potential measurements. Zeta potential of POPC LUVs containing different fractions of
DOPS. Error bars represent standard deviation between six measurements on two samples.
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Figure 4.17: Pendant drop measurements on eDICE inner solutions. Interfacial tension measurements of
lipid adsorption with the cDICE/eDICE aqueous and organic phases. Each curve represents the average over n
measurements with the standard deviation between measurements illustrated by the shaded region. (a) Inter-
facial tension of the IAS-LOS interface comparing actin in G-buffer and F-buffer. Curves represent LOS against
G-buffered IAS without actin (n=11, red line) and with actin (n=9, green line), and LOS against F-buffered IAS
without (n=6, blue line) and with actin (n=5, cyan line). (b) Evolution of interfacial tension of the IAS-LOS
interface measured for different compositions of the IAS. IAS consisted of G-buffer and 18.5 % (v/v) optiprep
(red line, n=11), F-buffer with 18.5 % (v/v) optiprep (purple line, n=6), G-buffer without optiprep (green line,
n=9), only 18.5 % optiprep (v/v) in milliQ water (cyan line, n=3), or pure milliQ water (blue line, n=12).)
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DISGUVERY: A VERSATILE

OPEN-SOURCE SOFTWARE FOR

HIGH-THROUGHPUT IMAGE

ANALYSIS OF GIANT UNILAMELLAR

VESICLES

Giant Unilamellar Vesicles (GUVs) are cell-sized aqueous compartments enclosed by a
phospholipid bilayer. Due to their cell-mimicking properties, GUVs have become a wide-
spread experimental tool in synthetic biology to study membrane properties and cellular
processes. In stark contrast to the experimental progress, quantitative analysis of GUV mi-
croscopy images has received much less attention. Currently, most analysis is performed
either manually or with custom-made scripts, which makes analysis time-consuming and
results dif�cult to compare across studies. To make quantitative GUV analysis accessi-
ble and fast, we present DisGUVery, an open-source, versatile software that encapsulates
multiple algorithms for automated detection and analysis of GUVs in microscopy im-
ages. With a performance analysis, we demonstrate that DisGUVery's three vesicle detec-
tion modules successfully identify GUVs in images obtained with a wide range of imaging
sources, in various typical GUV experiments. Multiple pre-de�ned analysis modules allow
the user to extract important properties such as membrane �uorescence, vesicle shape and
internal �uorescence from large populations. A new membrane segmentation algorithm
facilitates analysis of spatially non-uniform intensities of membrane-bound species, and
also correlate this with shape deformations. Altogether, DisGUVery provides an accessi-

This chapter is available on the bioRxiv preprint server under the name DisGUVery: a versatile open-source soft-
ware for high-throughput image analysis of Giant Unilamellar Vesicles by Lennard van Buren, Gijsje H. Koen-
derink and Cristina Martinez-Torres (2022) [407].
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ble tool to enable high-throughput automated analysis of GUVs, and thereby to promote
quantitative data analysis in biophysical and synthetic cell research involving GUVs.

5.1. INTRODUCTION
Giant unilamellar vesicles (GUVs) are aqueous compartments enclosed by a lipid bilayer
membrane [33]. Since their diameter is typically between 5 and 100 micrometers, which
is comparable to the size of eukaryotic cells, and their membrane is composed of phos-
pholipids just like plasma membranes, GUVs are considered a good model system for
living cells. As such, GUVs have gained great interest from researchers in biochemistry,
biophysics, synthetic biology and applied medicine.

One of the most classical applications of GUVs is in studying the physicochemical
properties of biological membranes. Being larger than other biomimetic membrane sys-
tems such as large unilamellar vesicles (LUVs) and small unilamellar vesicles (SUVs),
GUVs can be easily observed with optical microscopy. Accordingly, GUVs are exten-
sively used to study a wide variety of membrane properties: mechanics[341], lipid dif-
fusivity [408], permeability [349], as well as lipid order[409] and domain formation [410,
411]. Moreover, GUVs are often used to study the biophysical mechanisms that underlie
important cellular events such as membrane growth[88], budding[64], fission[412] and
fusion[413]. Furthermore, GUVs provide a suitable chassis in the endeavour of building
synthetic or artificial cells[10, 16, 414]. In this emerging research field, cellular function-
alities are being reconstituted from chemical or biological building blocks with increas-
ing complexity, with the eventual goal to understand the minimal requirements for life
at the cellular level[14]. Lastly, the biocompatibility of GUVs makes them also interesting
in the context of targeted drug delivery[23]. They overcome size limitations of the SUVs
that are typically used, offering a way to deliver more cargo per particle.

As GUVs are becoming a widely used tool in synthetic biology, also the possibilities
for their production are growing. By now, numerous production methods have been de-
veloped to produce GUVs, ranging from simple and quick bulk methods with low-cost
equipment to advanced microfluidic methods (see chapter 4). Two major pathways can
be distinguished for the production. First, GUVs can be formed by hydration of a dried
lipid film, either by spontaneous swelling on solid supports or porous substrates, or by
application of an electric field [33, 74, 76, 415]. Second, GUVs can be templated from
water-in-oil emulsion droplets, for example by the inverse emulsion method [75, 328],
with microfluidics [77, 416] and by continuous Droplet Interface Crossing Encapsula-
tion (cDICE, see chapter 3) [3, 175]. With the versatile options for formation, the de-
sign possibilities for GUVs have become legion: from simple membranes composed of a
single lipid type to complex biological lipid extracts [282, 417], charged [90, 293] or bio-
functionalized membranes [112], membranes with asymmetric leaflets [418] or includ-
ing membrane proteins [419], in physiological buffers [293, 354], encapsulating func-
tional protein [88, 175] or even active matter [295, 420].

By far the most widely used characterization technique for GUVs is optical micro-
scopy. GUVs can be imaged in bright field or by fluorescence microscopy upon inclu-
sion of dyes, either membrane-bound or encapsulated. While most studies with GUVs
involve simple wide field or confocal microscopy, also superresolution microscopy [421]
and bulk analysis with multi-well plate assays [328] and fluorescence-activated single
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cell sorting (FACS) [422] have been employed. For all the GUV applications described
above, it is crucial to evaluate the quality of the produced GUV samples because the suc-
cess of GUV formation and the resulting vesicle properties can vary substantially depen-
dent on experimental conditions. GUV analysis comes itself with the challenge that in
most reconstitution experiments, the formed vesicles are polydisperse in size, shape, the
presence of membrane structures and encapsulated content. The complex appearance
of heterogeneous GUV populations therefore demands a quantitative characterization
by accurate descriptors and robust statistics.

Despite the experimental ease of producing and imaging GUVs, their quantitative
image analysis has received relatively little attention[378]. Typically, GUVs are either
manually detected in the image and afterwards (manually) processed to extract data
[89, 109, 112, 340, 359, 382, 391], or custom-made scripts are used to process specific
data sets and generate a pre-defined set of output parameters [175, 328, 337, 423, 424].
Consequently, GUV image analysis is currently time-consuming and non-standardized,
making it difficult to directly compare the outcome of different studies.

In the field of cell biology, analysis workflows do exist for automated characterization
of cell or tissue image data, combining standardized detection modules with reporting a
multitude of output variables[425, 426]. Unfortunately, these analysis workflows offer a
limited compatibility with GUV data sets. While cells generally have a complex morphol-
ogy, GUVs are typically near-spherical, highly symmetric 3D objects. Due to their often
predictable shapes and intensity profiles, rapid and efficient detection and characteri-
zation of vesicles benefit from a simplified approach. Furthermore, irrespective of the
application in which GUVs are used, the same set of descriptors are typically of interest,
in particular vesicle size, shape, membrane intensity (lamellarity), and spatial intensity
profiles of GUV membrane and content.

Some examples of openly available GUV analysis software do exist, laying the ground
to make large-scale GUV analysis more accessible. However, they are all either geared
towards specific, predefined analysis (membrane permeability [427], heterogeneity in
membrane signal [428]) or they have limited compatibility with input data sets and vesi-
cle types (confocal microscopy images [337], spherical vesicles [429]), requiring high
signal-to-noise ratio of the membrane or predefined vesicle shapes for vesicle detection.
In addition, most available software lacks a user-friendly interface that allows for inter-
activity during the detection and analysis procedures, in turn imposing a steep learning
curve on new users.

To meet the requirement for accessible and flexible quantitative vesicle analysis, we
have developed DisGUVery, an open-source software for the analysis of GUVs in mi-
croscopy images. Our tool encapsulates multiple algorithms for the detection of vesicles
and the subsequent analysis of their morphology and content under a Graphical User
Interface (GUI) based on Python. The software is designed to allow for maximal flex-
ibility in data input, processing and analysis, enabling the user to work with a variety
of imaging sources, to export variables of interest at any point during the processing,
and to choose between a set of pre-defined detection and analysis modules. Our tool-
box provides a general, fast, and user-friendly approach towards quantitative and high-
throughput GUV sample characterization, which should be of broad use for the fields of
membrane biophysics, cell biology, and bottom-up synthetic biology.
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5.2. RESULTS AND DISCUSSION
The general workflow of DisGUVery is summarized in fig. 5.1A. The starting point is a
microscopy image with GUVs visible either via fluorescent labelling (epifluorescence or
confocal microscopy as shown in fig. 5.1B) or in bright field microscopy (phase contrast
images). In case of multi-channel images, it is possible to select the channel that should
be used for GUV detection, typically, but not limited to, a channel where a membrane
dye is imaged, or a phase contrast channel in which vesicles are clearly visible. To allow
for high-throughput analysis of large GUV data sets, images can be processed in batches
both for vesicle detection and subsequent analysis. When processing is done, detection
results can be inspected in the software, and erroneously detected vesicles or unsuccess-
fully processed images can be discarded before further analysis.

Prior to vesicle detection, background noise can be reduced by processing the in-
put image using a Gaussian smoothing filter followed by an enhancement of the mem-
brane signal (fig. 5.1C), both of which can be tuned according to the input image. Af-
ter this optional preprocessing of the image, GUV detection can be done using one of
three different methods, all of which yield the indexed locations and sizes of detected
GUVs (fig. 5.1D). To optimize detection, input parameters can be varied in the GUI and
the results can directly be inspected, and wrongly assigned vesicles can be manually dis-
carded. Size distributions can at this point be directly computed and visualized, or other,
more complex analysis can be pursued.

For many analysis purposes, such as obtaining vesicle shape descriptors of deformed
GUVs [109] or probing membrane colocalization of fluorescent proteins [374], the pre-
cise membrane location is required. We have implemented a membrane segmentation
algorithm that can track the membrane of non-spherical vesicles, detecting both the in-
ner and outer edge of the membrane (fig. 5.1E). When high spatial accuracy is not re-
quired, users can also make use of the computationally cheaper basic membrane anal-
ysis feature, where the contour from vesicle detection is simply expanded with a cer-
tain width to create a ring that contains the membrane (fig. 5.1F, purple dashed lines).
Regardless of the chosen method for membrane segmentation, the angular intensity
profiles and the radially integrated intensity profiles can be extracted (fig. 5.1F), for ex-
ample to retrieve the angular profile of membrane fluorescence [430, 431], the angular
profile of a fluorescent membrane-binding molecule[178], or to quantify membrane lo-
calization of an encapsulated molecule[112] or an externally added membrane-binding
protein[88].

Besides the radial and angular intensity profiles, which provide information about
the spatial distribution of fluorescent probes, the average intensity of the vesicle lu-
men can also be extracted for detected vesicles using the Encapsulation Analysis module
(fig. 5.1G). Analysis of internal fluorescence is essential for studying the efficiency of en-
capsulation of molecules and other components[175, 390], for permeabilization assays
where transport of a fluorescent probe across the membrane is tested[345, 432, 433], and
for fluorescence-based measurements of the activity of internal metabolic pathways[88,
434].

The analyses mentioned above are some of the methods that we have predefined in
the software. However, we want to stress that the use of DisGUVery is not limited to
these analyses. Since it is possible to export results from object detection, contour de-
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Figure 5.1: General workflow of GUV detection and analysis by DisGUVery. (A) Visual representation of the
workflow. Output variables are shown in grey boxes. (B) Example of an unprocessed single-plane confocal flu-
orescence microscopy image of GUVs, used as input for the analysis. Scale bar is 20¹ m . (C) Processed image
after enhancement of the membrane signal. (D) Vesicles detected by Circular Hough Detection indicated with
blue circles and object index number. Contrast is inverted for visualization. (E) Refined contour detection dis-
tinguishes the enclosing membrane of a detected vesicle (red) from other fluorescent structures in the image
(orange). Scale bar is 5¹ m (F) Radial (magenta) or angular (purple) intensity profiles can be extracted from
detected GUVs. Scale bar is 5¹ m (G) Masks (colored) can be created from detected vesicles (yellow circles) to
extract internal fluorescence of vesicles.
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tection, and from the analyses at any point in the process, users can extract the relevant
information and perform their own analyses outside the software.

5.2.1. VESICLE DETECTION
We have implemented three different methods for the detection of vesicles in microscopy
images: Circular Hough Transform (CHT), Multiscale Template Matching (MTM) and
Floodfill detection (FF). As the underlying principle for object detection is different for
each of the methods, they allow detection of a variety of vesicle shapes and imaging
sources. The first method, based on the circular Hough transform of the object edges
[435], is commonly used in the detection of GUVs as it recognizes circular objects with
little influence of the intensity profile [427, 429]. As a result, detection by CHT depends
mostly on vesicle shape and not on image intensity, providing a robust method with a
high selectivity towards circular vesicles. When the vesicle shape is not circular, but is
predictable, for example, by having a population of similar looking vesicles in an image,
detection can be done via the second method: template matching [436]. We have im-
plemented a slight variation of this method, Multiscale Template Matching (MTM), by
allowing the re-scaling of the template to multiple sizes. MTM works by the convolution
of the image with a target object, or template, which can be an image of a typical vesicle.
Regions in the image are then assigned as detected objects when this template matches
the region, with the scaling of the template enabling the size-invariant detection of vesi-
cles. The third method, Floodfill detection (FF), is based on an absolute intensity dif-
ference between membrane and background signals[437]. By thresholding the image,
membranes can be distinguished from the background and closed membrane contours
in the thresholded image are assigned as vesicles. Floodfill detects vesicles based on
membrane fluorescence, regardless of their shape. Note that FF has been implemented
previously for vesicle detection by Blanken et al. [337], but with a different starting point
for the floodfill algorithm (the seed point). While their algorithm floods all the regions
within GUVs by scanning a range of intensity thresholds and seed points, ours floods the
surrounding background, which has the computational advantage of using only a single
thresholding intensity and a single seed point.

We evaluated the performance of the three vesicle detectors on different types of mi-
croscopy images: fluorescence confocal, epifluorescence, and phase contrast. We fo-
cused on two main aspects to determine the quality of the detectors: how good are they
at detecting vesicles within an image? And, how sensitive is this detection to different
factors, e.g., detector parameters or image source? Detection outcomes of the software
were benchmarked against human visual detection. We started by optimising the de-
tector parameters on a single image. Figure 5.2A-C shows an example of the detection
results for all detectors on a single confocal image. In this case, the optimal parame-
ters are those which allow the detection of the highest number of vesicles in the image,
regardless of their characteristics, while avoiding artefacts in the detection. Once this
optimisation has been done, we explore the parameter space of each of the detectors
and evaluate the F1-score[438], defined as:

F1 = 2

µ
preci sion £ recal l

preci sion + recal l

¶
(5.1)
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Here, preci sion = T P
T P+FP and recal l = T P

T P+F N with T P, FP and F N being true positives,
false positives and false negatives, respectively. In this study, true positives are detec-
tion results that correspond to vesicles, false positives are identified objects that are not
vesicles, and false negatives represent GUVs that have not been detected. The reference
human visual analysis was performed by a single observer by counting all GUVs in the
images, regardless of vesicle size, type, appearance, or position in the image. GUVs at
the edge of the image were included as long as a part of the membrane was visible.

We have chosen to use the F1 score as an output metric to evaluate our detectors,
because it is mainly penalized by false negatives and false positives, both of which are
useful output parameters in object detection. As such, F1 is amply used in object detec-
tion problems[439]. Since the F1 score is the harmonic mean of precision and recall, both
are weighed equally into a single output. While recall represents the fraction of objects
in the image that are detected, precision denotes which fraction of detected objects are
vesicles. Figure 5.2D-F show the F1 scores as a function of pairs of critical parameters in-
herent to each of the detectors, with the exception of Floodfill (FF). For FF detection, we
chose instead the size of the filter for membrane signal enhancing in the pre-processing
step, as we have found it to be critical for the method performance (fig. 5.2F). We find
that all detectors show a region within their parameter space in which the F1 score is
maximum and their performance is best. Note that the F1 score only changes within
10% of its maximum value for a large set of parameters, suggesting that a precise optimi-
sation of the parameters is not necessary, which facilitates batch-processing of data sets
with similar images. Notably, CHT appears to be the least sensitive method to changes
in the parameter choice of threshold values (fig. 5.2D), with performance dropping only
at large thresholds (» 50% increase from the optimal value). For MTM, the number of
scales used to resize the template is the critical factor in achieving a good performance.
This is strongly dependent on the dataset used, more specifically on the polydispersity
in vesicle sizes. For the wide distribution of vesicle sizes in our sample, a large number of
template scales allows precise matching of the template with GUVs of different sizes. To
ensure that the size of the template prior to scaling does not play a crucial role in detec-
tion, for example due to pixelation effects, we tested templates of different sizes which
resulted in similar performance (fig. 5.2E). As expected, FF detection depends greatly on
the intensity threshold (fig. 5.2F), with higher values not allowing the vesicles to be prop-
erly segmented in the binary mask of the thresholded image. Interestingly, in the images
tested, the pre-processing step of membrane enhancement is crucial for FF detection to
succeed, as without it, FF detection simply fails to detect vesicles as is demonstrated in
fig. 5.2F at the smallest edge filter size.

We then investigated the extent to which the imaging conditions impact the detec-
tion methods, for example, by changing the type of microscopy used to visualize the vesi-
cles. We compiled a dataset of 5 images for each one of the three standard microscopy
techniques mentioned above, resulting in a total of over 200 vesicles for each imaging
method. For each dataset, we perform the detection using the parameters that were
finely tuned for a random image within the set. To measure the performance of the de-
tectors, we evaluate separately the precision and the recall. The reason for this split be-
ing that all detectors show a high precision value (between 0.9 and 0.99) for the different
data sets (fig. 5.8), with any differences in the detection performance being represented
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Figure 5.2: Performance of Vesicle Detection. (A-C) Detected vesicles with the Circular Hough Transform (A,
blue circles), Multiscale Template Matching (B, blue bounding boxes) and Floodfill (C, colored objects). The
contrast of the images has been inverted for visualisation purposes. Scale is 20¹ m in all images. (D-F) F1-score
of CHT (D), MTM (E) and FF (F) for different parameter values (see methods for details on the parameters).
The color scale in (E-F) is the same as in (D). (G) Recall of vesicle detection for confocal fluorescence, widefield
fluorescence and phase contrast images using the three different detectors. (H) Detection recall for different
subcategories of vesicles as performed by four different human observers. See main text for more detailed
explanation of the use of categories. Individual data points represent results of the individual observers, bars
represent average recall values.
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predominantly in the recall metric. In fig. 5.2G it can be seen that in both confocal fluo-
rescence and epifluorescence images, all detectors are able to detect vesicles with a recall
between 0.6 and 0.8, meaning that 60 to 80% of vesicles are properly detected. However,
for phase contrast images, recall decreases, and significantly so for Floodfill detection
(to 40%). The low performance of the FF detector in phase contrast is expected based
on the intensity profile that vesicles show in this type of microscopy, where the GUV
membrane does not represent an intensity maximum but instead the steepest intensity
gradient. Furthermore, intensity variations either due to inhomogeneity of illumination
or to the presence of surrounding objects interferes with detection based on an abso-
lute intensity threshold. Unsurprisingly, CHT is the most robust method across imaging
sources for the sample we investigated, emphasizing its dependence on vesicle shape
over intensity profile.

Given that the detectors used target different types of objects, we next looked into
what kind of vesicles were being detected by each method. We therefore manually di-
vided all vesicles analyzed in fig. 5.2G into four categories: vesicles that were located
at the edge of the image (‘edge’), vesicles that were out of focus (‘unsharp’), anomalous
vesicles (‘anomalous’) and vesicles that do not belong to any of the first three categories
which we called ‘standard’ vesicles. A gallery of example vesicles for all subcategories
can be found in fig. 5.9. Anomalous vesicles could be vesicles with a bright membrane
signal in their lumen, with very heterogeneous membrane signal, or vesicles that were
stuck together in aggregates. Typically, the standard vesicles are those needed for further
analysis. In fig. 5.2H, we can clearly see that while ‘standard’ vesicles are detected sim-
ilarly by all methods, with recall being nearly 1.0, limiting cases such as vesicles on the
edge of the image and those that are out of focus can be easily detected or filtered out
depending on the method of choice. CHT and MTM filter out most vesicles at the edge.
Furthermore, CHT also misses the unsharp vesicles, which are not detected by FF either.
Interestingly, all detectors perform similarly for the anomalous vesicles, with more than
60% of them being detected. Together, these results show the robustness of the different
detectors, allowing detection to be performed on a variety of vesicle types and imaging
sources.

To illustrate the range of applications of the three detectors for synthetic cell re-
search, we performed vesicle detection in a selection of proof-of-principle experiments.
First, we investigated if our methods could be used to track GUV size and number during
swelling-based GUV formation. GUV swelling methods include electroformation and
gel-assisted swelling and are by far the most popular formation methods, as they are
fast and easy and yield large numbers of GUVs[76, 355, 364, 378]. In these experiments,
lipids are first dried on a surface, which can be a hydrogel, an electrode, glass, teflon or a
porous material. Subsequent addition of a swelling solution leads to swelling of the lipid
film and formation of large numbers of GUVs that are closely packed above the swelling
surface (fig. 5.3A, top image). Using CHT detection, we efficiently detect spherical vesi-
cles even at high surface coverage (fig. 5.3A, bottom image). By automated detection
of GUVs during their formation, growth kinetics could easily be obtained. Since detec-
tion by CHT relies on vesicle shape rather than intensity, the method is largely insensi-
tive to touching vesicles or high background fluorescence, both of which are more likely
at high packing density. Furthermore, the ability to specify a minimum and maximum
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GUV radius prevents detection of false positives in dense samples. In addition to GUV
production by swelling, detection at high packing density is also relevant for studies on
GUV-GUV adhesion[440] or while building multibody GUV tissues[441].

Figure 5.3: Applications of vesicle detection methods. Images at the top are the input fluorescence images,
images at the bottom show the detection results. Contrast has been inverted for detection results to improve
visualisation. (A) GUVs growing on top of a hydrogel following the gel-assisted swelling method are detected
with CHT. Scale is 40¹ m . (B) Microfluidic production of GUVs imaged with a low magnification objective.
MTM is employed to detect GUVs in the microfluidic channel. Produced vesicles contain a lipid-rich octanol
pocket, visible as a bright cap. Scale is 100¹ m . Inset in bottom image is the template used for detection.
(C) Encapsulation of stiff actin bundles in GUVs leads to deformation of the vesicles (data by F.C. Tsai, from
[109]). The non-spherical vesicles can be detected with FF detection. Scale is 20¹ m . (D) A GUV formed by gel-
assisted swelling contains large internal vesicles. FF detection on this multivesicular GUV leads to detection of
the compartments rather than detection of the enclosing GUV. Scale is 5¹ m .

As an alternative to the classical swelling methods, microfluidic vesicle production
is becoming increasingly popular, with multiple new techniques being published yearly
(reviewed in ref. [357, 358]). Microfluidics offers superb control over vesicle formation,
making it a powerful tool in the synthetic cell engineering field. Vesicles can be imaged
in situ as they are being produced on-chip, using objectives with a large working dis-
tance with low magnification. This typically yields low-resolution images of vesicles. In
line with MTM’s ability to detect out-of-focus vesicles (fig. 5.2H), MTM also proves to
be suitable for GUV detection in low-resolution images of microfluidic GUV fabrication,
as we demonstrate with an octanol-assisted liposome assembly (OLA) experiment [77]
(fig. 5.3B). Detection of vesicles on-chip enables users to extract GUV production rates
and corresponding size distributions in microfluidic experiments. MTM detection does
not require a sharp outline of the vesicle, but only a template that resembles the vesi-
cles that need to be detected. Since the template can easily be picked from the image
itself, MTM provides a versatile tool for vesicle detection even in low-resolution images.
As alternative to MTM, CHT is also a useful detector in microfluidic experiments, since
production by microfluidics often leads to spherical vesicles at high packing density with
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a narrow size distribution[390].
While CHT and MTM are both shape-sensitive detectors, FF can detect vesicles of

any shape. Having a detector that does not rely on vesicle shape is valuable, as shape
control and GUV deformation are essential aspects of synthetic cell engineering[64, 109,
196, 296]. We demonstrate the use of FF on GUVs deformed by encapsulated stiff actin
bundles (fig. 5.3C). In this experiment, filamentous actin is co-encapsulated with the
bundling protein fascin, resulting in the formation of actin bundles up to tens of mi-
crometers long[109]. Due to the high stiffness of these bundles, GUVs are deformed,
resulting in elongated vesicles and actin-filled membrane protrusions. In fig. 5.3C, it can
be seen that FF detects all vesicles irrespective of shape. In turn, detection by FF can
be used as a starting point for vesicle deformation studies. Another application of the FF
detector is found in the image segmentation of GUV internal compartments. Just like liv-
ing cells contain numerous reactive compartments, GUVs can be compartmentalized to
spatially separate cellular processes[78, 442]. Compartmentalization is becoming more
popular in synthetic cell research, as distinct reaction environments are desired for re-
constitution of increasingly complex processes. Due to its shape-insensitive detection,
the FF method is suitable for detecting GUV compartments with random shapes and
sizes as illustrated in fig. 5.3D. In this way, detection of compartments could be used to
monitor internal activity of cellular processes.

Figure 5.4: Decision tree for GUV detection. Decision tree for choosing one of DisGUVery’s detection modules
based on sample and image properties.

Altogether, the three vesicle detection methods make DisGUVery useful for a wide
range of synthetic cell research applications. Based on properties of the sample in-
spected, such as image resolution and vesicle shape, the desired detection method can
be chosen (fig. 5.4).

5.2.2. MEMBRANE ANALYSIS
Membrane detection and analysis are important for a wide range of GUV studies, as they
allow vesicle shape characterisation and quantitative analysis of the membrane fluores-
cence and/or membrane-binding proteins or other molecules. We have implemented
two modules to perform membrane analysis on the detected vesicles: Refined Mem-
brane Detection (RMD) and Basic Membrane Analysis (BMA). We have developed RMD
to enable the tracking of the membrane contours, facilitating the capture and quantifi-
cation of any global and local deformations. This method is based on a Canny edge de-
tector that we have combined with a directional search algorithm to assign the detected
edges to the inner and outer contours of the membrane (fig. 5.5A-C, contours shown in



5

108 5. DISGUVERY

red). While the position of the detected contour can be affected by the choice of ker-
nel size used with the edge detector (a predictable offset is introduced), the membrane
position, taken as the midpoint between the inner and outer contour, will remain inde-
pendent of the kernel size for confocal fluorescence images. Compared to RMD, BMA is
a faster and simpler method to analyse the vesicle fluorescence signal, but at the expense
of lower spatial accuracy. In BMA, a region of interest is created by a simple expansion
of user-defined width around the boundaries of the detected vesicle. In case of CHT
detection, this results in a circular ring as shown in fig. 5.5C.

After membrane segmentation, either by contour detection in RMD or by defining a
region of interest in BMA, it is possible to extract the angular and radial intensity profiles
of the entire vesicle. The intensity profiles are calculated by creating angular or radial
slices, of size dµ or dr , and computing the corresponding descriptive metrics for each
slice, thus taking into account all intensity values of the detected vesicle and reducing
the effects of discretization associated to single linear profile extraction. For the vesicle
in fig. 5.5C, the angular intensity profile using the mean membrane intensity from each
angular slice is shown in fig. 5.5D (top). Note that, although the trend of the mean inten-
sity profiles is similar for RMD and BMA, the values differ greatly. This is a consequence
of the wider segmentation ring of BMA (fig. 5.5D, bottom), which, when used to compute
the mean intensity values, introduces the influence of the background signal, unlike the
contained segmentation done by RMD. Furthermore, it can be seen that the BMA profile
shows a fluorescence increase from µ = 250° to 300°, while this effect is much weaker for
RMD. We attribute this apparent increase in fluorescence to the fact that the membrane
shows an outward deformation around µ = 250° (fig. 5.5D, bottom), causing a larger part
of the BMA slices starting from that angle to be filled with membrane as compared to
other slices. Since in RMD the ROI always tightly confines the membrane, extraction of
fluorescence intensity is much less sensitive to membrane shape. Dependent on the na-
ture of the data and the required analysis, the choice of descriptive metrics can have a
significant contribution of imaging artefacts or other sample related noise (see SI). For
example, while both the integrated intensity and the mean intensity are influenced by
the background signal, the latter will also depend on the number of pixels within the
slice. Polydisperse samples, where the vesicle size has a large variation, will thus require
a careful interpretation of the results and likely, a different metric to analyse the data as
compared to more monodisperse samples.

To further illustrate the applicability of both methods in the quantitative charac-
terisation of GUV membranes, we show how RMD can be used to analyse the mem-
brane and content of a deformed vesicle (fig. 5.5E), while we use BMA for an example
on phase-separated membranes (fig. 5.5F). In the first example, a GUV is deformed to a
prolate shape by encapsulated filamentous actin that is bundled by the bundling agent
fascin[109]. We used RMD to track the membrane contour position, and additionally,
we extracted the angular profile for the average actin intensity from the RMD contour
(fig. 5.5E bottom). The plot clearly shows two peaks in membrane position around an-
gles 150 and 340°, which correspond with the peaks in actin intensity. If desired, the
obtained contour coordinates can be exported to compute other shape descriptors of
interest. In this way, membrane deformation by fluorescent structures can be quantified
in an automated way for vesicle populations, enabling an accessible and quantitative ap-
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Figure 5.5: Membrane analysis by DisGUVery. (A) Schematic overview of the refined detection method. Left:
epifluorescence image (inverted) of a GUV with all detected edges (orange). Right: edge points (orange) within
the search box (cyan) of size l x w are connected (red border). (B) Zoom-in on membrane edges detected
by refined detection (red), displayed on top of the inverted epifluorescence image of a GUV. (C) Segmenta-
tion of the membrane area as defined by basic membrane analysis (cyan) and refined membrane detection
(red). (D) Angular profile of membrane properties from the vesicle in (C) extracted by basic membrane anal-
ysis (blue) and by refined membrane detection (red). Top: mean intensity per angular slice with an angular
separation of 5°, and a ring width of 30 pixels for BMA. Bottom: radial distance to inner and outer bound-
ary from the center of the vesicle. (E) Refined membrane detection on a non-spherical GUV deformed by
actin bundles. Insets: composite confocal image of a GUV membrane (red) deformed by actin-fascin bundles
(green) (data by F.C. Tsai, from Tsai et al. [109]). Plot: angular profile of the membrane’s radial distance (red)
and integrated actin intensity (green). (F) Basic membrane analysis of a phase-separated membrane contain-
ing DOPC:DPPC:cholesterol:NBD-DPPE:ATTO655-DOPE in a 31.8:48:20:0.1:0.1 molar ratio. Insets: image of
vesicle labeled with NBD-DPPE (blue) and ATTO655DOPE (red). Plot: angular profile of both dyes extracted by
basic membrane analysis, normalized to unity by subtraction of the minimum signal followed by division by
the remaining maximum signal.
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proach in GUV deformation studies. Besides its use in actin-mediated GUV deformation
studies[109, 110, 113, 114, 359], this analysis is also valuable in other studies on global
vesicle shape deformation, for example by other proteins involved in cytokinesis such
as the bacterial division proteins FtsZ[443] and Min system[296], by other membrane-
binding proteins [64], DNA origami[218], by microfluidic traps[182, 196], or by sponta-
neous membrane fluctuations [5]. Furthermore, RMD could be applied to characterize
local membrane deformations, such as protrusions [444] or nanotubes[90, 430].

In cases where vesicles are rather spherical and their shape well characterised, BMA
is a useful tool to study the fluorescence signal of the GUV membrane. In fig. 5.5F, we
show a GUV composed of a lipid mix of DOPC:DPPC:cholesterol:NBD-DPPE:ATTO655-
DOPE in molar ratio 31.8:48:20:0.1:0.1. In this ratio, the lipids form two spatially sep-
arated phases[344]: a liquid-ordered phase containing mainly DPPC lipids and choles-
terol, and a liquid-disordered phase containing mainly DOPC lipids. While NBD-DPPE
partitions preferentially into the liquid-ordered phase (blue), ATTO655-DOPE accumu-
lates in the liquid-disordered phase (red). Using CHT detection followed by BMA, we ob-
tained the angular profiles of both membrane dyes. The intensity profiles indeed clearly
reveal that both dyes have a preferential presence in either one of the two phases. While
here we show the example analysis for one single GUV, we would like to stress that BMA
performs membrane analysis at high computation speed, enabling the analysis of mem-
brane fluorescence for hundreds of vesicles within minutes. Next to lipid-lipid phase
separation studies, BMA could be used for membrane quenching experiments[61], to
probe the homogeneity of a reconstituted actin cortex [112], or for analysis of spectral
images in lipid packing studies using polarity-sensitive probes[445].

5.2.3. POPULATION ANALYSIS
So far, we have demonstrated DisGUVery’s working principles and the performance of
detection and membrane analysis on single vesicles or single images. However, for the
analysis of GUV experiments it is often desired to analyse large numbers or time-lapse
series of vesicles. We implemented a batch-processing option that allows for the semi-
automated analysis of multiple images, making population characterisation on large
data sets accessible and enabling easy identification of statistical differences. We illus-
trate the potential of the batch-processing feature with two quantitative analyses: bind-
ing of small vesicles to GUVs using membrane-anchored oligonucleotides, and the en-
capsulation of a fluorescent protein inside GUVs.

In the first case, we utilise the membrane analysis module on a population of vesi-
cles where we bound large unilamellar vesicles (LUVs) to GUVs by using membrane-
anchored oligonucleotides (fig. 5.6A-E)[8, 91]. While GUVs have diameters of tens of
microns (fig. 5.6A), the LUVs used in this study have a diameter of approximately 200
nm, close to the size of the diffraction limit. To generate specific binding between GUVs
and LUVs, we incorporated one type of single-stranded DNA (ssDNA) in the GUVs, and
the complementary ssDNA in LUVs. Here, we set out to test if the extent of LUV-GUV
binding could be regulated by varying the DNA concentration. Therefore, we incubated
vesicles either with 0.5¹ M DNA, 1¹ M DNA or no DNA at all prior to mixing LUVs with
GUVs. LUVs were doped with a fluorescently tagged phospholipid for visualization and
quantification. To allow vesicle detection that is not biased by LUV-binding, we inde-
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Figure 5.6: Population analysis. (A-E) Analysis of LUVs binding via membrane-anchored oligonucleotides to
GUV membranes. (A) Atto 488 DOPE-labeled GUVs produced by gel-assisted swelling. (B) Atto 655 DOPE-
labeled LUVs localize on GUV membranes when both are incubated with 1 ¹ M cholesterol-DNA. (C) CHT
detection in the Atto488-channel (inverted contrast). Detected vesicles are indicated with blue circles. (D)
Example of the detection ring of 50 pixels width used for basic membrane analysis. (E) Bar plot of LUV inten-
sity on the GUV membrane at different DNA concentrations. Each point represents the LUV intensity on an
individual vesicle. *** indicates statistically significant difference with p < 0.001. (F-J) Analysis of fluorescent
monomeric actin encapsulated in GUVs using cDICE. (F) DOPC GUVs labeled with 0.1% (mol/mol) 18:1 Cy5
PE. (G) Encapsulated actin of which 10% is labeled with Alexa 488. (H) Composite image of membrane and
actin. (I) Results of FF detection. Masks represent detected vesicles. (J) Mean intensity normalised by popula-
tion average of actin (magenta) and membrane (yellow) plotted against the GUV radius (left) and shown in a
histogram (right). Dashed lines in the scatter plot are linear regression results for actin (magenta, slope is 0.15)
and membrane (yellow, slope is 0.00). All images are epifluorescence images. Scale bar is 20 ¹ m in all images.
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pendently labeled GUV membranes with another fluorescent phospholipid. When both
types of vesicles were incubated with 1¹ M of the complementary DNA strands prior to
mixing, LUVs clearly localized on the GUV membranes (fig. 5.6B, fig. 5.10B), while we
observed no colocalization in absence of DNA(fig. 5.10A). To quantify LUV binding, we
first detected GUVs in the Atto488 channel using CHT detection (fig. 5.6C). Membrane
fluorescence was analyzed using the basic membrane analysis because it is computa-
tionally light and our analysis did not demand a high spatial accuracy (fig. 5.6D). We
chose a large (50 pixel) ring width to be able to extract membrane fluorescence also from
non-spherical vesicles that were naturally present in the sample. While the software ex-
ports different intensity metrics from the angular slices, we performed our analysis us-
ing the intensity maximum per slice to minimize the effect of the background signal (see
SI). Given that the maximum is sensitive to fluorescence outliers, for example caused
by bright membrane structures or touching vesicles, we finally take the median of all
angular maxima to represent the vesicle average. To correct for background intensity,
we subtract the radial intensity average just outside the vesicle from the vesicle-average
LUV intensity. In this way, we analyzed over 1000 GUVs in 50 different images. The re-
sults are plotted in fig. 5.6E. In absence of DNA, LUVs do not bind to GUVs, in line with
what is seen the image (fig. 5.10). Upon DNA addition, membrane analysis shows a clear
increase in membrane localization of LUVs. Furthermore, quantitative membrane anal-
ysis reveals that the LUV intensity is significantly higher when using 1 ¹ M DNA than
0.5 ¹ M DNA (p<<0.001). The data in fig. 5.6E underlines why population statistics can
be essential for analyzing GUV data sets. While vesicles with similar LUV intensity ex-
ist in both populations, a statistical difference between the two populations can only be
proven when a large number of vesicles is analyzed. In this way, high-throughput mem-
brane analysis helps to quantitatively investigate the effect of experimental parameters
on GUV membrane studies.

In the second example of population analysis, we perform an encapsulation analy-
sis using the Encapsulation Analysis module in DisGUVery. Encapsulation of molecules,
proteins, vesicles and even living cells inside GUVs is becoming more and more impor-
tant as GUV-based reconstitution experiments are increasing in complexity[80, 92]. Be-
sides controlling which type of molecules end up in the GUVs, also their concentration
and stoichiometry often need to be regulated in order for them to function properly. It
is essential to evaluate the quality of encapsulation, as this varies substantially between
experiments, depending strongly on the way the GUVs are produced as well as on the
molecule that needs to be encapsulated [16, 175, 276] (see also chapter 3 and chapter 4).
When the encapsulated molecule can be visualized with fluorescence microscopy, the
encapsulation efficiency can be determined as the distribution of internal fluorescence
of the encapsulated molecule across the GUV population. To demonstrate this, we en-
capsulated monomeric actin in GUVs using the continuous Droplet Interface Crossing
Encapsulation (cDICE) technique [3] following the protocol outlined in chapter 3. In this
experiment, 10% of the actin monomers were labelled with Alexa 488 to allow for fluores-
cence visualization. Vesicles were imaged in epifluorescence microscopy to capture the
signal of the entire vesicle volume in a single frame. From fig. 5.6F-H, it can be seen that
the actin signal is strongly enhanced inside the GUVs as compared to the outer solution,
and that the observed fluorescence varies among vesicles. To quantify the encapsulation
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efficiency, we first detected vesicles based on the membrane signal by means of the FF
detection method (fig. 5.6I). The advantage of using FF detection is that detected masks
directly match the projected shape of the vesicle lumen, independent of vesicle shape
and size. Using the output of the FF detection, we extracted the mean intensity of both
the actin and the membrane signal for each vesicle. Furthermore, in each image, we
determined the background signal for each imaging channel by taking the mode of the
intensity histogram. Background signals were subtracted from the mean intensity per
vesicle to finally yield the corrected mean intensity per vesicle. In total, we analyzed 329
vesicles in 22 images of one preparation. In fig. 5.6J we show the distribution of the cor-
rected mean intensities for actin and the membrane. Note that in the epifluorescence
imaging mode, the fluorescence emission from the entire focal volume is projected onto
the imaging plane. Since the focal depth of the system is larger than the vesicle size, we
expect a clear dependency on the vesicle size for any fluorescent molecule distributed in
the volume of the GUV. In contrast, the membrane fluorescence signal is localized in the
surface area of the vesicle, meaning that always the same volume of fluorescent mem-
brane probes is projected onto the focal plane, independent of vesicle size. As a result,
when we plot the mean intensity as a function of radius, we can easily distinguish en-
capsulated proteins from those that localize on the membrane. This offers an alternative
route to probe fluorescence localization despite the lower depth-sectioning of epifluo-
rescence imaging compared to confocal microscopy, enabling faster image acquisition
and facilitating the screening of large datasets. We observe the expected linear trend for
the intensity of encapsulated actin as a function of GUV radius (fig. 5.6J, dashed line)
indicating that actin is distributed through the vesicle volume. The membrane mean
fluorescence, on the other hand, shows no dependency on the vesicle radius, confirm-
ing that the fluorescent probe is membrane-bound. Furthermore, the mean intensity
spread within the same vesicle size is larger for actin than it is for the membrane, re-
flecting the variability from protein encapsulation across vesicles. This analysis yields
a relative measure of variations in encapsulation efficiency among GUVs, which, once
combined with a calibration, could be used to evaluate absolute concentrations inside
GUVs.

5.3. CONCLUSION
Giant Unilamellar Vesicles have become a widely used system for research in biophysics
and synthetic biology. As the versatility and complexity of applications grow, and in con-
cert the number of GUV formation methods, it becomes increasingly important to per-
form rigorous and standardised quantitative analyses. Here, we presented DisGUVery,
an open-source software that we have developed for the high-throughput detection and
analysis of GUVs in a wide range of microscopy images.

Since the detection of GUVs is the first step in any type of analysis, we have done
an in-depth characterisation of the object detection algorithms that we have adapted
and implemented. Our results show that each detector can be used as a filter for specific
vesicle types, and that we are able to overcome the influence of imaging source by careful
selection of the detector. By testing and demonstrating detection in a broad range of
typical GUV samples, we show that DisGUVery fits in with many areas of GUV research.
So far, the simplicity of GUVs combined with our hands-on experience in GUV research
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have allowed us to develop lightweight algorithms with good detection performance.
However, we note that with increased morphological complexity, it might be necessary
to use more complex detectors, such as supervised machine learning. Even then, our
software can serve as an accessible basis for generating training data sets for machine
learning, thanks to the automated high-throughput segmentation algorithms.

As many GUV studies rely on shape and fluorescence of the membrane, we imple-
mented a set of tools for membrane segmentation, which can be chosen depending
on the spatial accuracy needed. Notably, we developed a membrane contour tracking
method by coupling an edge detector with a directional search algorithm that takes ad-
vantage of the unique intensity profile of the membrane fluorescence. Furthermore, we
showed how a contained membrane segmentation can easily identify local deformations
and be less influenced by the background signal, when compared to a user-defined ROI
that segments the membrane. Nevertheless, we illustrated how even a basic segmenta-
tion, in combination with high-throughput analysis, can identify statistical differences
between GUV populations. Although we focused here on the intensity of the membrane,
note that DisGUVery also allows to obtain the angular and radial intensity profiles of any
imaging channel, allowing the user to study spatial distribution of encapsulated con-
tent. Altogether, the membrane analysis modules can be used to extract a wide range of
vesicle properties, including GUV shape, internal fluorescence, membrane localisation
of fluorescent proteins, or formation of internal structures. As such, the software can be
used for all sorts of assays, such as membrane permeabilization studies, reconstitution
of cytoskeletal networks, microfluidic vesicle production, GUV deformation studies, or
membrane fusion assays. Although DisGUVery has been developed originally for de-
tection and analysis of vesicles, the software might be equally useful for data analysis in
other research domains involving similar types of microscopy data, such as colloidal and
interfacial science.

Concluding, DisGUVery offers an accessible way to perform fast but thorough quan-
titative analysis of GUV microscopy images. By combining versatile vesicle detection
and analysis algorithms, the software can robustly be employed for any type of GUV re-
search. This makes DisGUVery a powerful tool that will help the field to progress towards
a more quantitative, population-based research.

5.4. MATERIALS AND METHODS

5.4.1. SOFTWARE ALGORITHMS

IMAGE PREPROCESSING

DisGUVery includes two image preprocessing options to aid vesicle detection: smoothing and
membrane enhancement. Image smoothing is performed by convolution of the original image
with a 2D Gaussian function of user-defined kernel size. Membrane enhancement is based on the
subtraction of a second smoothed image (the subtraction image) from the first smoothed image.
To this end, the user specifies a kernel size (typically 10-20 times larger than the kernel used for
smoothing the image) to create the subtraction image also based on Gaussian smoothing, which
is used to eliminate large scale intensity variations. The subtraction image is then subtracted from
the smoothed image and all pixels with negative intensity values are set to zero, creating the mem-
brane enhanced image.



5.4. MATERIALS AND METHODS

5

115

CIRCULAR HOUGH TRANSFORM DETECTION

We implemented a Circular Hough Transform detection method [435, 446] based on the
HoughCircles function from the OpenCVpackage[447]. The procedure consists of two steps: edge
detection and circle detection. First, edges are detected in an image of size x £ y using a classical
Canny edge detector. The user can pass an edge threshold to the detector to filter out low quality
edges. Using the detected edges, the Circular Hough Transform is applied for circle detection. The
method is well described in ref. [446]. In short, circle detection is done via a ‘voting’ procedure by
voting in the Hough parameter space. To this end, the user passes the minimum and maximum
radius for detection, after which the range is discretized into N radii. A three-dimensional accu-
mulator array of the size (x , y, N ) is created to record votes, where high numbers of votes represent
the circle centers. Initially, the value of all cells in the accumulator matrix is set to zero, after which
the voting procedure is done as follows. For each edge point (i , j ) in the original space, a circle is
formulated in the Hough parameter space centered at (i , j ) with a certain radius r . For each point
(a,b) in parameter space that the circle passes through, i.e. that fulfills (i ¡ a)2 + ( j ¡ b)2 = r 2, the
voting number is increased by one in the accumulator matrix in the corresponding point (a,b, r ).
In this way, the accumulator value increases for points where circles in Hough parameter space
intersect, which correspond to the circle centers in original space. The procedure is repeated for
all radii r . Finally, the local maxima in the matrix are detected to yield the circle center coordinates
(xc, yc) and their radius r v . By passing a Hough threshold to the detector, the user can selectively
detect circles with the highest number of votes, corresponding to the highest quality circles. In
addition, the user inputs a minimum radius between circles, which is used to prevent detection of
multiple local maxima per GUV. Detected circles are drawn in the main display. It should be noted
that detected radii and vesicle centers are approximations because of two reasons. One, the pos-
sible radii are discrete values, following from a discretization of the radii between rmin and rmax
into N values. Two, the membrane signal in the input image represents an intensity maximum,
meaning it provides two edges (an inner and an outer) for the Canny edge detector. Since both
edges are close together, voting results from both edges might overlap, introducing an inaccuracy
in the accumulator values. Refinement of spatial detection of GUV center and image can be done
with Refined Membrane Detection.

MULTISCALE TEMPLATE MATCHING DETECTION

DisGUVery’s Multiscale Template Matching detection is based on the OpenCV[447] function
matchTemplatewith an added template re-scaling option to enable size-invariant detection. First,
a template needs to be selected: a template can be either defined manually from the input image,
or a template image can be loaded. For template detection with a template of size w £ h in an im-
age of size x £ y, the function compares overlapped patches of size w £ h of the image against the
template. By default, the comparison method cv2.TM_CCOEFF_NORMEDis applied where a high
matching coefficient results in a high comparison value. A map of the comparison results is cre-
ated by storing the comparison results in an array of size (x ¡ w +1)£ (y ¡ h +1). Object detection is
then performed by finding the local maxima in the comparison map. The user can pass a match-
ing threshold to retain only high-quality results. Multiscale template matching is performed by
resizing the template with a scaling factor a using OpenCVfunction resize to templates of size
aw £ ah . Scaling factors are computed by the software from the user inputs minimum rescaling
factor, maximum rescaling factor, and number of scales. The output generated by the software are
the object locations xc, yc and the bounding boxes of size aw £ ah .

FLOODFILL DETECTION

Vesicle detection by Floodfill is implemented as follows. It is highly recommended to start with
membrane enhancement for FF detection, as detection relies on absolute intensity differences.
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The most important step for Floodfill detection is the binarization of the image. The image is first
thresholded with a user-defined relative threshold value. The absolute threshold is computed by
multiplying the input value with the median of all positive pixels (intensity higher than 0). Then,
the absolute threshold is used to binarize the image, the result of which can be inspected in the
GUI. Here, foreground pixels or membrane pixels have intensity value 1 (white), while background
pixels have value 0 (black). DisGUVery’s FF detection works by flooding background pixels in the
outer solution which are connected using the FloodFill function of the OpenCVpackage. When
pixels are flooded, their intensity is set to a different number. In this way, all background pixels in
the exterior solution get a different value from background pixels in the GUV lumen and thus can
the GUV interiors be distinguished. Flooding is started from a single point, the seed point, which
must be located in the outer solution. After flooding, a binary mask of the size of the image is cre-
ated where pixels belonging to the lumen of all GUVs are set to 1. The lumen masks will naturally
contain holes, due to interior membrane structures or noise. These holes are filled by performing
a second floodfilling step on the binary mask, flooding all pixels in the image except for the GUV
interiors and the holes in the GUV masks. The filled GUV masks can then be collected by select-
ing all pixels with intensity value 0 and 1 and are stored in a second binary mask. All connected
pixels are detected as a single GUV, after which objects smaller than the user input minimal area
are discarded, and each separate GUV is labeled as a different object. Finally, DisGUVery creates
as output the x , y matrix containing the labeled objects.

BASIC MEMBRANE ANALYSIS

Basic Membrane Analysis can be performed after vesicle detection. First, for each detected vesi-
cle a region of interest (ROI) is created around the membrane based on the detection results. The
ROI can be inspected in the image, after which angular and radially integrated intensity profiles
are extracted from the ROI. The region of interest with a selected width w is defined differently
dependent on the GUV detection method used. For a vesicle detected by CHT with radius r , two
concentric circles are drawn from the vesicle center with r i n = r ¡ w /2 and rout = r + w /2 that to-
gether form a ring-like ROI. To obtain the angular intensity profile, the area confined by the inner
and outer edge is divided into na angular slices calculated from the user input angular width per
slice dµ (°). From each slice, various region properties for fluorescence intensity (minimum, max-
imum, average, background-corrected average and sum) are obtained. Furthermore, the radial
distance of the ROI inner and outer edge, r i n (µ) and rout (µ), respectively, can be extracted. Simi-
lar to extracting the angular intensity profile, the radial intensity profile is obtained by specifying
the radial integration width dr (pixel), used to calculate the number of radial rings n r . Integrat-
ing over all angles, the software then extracts region properties for all radial rings from the vesicle
centre r 0 = 0 to rout (µ). For each radial ring, various intensity metrics are obtained (minimum,
maximum, average, background-corrected average and sum).

REFINED MEMBRANE DETECTION

The Refined Membrane Detection method consists of two steps: first all edges in the image are
detected (the edge tracking step), then edge points are chained together and assigned to either the
outer or the inner edge of a GUV membrane (the chaining step). Edges are tracked with a mod-
ified Canny edge detection algorithm with the wavelet transform (WT) as outlined in ref. [448].
By using the first derivative of a Gaussian in the WT, the 2D smoothed gradient of the image is
computed [449]. In addition, for each point in the image the amplitude of the gradient (the WT
modulus) and its direction (the WT argument) are obtained. These are passed to a modified Canny
edge detector [333] in order to compute the edges. At each image coordinate, a point is consid-
ered to be an edge if the wavelet transform modulus is a local maximum, or the intensity in that
point has the steepest gradient, when compared to its neighbouring pixels. The comparison is
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made with the pixels that follow the argument of the wavelet transform at that point, that is, in
the direction of the steepest gradient which is across the membrane. To distinguish ‘true’ edges
from falsely detected edges, points are chained together and a double hysteresis algorithm is ap-
plied to connect weak with strong edges[333]. This process finally results in an edge mask that
contains all the true edges of the entire image. For the second step, we developed a directional
search algorithm to chain edge points and to assign them to either the inner or the outer edge of
the membrane. The search occurs at each detected edge point, chosen at random, by chaining
the neighbouring points contained within a defined search box centred around the point of in-
terest and typically of aspect ratio > 2:1 (length: width). The orientation of the box is determined
as orthogonal to the argument of the wavelet transform at the chosen point. Given that the WT
argument will follow the direction where the gradient is steeper, thus across the membrane, its
orthogonal direction will likely follow the points along the membrane. Lastly, all chains are mea-
sured by the number of points within, and the two longest chains will be assigned to the outer
and inner edge of the membrane (fig. 5.5B). This directional search with a bounding box allows to
chain points together without the need of them being connected. Furthermore, it enables the user
to distinguish the enclosing GUV membrane, which is the membrane separating the inner from
the outer solution, from internal membranes and secondary membrane structures such as tubes.
Dependent on the membrane appearance, for example its thickness in the image, or the presence
of secondary membrane structures, the user can define the length and width of the search box to
fine-tune the tracking results. Finally, two lists of x and y coordinates are produced for the inner
and outer edge of the GUV membrane. By calculating the centre of mass of the detected contours,
the vesicle centre is refined. The angular profiles of radial distance from the vesicle centre to the
inner and outer edge are calculated and can be exported. Furthermore, an ROI is defined between
the two membrane edges, which can be used to extract angular and radial fluorescence profiles
such as described above for BMA.

ENCAPSULATION ANALYSIS

The Encapsulation Analysis module uses masks of GUV interiors to collect all fluorescence inten-
sities from under those masks. The user has various options to create the masks. First, the user can
directly use the results from one of the three GUV detection methods as a mask. This yields circular
masks for CHT, rectangular masks for MTM, and free shape masks for FF detection. Depending on
the detection method chosen and the spatial accuracy required, the user can choose to perform
an additional refinement step to refine the shape of the mask. In this refinement step, the image is
first segmented using rectangular bounding boxes defined by the vesicle detection results. Then,
for each GUV in its bounding box, FF detection is applied as described above to yield masks with
fitting shape.

5.4.2. EXPERIMENTAL DATA

CHEMICALS AND PROTEINS

From Avanti Polar Lipids we obtained the lipids L-®-phosphatidylcholine (eggPC), 1,2-dioleoyl-sn-
glycero-3-phosphocholine (DOPC), 1,2-distearoyl-sn-glycero-3-phospho-ethanolamine-N-
[methoxy(polyethylene glycol)-2000] (PEG2000-DOPE), 1,2-dipalmitoyl-sn-glycero-3-phospho-
choline (DPPC), 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(Cyanine 5) (Cy5-DOPE), 1,2-
dipalmitoyl-sn-glycero-3-phosphoethanolamine-N-(7-nitro-2-1,3-benzoxadiazol-4-yl)
(NBD-DPPE) and 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(lissamine rhodamine B sul-
fonyl) (Rhodamine-DOPE). The lipids ATTO 488 DOPE and ATTO 655 DOPE were obtained from
ATTO-TEC GmbH (Siegen, Germany). All lipids were stored in chloroform at -20 °C under argon.
The chemicals D-(+)-glucose, sucrose, Tris-HCl, KCl, 1-octanol, glycerol, Poloxamer 188, choles-
terol, dithiothreitol (DTT), protocatechuic acid (PCA) and the proteins protocatechuate dioxyge-
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nase (PCD) and ¯ -casein were obtained from Sigma Aldrich. For gel-swelling, we used poly-vinyl
alcohol (PVA) of 145 kDa, 98% hydrolysed, obtained from VWR, Amsterdam, the Netherlands.
Actin for the encapsulation experiments was purified in house as described in ref. [450]. Alexa-
488 labeling of actin was done in house following ref. [406].

GUV IMAGING

The protocols for GUV formation are described below. Depending on the formation method, pro-
duced GUVs were transferred to one of two types of imaging chambers: small 20¹ L wells assem-
bled by using silicone gaskets, or 150¹ L wells made by using PCR-tubes. The small wells were used
for samples of high GUV density, such as gel-swelling experiments, while the large wells were used
to image GUVs produced at lower concentrations such as eDICE. For the preparation of small
imaging wells, we first rinsed a 24x50mm cover glass (No. 1.5H, Thorlabs) with ethanol, water
and ethanol, and then blow-dried it with nitrogen. Then, an 8-well silicone spacer (6 mm diam-
eter x 1 mm depth, CultureWellTM, Grace Bio-Labs) was pre-wetted with isopropanol, dried with
nitrogen gas and placed on top of the glass. To each well, we added 15 ¹ L of ¯ -casein solution
(1 mg/mL ¯ -casein, 10 mM Tris-HCl pH 7.4) and let it rest to passivate the glass surface against
membrane adhesion. After 15 minutes, the solution was removed with a tissue and the chambers
were blow-dried with nitrogen gas. We added to each well first 15 ¹ L of an isotonic glucose solu-
tion and then 5 ¹ L of vesicle solution. Due to their higher density, vesicles sunk to the bottom of
the chamber, which facilitated imaging. The chamber was then closed from the top with a glass
slide (1mm thickness, Thermo Scientific) to prevent solvent evaporation and minimize flow in the
sample. Large imaging chambers were made by gluing a PCR tube with a cut bottom upside down
on a 24x50 mm coverslip that had been cleaned as described above. The chamber was passivated
by treating it for 15 minutes with a 1 mg/mL ¯ -casein solution in milliQ water containing 10mM
Tris-HCl at pH 7.4, after which the chamber was rinsed with milliQ water and blow-dried. Then,
150¹ L of vesicle sample was added and the chamber was closed by placing the lid of the PCR tube
on top.

All GUV images (except fig. 5.3C and fig. 5.5E, as described below) analyzed in this work were
obtained using an inverted microscope (Nikon Ti Eclipse) with a digital CMOS camera (Orca Flash
4.0). The different objectives and imaging settings used for the respective experiments are speci-
fied below.

GUV FORMATION PROTOCOLS

The vesicles that were used to illustrate DisGUVery’s workflow (fig. 5.1A), to test detection (fig. 5.2),
the high density GUVs growing on top of a hydrogel (fig. 5.3A) and the compartmentalized vesi-
cle (fig. 5.3D) have been produced by PVA(poly-vinyl alcohol)-assisted swelling following ref. [76]
with minor modifications. In short, glass coverslips (24 x 24 mm, Menzel Glaser) were rinsed with
water and ethanol, blow-dried with nitrogen, and plasma-treated for 30 seconds to create a clean
and reactive surface. Then, 100¹ L of a viscous 5% (w/v) PVA solution was spread over the cover-
slip to create a thin layer. The coverslip was baked in the oven at 50 °C for 30 minutes to form a
gel. After baking, 10¹ L lipids in chloroform at a total lipid concentration of 1mg /mL was spread
over the gel using a Hamilton syringe. Typically, membranes consisted of 99.9% EggPC lipids and
0.01% fluorescent ATTO 655 DOPE. GUVs were swollen for 60 minutes in a swelling solution con-
taining 200 mOsm sucrose and 10 mM Tris-HCl at pH 7.4. After formation, GUVs were harvested
and transferred to a small imaging well (described above) containing an isotonic glucose solution
(200 mOsm glucose, 10 mM Tris-HCl at pH 7.4). The images in fig. 5.1, fig. 5.2 and fig. 5.3D were
taken using a 100x oil immersion objective with a phase ring (NA 1.45, Ph 3, Nikon) at an exposure
time of 100ms for all imaging methods used. For epifluorescence imaging, the sample was illumi-
nated with monochromatic LED light of 640nm (Lumencor Spectra Pad X), at 25% of the maximum
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power. Confocal images were gathered on the same imaging set-up using a spinning disk confocal
(Crest X-light) with pinhole size 70¹ m and illumination at 75% of full intensity. Phase contrast
images were acquired with the microscope’s DIA illuminator switched on at a voltage of 10.5V
and using the corresponding phase mask in the microscope’s condenser. For the image shown
in fig. 5.3A, the coverslip with PVA gel and dried lipids on the microscope. The image was taken
in epifluorescence mode using a 60x long working distance water immersion objective (CFI Plan
Apochromat VS 60x WI, Nikon) 10 minutes after addition of the swelling buffer.

Actin-deformed GUVs shown in fig. 5.3C and also in fig. 5.5E were produced by F.C. Tsai as
described in detail in ref. [109]. In short, GUVs of a lipid composition of DOPC:Rhodamine-DOPE:
PEG2000DPPE in a molar ratio of 94.8:0.2:5 were produced by gel-assisted swelling on top of an
agarose gel. Actin was encapsulated by adding it to the swelling solution at a concentration of
12¹ M , and at a 5:1 molar ratio with respect to fascin. 20-30 mol% of the actin was labeled with
Alexa488 to allow fluorescence visualization. After formation, GUVs were harvested and imaged by
confocal fluorescence microscopy. Images were taken with a Nikon Eclipse Ti inverted microscope
equipped with a Nikon C1 confocal scanhead, a 100x NA1.4 Plan Apo oil immersion objective and
lasers with wavelengths 488 nm and 543 nm.

Microfluidic vesicle production (fig. 5.3B) was done with the octanol-assisted liposome assem-
bly (OLA) technique following ref. [77] (see chapter 4). Lipids were used in a composition of DOPC:
Rhodamine DOPE in molar ratio 99.5:0.5. The inner aqueous solution consisted of 5% (v/v) glyc-
erol in milliQ water, and the outer solution of 15 % (v/v) glycerol and 5% (w/v) Poloxamer 188.
GUVs were imaged directly on-chip in the post-formation channel with a 10x air objective (Plan
Fluor, NA 0.3, Nikon).

Phase-separated GUVs (fig. 5.5) were produced by gel-assisted swelling as described above,
but with minor modifications. Lipids were dried in a mixture of DOPC:DPPC:cholesterol:
NBD-DPPE:ATTO655-DOPE in molar ratio 31.8:48:20:0.1:0.1. In addition, swelling was done in
a 37°C room to be above the membrane transition temperature, and thus to ensure proper mixing
of lipids during formation. GUVs were imaged in the small imaging chambers.

DNA-mediated vesicle binding was performed following ref. [8] and ref. [91] . GUVs with
a membrane composed of DOPC:ATTO 488 DOPE in molar ratio 99.5:0.5 were produced by gel-
assisted swelling as described above in a solution containing 100mOsm sucrose, 100mM KCl and
10mM Tris-HCl at pH 7.4. LUVs were produced by adding lipids in chloroform to a Pyrex glass
tube, in a lipid composition of DOPC:ATTO 655 DOPE as 99.95:0.05 (mol/mol). After drying lipids
for 1 hour in a vacuum desiccator, the dried film was resuspended by vortexing for 2 minutes in
a solution containing 100mMKCl and 10mM Tris-HCl at pH 7.4 to a final lipid concentration of
0.5mg /mL . To produce 200nm LUVs, the suspension was extruded (Mini Extruder, Avanti Polar
Lipids Inc.) 21 times over a polycarbonate membrane with pore seize 200nm (Nuclepore, What-
man). To introduce specific binding between LUVs and GUVs, we used two complementary DNA
strands (DNA1 and DNA10) with a cholesterol moiety for membrane anchoring[8] (biomers.net,
Ulm, Germany). The DNA strands were tagged with cholesterol on opposite ends to allow an-
tiparallel binding, as is typically used for DNA-mediated membrane fusion assays [9]. The full
sequences were taken from ref. [91] and read:

chol-DNA1 : 50¡ TGGACATCAGAAAGGCACGACGA-cholesterol-TEG ¡ 30

chol-DNA10: cholesterol-TEG-50TCCGTCGTGCCTTATTTCTGATGTCCA ¡ 30

Note that the sequences do not fully overlap, which results from an error in the origi-
nal publication (K. Jahnke, personal communication, 2021). For one hour, LUVs were
incubated with 1¹ M of chol-DNA1, and GUVs with 1¹ M of chol-DNA10. After DNA in-
cbuation, GUVs and LUVs were mixed, left to bind for one hour, and finally imaged in
the PCR tube imaging chamber in a solution containing 100mOsm glucose, 100mMKCl
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and 10mM Tris-HCl at pH 7.4. Images were taken in epifluorescence mode using a 100x
oil immersion objective (CFI Plan Apochromat VC 100x oil, NA 1.40, Nikon) with an ex-
posure time of 100 ms at 508 nm and 640 nm to image LUVs and GUVs, respectively.

Vesicles containing monomeric actin were produced as in ref. [175] . Lipids were
mixed in a molar ratio of DOPC:PEG2000-DOPE:Cy5-DOPE 99.89:0.01:0.1. We encapsu-
lated 4.4 ¹ M actin in G-buffer of which 10% was labeled with Alexa-488 to allow fluores-
cence visualisation. The encapsulated solution also included 1mM dithiothreitol (DTT),
1¹ M protocatechuic acid (PCA) and 1¹ M protocatechuate dioxygenase (PCD). Epifluo-
rescence images were taken with a 100x oil immersion objective (CFI Plan Apochromat
VC 100x oil, NA 1.40, Nikon) at a wavelength 640 nm with 10% and 100 ms exposure time,
and at 470 nm with 20% and 500 ms exposure time to visualise the vesicle membrane and
actin content, respectively.

5.5. ACKNOWLEDGEMENTS
We thank Martin Depken for useful discussions on evaluation of vesicle detection perfor-
mance, Britta Bor, Gerard Castro Linares and Lucia Baldauf for performance evaluation
of vesicle detection, Tom Aarts and Lucia Baldauf for images on DNA-mediated vesi-
cle binding and Jeffrey den Haan for protein purification and labeling. This project was
partly funded by ‘BaSyC - Building a Synthetic Cell’ Gravitation grant of the Netherlands
Ministry of Education, Culture and Science (OCW) and the Netherlands Organization for
Scientific Research (NWO).



5.6. SUPPORTING INFORMATION

5

121

5.6. SUPPORTING INFORMATION

5.6.1. MEMBRANE ANALYSIS METRICS
DisGUVery’s membrane analysis modules Refined Membrane Detection (RMD) and Ba-
sic Membrane Analysis (BMA) support the use of different metrics to extract membrane
fluorescence. This section should serve as a guide to choose the right metric according
to the imaging source and research goal.

ONE-DIMENSIONAL INTENSITY PROFILE

We consider a lipid bilayer membrane dyed with a fluorescent lipid. Since the mem-
brane is thinner than the diffraction limit, the fluorescence intensity profile is given by
the point spread function (PSF). We assume the PSF to be a Gaussian function, for a
one-dimensional signal given by:

I (x) = Ae¡ (x¡ r )2

2¾2 (5.2)

where x is the radial distance with respect to the GUV centre, r is the GUV radius, A is
the amplitude of the signal and ¾ is the standard deviation, or the width of the point
spread function. ¾can be determined experimentally by fitting a Gaussian curve to the
one-dimensional data.

In practice, fluorescence imaging is subjected to various sorts of noise (see fig. 5.7A).
First, there is the camera read-out noise which contributes to a random noise in each
pixel, I cam (x). Second, there is noise caused by out-of-focus fluorescence, ambient light
and excitation light, which together add up to a minimum level of background fluores-
cence Ibg (x). We split this background fluorescence in two contributions: a contribution
Ibg,0 that is constant over the entire image, originating from e.g. excitation light and am-
bient light, and a varying contribution caused by out-of-focus fluorescence, Ibg,z . Con-
sidering the membrane signal I (x) of a particular GUV, the most dominant contribution
to Ibg,z comes from the out-of-focus membrane fluorescence of that GUV, which is high
in the GUV interior and low outside the vesicle. We therefore write Ibg,z as a Heavyside
step function, with the interior out-of-focus fluorescence depending on the z-resolution
of the system c (between 0 and 1, where 1 means good z-resolution, e.g. scanning con-
focal microscopy) as well as the membrane signal as:

Ibg,z(x) = {
(1 ¡ c)A, if x < r

0, otherwise
(5.3)

Summing up, we obtain the total noise contribution:

Inoi se(x) = I cam (x) + Ibg,0 + Ibg,z(x) (5.4)

Including the noise in the experimentally obtained signal, we write:

I (x) = Ae¡ (x¡ r )2

2¾2 + I cam (x) + Ibg,0 + Ibg,z(x) (5.5)

From the fluorescent signal, various metrics can be calculated to report a membrane
intensity. The membrane is first segmented by an inner radius r i n and an outer radius
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r out . For a one-dimensional profile, the software can then obtain the sum of the signalP
(I (x)) between r i n and r out , given by:

X
I (x) =

routX

x=r i n

(Ae¡ (x¡ r )2

2¾2 + +I cam (x) + Ibg,0 + Ibg,z(x))´x (5.6)

where ´x is the integration unit, typically the size of a pixel. Integration is done over a
total number of N pixels, defined by N ´x = r out ¡ r i n . Using N , we can simplify eq. (5.6)
to:

X
I (x) = N I bg,0 +

routX

x=r i n

(Ae¡ (x¡ r )2

2¾2 + I cam(x) + Ibg,z(x)))´x (5.7)

The average signal I (x) can be calculated from eq. (5.7) by dividing over the number of
pixels:

I (x) = Ibg,0 +
1

N

routX

x=r i n

(Ae¡ (x¡ r )2

2¾2 + I cam(x) + Ibg,z)´x (5.8)

Since I cam is random, when integration is done over a large number of pixels, or large N ,P N
x=0 Inoi se(x) ! 0 leaving:

X
I (x) = N I bg +

routX

x=r i n

(Ae¡ (x¡ r )2

2¾2 + Ibg,z)´x (5.9)

I (x) = Ibg +
1

N

routX

x=r i n

(Ae¡ (x¡ r )2

2¾2 + Ibg,z)´x (5.10)

As can be seen from eq. (5.9) and eq. (5.10), both the summed membrane intensity and
average membrane intensity are influenced by the background signal Ibg and thus re-
quire background subtraction. In addition, we see the average signal is dependent on
the number of pixels. This means that care should be taken when the number of pixels
differs between vesicles, e.g. because vesicles have different sizes. Furthermore, it is im-
portant to note that when N is small, e.g. using a narrow membrane segmentation, I cam

can have a dominant contribution.
Another descriptor that is often used to quantify membrane fluorescence is the max-

imum intensity. While the maximum intensity is a parameter that is easy to extract, its
value is affected by pixelation and noise effects. For a continuous signal without noise,
the maximum is simply given by the signal amplitude A. However, because of pixelation
in the image, we do not find the fluorescence intensity exactly at the membrane position,
but at a position that is at maximum xp separated from r , where xp is the size of a pixel.
For a signal without noise, the maximum intensity that is seen is given by:

Imax = Ae¡
x2

p

2¾2 (5.11)

Assume we have a 100x objective with a pixel size of 60nm and a PSF of 240nm , and as-
sume that ¾ is half the width of the PSF, then Imax = 0.9A. However, for a typical 10x ob-
jective with a pixel size of 600nm and a PSF of 1.2¹ m , Imax = 0.6A. Resolution can thus
have a serious impact on the maximum intensity determined from a one-dimensional
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profile. Moreover, random noise in the image can affect the measured membrane posi-
tion. Suppose that we have 20% noise (with respect to A), we can calculate the possible
shift in membrane position ´x due to addition of this noise. The signal with noise is given
by:

I (´x) = Ae¡ ´x2

2¾2 + 0.2A (5.12)

We then find the shift in membrane position by identifying the ´x for which I (´x) = A,
finally yielding ´x = 0.6¾. For a noise level of 50%, this yields ´x = 1.2¾. Assuming a ¾of
2 pixels, noise can cause a shift of one or two pixels dependent on the imaging settings.

TWO-DIMENSIONAL INTENSITY PROFILE

When considering the two-dimensional intensity profile, two other effects of pixelation
must be taken into account.

Figure 5.7: Discretisation artefacts in membrane analysis. (A) Theoretical (black) and predicted experimen-
tal (red) one-dimensional membrane intensity profile of a GUV. The experimental profile is calculated with
eq. (5.5) and eq. (5.3). While the theoretical profile is a simple Gaussian, the experimental profile is subjected
to noise of various origins. Here, the radius r = 20px , ¾= 2px , A = 30, Icam = 5, confocality factor c = 0.7, and
Ibg,0 = 10. The red shaded part denotes the segmented area based on r i n = 13 and rout = 27. (B,C) Discretisa-
tion effects in two-dimensional signal analysis. Segmentation lines are shown in red, the GUV membrane in
black. (B) The apparent GUV size in the image imposes a minimum angular separation for integration. Inte-
gration should not be done with slices smaller than the pixel size. For a small GUV with a radius of 10.5 pixels,
the minimum µ is 6°(left), while a more precise angular separation of 3° can be used for a vesicle twice as large
(right). (C) Edge effects impact intensity analysis. Pixels located at the edge of the segmentation area (yellow
pixels) are more prominent for smaller segmentation areas (left) as compared to larger regions (right). The size
of the segmentation area is defined by the width of the ring as well as the angular separation.

First, angular slices must have a minimal thickness to extract pixel intensities from
the slice (fig. 5.7B). While thinner slices approach one-dimensional intensity profiles,
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the slice thickness decreases when getting closer to the vesicle center. We compute the
minimal angular separation µ where the slice thickness is larger than a pixel at a radial
distance x . With the circle perimeter at a radial distance x given by L = 2¼x , and the

number of slices given by N = 360/µ, the perimeter of an angular slice is ´L =
2¼x

N
. For

´L > 1, we need µ > 180
¼x . For a radial distance of 10 pixels, that is an angular separation of

at least 6°. This effect is especially important for smaller vesicles or lower magnification
images.

Second, the angular slice is drawn with four continuous lines, meaning that the edges
of the mask run right through pixels(fig. 5.7C). This means that pixels that are partly out-
side the mask are weighed disproportionally into the average, while pixels partly inside
the mask might be ignored. This effect is stronger for smaller slices. To get an idea of
the number of pixels within the mask versus the number of pixels under the edge of the
mask, we calculate the area and the perimeter of the angular mask. The area of the mask
can be calculated by:

Asl i ce =
µ

360
(Ac,out ¡ Ac,i n ) (5.13)

Asl i ce = ¼
µ

360
(r 2

out ¡ r 2
i n ) (5.14)

The perimeter, or the number of pixels at the borders of a slice can roughly be calculated
by summing up the length of the four sides:

Nedge = 2(r out ¡ r i n ) + ¼
µ

360
(r out + r i n ) (5.15)

Suppose we have a vesicle of 10¹ m radius. When imaged with an 100x objective
with pixel size 60nm and a PSF of 240nm , the membrane has an apparent thickness
of 4 pixels, while the distance to the center of the vesicle is 150 pixels. Using an angular
separation of 5 °and a total width of 12 pixels around the membrane, r i n = 140, r out = 160,
we obtain Asl i ce/Nedge » 4. This means that pixels at the edges have a relative small
contribution, and thus that data can safely be extracted by integration. Problems arise
when the size of the object in the image decreases. If we image the same vesicle with a
10x objective with pixel size 600nm and PSF 1.2¹ m , we obtain a membrane width of 2
pixels and a radial distance of 15 pixels. Now, using a ring of 3 times the membrane width
gives us r i n = 12 and r out = 18, resulting in Asl i ce/Nedge » 0.5. Since edge pixels would
weigh disproportionally large in this situation, it would be better to extract membrane
intensities with one-dimensional extraction methods.
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5.6.2. SUPPORTING FIGURES

Figure 5.8: Detection precision. Precision of vesicle detection for different imaging types calculated from the
same performance analysis results as shown in fig. 5.2G.

Category Observer 1 Observer 2 Observer 3 Observer 4 average

Standard 93 84 103 89 92
Edge 59 59 63 68 62

Unsharp 17 13 14 18 16
Anomalous 15 61 13 32 30

Table 5.1: GUV population sizes from detection classification. Population sizes of vesicles in the different
subcategories as counted by the four different observers in fig. 5.2H. The last column indicates the population
size averaged over all observers.
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Figure 5.9: Gallery of example vesicles from different subcategories. In images containing multiple vesicles,
the example vesicle has been indicated with an arrow. (A-D) Standard vesicles. (E-H) Vesicles at the edge of the
image. (I-L) Vesicles that are out of focus. (M-P) Anomalous vesicles.

Figure 5.10: Binding of LUVs at different DNA concentrations. Images are epifluorescence images of Atto488
DOPE incorporated in the GUV membrane (red) and Atto 655 DOPE in the LUV membrane (cyan). Scale bar
is 20 ¹ m in all images. (A) At 0.5¹ M cholesterol-DNA, LUVs bound to the GUV membrane. (B) No membrane
localization was observed in absence of cholesterol-DNA.



6
MEASURING MEMBRANE

MECHANICS

Membrane reshaping is crucial for cellular functions like migration and cytokinesis. While
we know that shaping of mammalian cells is primarily regulated by the membrane-an-
chored actin cortex, we still have a poor understanding of how the membrane and the
underlying cortex together in�uence cell surface mechanics. A multitude of techniques
has been developed for measuring membrane elastic moduli, of which the most popu-
lar are vesicle �uctuation analysis (VFA) and micropipette aspiration (MPA). Although
these techniques have been amply employed, we found that their implementation can be
rather challenging. In this chapter, we describe a detailed work�ow for the experiments
and analysis of both VFA and MPA measurements, while providing practical �xes for typ-
ical challenges in their implementation. We validate the quality of our new experimen-
tal setup and protocols by a series of benchmark measurements of bending moduli and
stretch moduli of model lipid membranes. Finally, we describe how VFA and MPA can be
employed in future to mechanically characterize synthetic cells with a reconstituted cortex,
and in this way to gain a fundamental understanding of cellular shaping mechanisms.

Fluctuation data on GUVs encapsulating streptvidin and actin cortices was obtained by Sophie Sandy and
Lucia Baldauf.
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6.1. INTRODUCTION
Mammalian cells need to change their shape for many cellular functions. For exam-
ple, during cell division, they first round up, and then deform to a dumbbell-shape, in-
volving a progressive constriction of the neck region [451]. Migrating cells form actin-
based membrane protrusions such as flat lamellipodia and thin finger-like filopodia at
their leading edge [452, 453]. While cytokinesis involves membrane deformation on a
length scale of micrometers, actin protrusions typically have dimensions on the order of
nanometers. The mechanism by which cells are able to deform their surface over this
wide span of length scales has fascinated biologists for decades.

Cell shape change involves a mechanical deformation of the cell surface. To mea-
sure and understand the mechanics of the cell surface, a multitude of techniques has
been developed. The first device to measure cell surface mechanics was developed al-
ready in the 1950s by Mitchison and Swann [6]. This was only several years after the first
microscopic film of cell division by Dr. Kurt Michel in 1943 [454]. Based on Michel’s
film, Mitchison and Swann developed the hypothesis that cell division was driven by
mechanical expansion of the cell membrane. To test this hypothesis, they built a device
that was able to deform the cell surface, coined The Cell Elastimeter [6]. By using a glass
micropipette connected to a water reservoir, that was moveable in the vertical direction
by a screw, they were able to apply a suction pressure and to draw in sea urchin eggs
into the pipette. Upon further change of pressure using the screw, while following the
egg deformation with an optical microscope, they were able to probe membrane defor-
mation at a range of aspiration pressures. By aspiration, forces are primarily applied to
the cell surface, allowing one to probe mechanics of the cell surface. Originating from
this historic device, with remarkably little adjustments, the micropipette aspiration as-
say (MPA) was developed [7] that is still being used extensively nowadays. A major im-
provement has been more precise control of applied pressures and timing, for example
by using a motorized stage for control of the water bath height [274, 455]. In addition,
better microscopes are being used nowadays that give enhanced spatial resolution, such
that MPA can be performed on cells that are much smaller than sea urchin eggs [456].
Furthermore, an interferometric technique was developed recently to provide real-time,
sub-nanometer resolution of MPA measurements [457].

Over the years, MPA has been indispensable for the mechanical characterisation of
cells [456], nuclei [458], and membranes of giant unilamellar vesicles (GUVs) [56]. Since
the aspiration setup can be used to increase cell surface tension up to several mN/m,
MPA can be employed to measure the membrane’s mechanical response in different ten-
sion regimes. For example, one can measure the membrane’s bending rigidity at low
membrane tensions, the area compressibility modulus at higher membrane tensions,
and even the membrane’s lysis tension where the membrane ruptures [459]. Further-
more, MPA allows controlled cell deformation in combination with brightfield or fluo-
rescence microscopy, which has opened up possibilities to study how cellular structures
play a role in cell deformation [460, 461].

Despite the usefulness and wide versatility of the micropipette aspiration technique,
a major drawback is the low throughput of the technique, as one typically measures one
vesicle at a time. Moreover, MPA measurements require a complex experimental set-up,
measurements are challenging to conduct, and interpretation can be difficult because
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MPA operates in the non-linear regime. Lately, some microfluidic aspiration techniques
have been developed to increase measurement throughput, where microfluidic chips
allow aspiration of multiple cells simultaneously [462–464]. In addition, recent publica-
tions show automation of MPA measurements, possibly paving the way for more user-
friendly experimentation [465, 466].

A much simpler technique to probe lipid membrane mechanics is called vesicle fluc-
tuation analysis (VFA), which is based on observation and analysis of the spontaneous
fluctuations of membranes. Since lipid bilayers have a thickness of only several nanome-
ters [467], and bilayer lipids are solely linked by non-covalent interactions, membranes
are remarkably soft and are even deformable by thermal fluctuations. These sponta-
neous deformations were first reported as the ’flickering’ of red blood cells already back
in 1890 [468]. Since then, membrane elasticity theories were developed that directly con-
nect the amplitude of membrane fluctuations to the bending rigidity and membrane
tension [4]. VFA is the most popular method to probe bending rigidity nowadays, as it is
an easy, fast and non-invasive experimental technique that requires only a microscope
and a digital camera. In this way, acquiring data on a single vesicle can be done in a
couple of minutes. Furthermore, interpretation of VFA data is easier than for MPA, as
mechanics are probed in the linear regime. In the past decades, VFA has been employed
to characterize bending moduli of a wide range of membranes, including charged mem-
branes [469], cell-derived plasma membrane vesicles [470] and membranes containing
sterols [341, 471].

A major constraint of the VFA method is that the membrane should exhibit ther-
mal fluctuations. This implies that VFA can not be employed to measure membranes
at high tension or with high rigidity. While VFA can be used to measure mechanics of
red blood cell membranes that are supported by a comparatively soft spectrin network
[472, 473], membranes supported by a more rigid actin cortex are typically probed by
active methods [474–478]. Otherwise, measuring thermal fluctuations with higher spa-
tial and temporal resolution using quadrant photodiodes instead of cameras, opens up
ways to measure spontaneous fluctuations in presence of an actin cortex [479, 480].

In addition to MPA and VFA, there are various other ways to measure membrane
mechanics, which can be distinguished as either active or passive techniques [16, 51,
481, 482]. Other methods involving active membrane deformation include electrodefor-
mation, where GUVs are being deformed by an electric field [471] or tube pulling, where
lipid nanotubes are pulled from an aspirated vesicle [483]. In addition, mechanics can be
probed using microrheology[474], indentation[476], or mechanical compressoin[475].
Otherwise, passive membrane mechanics measurements can be based on X-ray scat-
tering on lipid bilayers [484]. It is good to note that not all techniques access the same
properties. For example, while MPA and electrodeformation can be used to measure the
membrane stretch modulus in addition to bending rigidity, VFA and tube pulling are lim-
ited to bending moduli. Furthermore, MPA can be used to probe lysis tension, a property
inaccessible by passive techniques. In addition to experimental techniques, molecular
dynamics simulations provide helpful insights [485].

Setting up a mechanical experiments requires a number of design choices. First, one
should consider which technique to use, depending on the required sensitivity and the
mechanical properties of interest (reviewed in [52, 486, 487]). Second, it is known that
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membrane mechanics are sensitive to experimental conditions such as the presence of
salts, sugars, and the pH of the surrounding medium (reviewed in [52, 481]). This may
contribute to the large variation in modulus for the same membrane composition re-
ported in different studies.

Since probing methods have complementary strengths and weaknesses, we set out
to explore the applicability of MPA and VFA to GUVs with and without a cortex. We dis-
cuss in this chapter how we developed pipelines for performing both measurements.
In addition, we address design criteria that we found to be essential for experiments and
analysis of both techniques. We conclude this chapter with a set of benchmark measure-
ments performed on model membranes to test sensitivity of our methods to changes in
lipid composition. Lastly, we tested applicability of the techniques to GUVs bearing a
cortex.

6.2. RESULTS

6.2.1. VESICLE FORMATION
Measuring the bending modulus of GUV membranes requires that the vesicle membrane
exhibits measurable fluctuations, while measuring the stretching modulus requires there
is no excess membrane area stored in tubes or other structures. We noticed that the
chemical environment of the GUV affected the presence of stored excess membrane
upon deflation of the GUVs, in line with previous studies investigating solute asymme-
tries over the membrane [61]. With GUVs containing 200 mOsm sucrose and suspended
in an outer solution of 200 mOsm glucose, thin yet visible membrane tubes formed to-
wards the GUV interior upon solvent evaporation (fig. 6.1a), while the outer surface re-
tained a spherical shape. The solution pH was 5 for glucose, and 6 for sucrose. To com-
pensate for the difference in acidity, we added 10 mM Tris-HCl buffered at pH 7.4 to
both inner and outers solutions during the formation process. Formation of vesicles in
buffered solutions both by gel-swelling and electroformation significantly decreased the
fraction of GUVs with membrane nanotubes (fig. 6.1b).

Another experimental design parameter essential for mechanical measurements is
the choice of the lipid dye. When using 0.5% (mol/mol) rhodamine labelled DOPE lipids
in POPC membranes, vesicles got visibly deformed upon illumination with monochro-
matic LED light (fig. 6.1c-e). In contrast, vesicles consisting of fully saturated DMPC
lipids that were labelled similarly did not undergo shape transformations (not shown),
indicating a role for lipid tail saturation in membrane deformation. Following [488],
we hypothesized that irradiation led to oxidation of the mono-unsaturated lipid tails in
POPC membranes, which in turn caused the membrane area to increase. Substitution of
rhodamine DOPE with a small fraction (0.1%) of the photostable ATTO 655 DOPE indeed
abolished shape transformations at similar illumination conditions, while retaining suf-
ficient intensity contrast in the images. We therefore used 0.1% ATTO 655 PE to label our
membranes in all experiments discussed in this chapter, unless specified otherwise.
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Figure 6.1: Buffer and fluorescent lipids need to be chosen carefully for bending rigidity measurements.
Membrane conformation of electroformed GUVs was influenced by buffer addition and choice of fluorescent
lipid dye. (a-b) Typical fields of view of EggPC vesicles with 0.1% ATTO-655 DOPE observed after sample evap-
oration for several minutes. Scale bar is 10 &m. (a) In absence of a pH-buffering component, thin inwards
membrane tubes formed on the GUV membranes while vesicles remained overall spherical. (b) When 10 mM
Tris-HCl at pH 7.4 was added to both inner and outer solutions, sample evaporation resulted in GUVs becom-
ing quasispherical with fluctuating membranes. (c-e) Shape transformation of a single POPC vesicle with 0.5%
rhodamine DOPE lipids upon illumination with 655 nm wavelength at high LED intensity. Initially, the vesicle
showed two buds (c), which got incorporated one by one in the larger area during imaging (d,e). Scale bar is 5
&m.

6.2.2. MICROPIPETTE ASPIRATION (MPA)
PRACTICAL CONSIDERATIONS FOR ASPIRATION MEASUREMENTS

The ability to maintain a steady pressure is vital for doing reliable and reproducible elas-
ticity measurements. Since bending rigidity is probed by pressure steps starting from
~0.002 mN/m, corresponding to ~0.1 Pa, while the entire measurement can take several
minutes, the smallest pressure fluctuations in the measurement set-up can already hin-
der quantitative measurements. Several factors can influence the pressure that is applied
in the pipette, including water evaporation from the sample chamber and/or water bath,
flow of water out of the chamber, temperature differences, and the microscope objective
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pulling at the sample chamber.
We found solvent evaporation from the chamber and water flow out of the chamber

to have the strongest effect, in some cases leading to pressure changes of several hun-
dreds of &m H2O in a few minutes, corresponding to several pascals. Since both phe-
nomena are intricately related to the design of the aspiration chamber, we investigated
different chamber designs. Besides a constant pressure over time, additional design are
an opening for the micropipette to enter and to move through the chamber to browse
for vesicles, and handling space to exchange chamber content to wash out the b-casein
solution.

We converged to a chamber that could be closed with an oil seal as it allows maximal
flexibility for the pipette to move while preventing evaporation. However, deformations
of the water-oil interface induced by movement of the oil affected the zero pressure. We
attempted to solve this by pinning the water-oil interface using an aluminum spacer with
small structures pointing into the sample compartment (fig. 6.2c). However, pinning
was unsuccessful both with rectangular and wedge-shaped structures, leading to oil flow
along the chamber opening. In addition, the sample and oil crept out of the chamber via
the glass-spacer adhesion sites.

As an alternative approach, we made a chamber of a U-shaped silicone spacer stick-
ing on top of a glass coverslip. The sample was placed in the chamber opening and the
oil was layered on top of the sample (fig. 6.2b). In this design, the sample managed to
flow out of the chamber via capillary attraction to the pipette during the washing steps
after passivation. Once the sample had reached the coverslip edge, it was impossible to
form a closing oil seal.

Then, we made a chamber consisting of a stainless steel spacer that held a top and
bottom coverslip from two sides as used in [483]. We put enough sample as to entirely
fill the volume between the coverslips, and we closed the chamber by spreading mineral
oil along the open edges. By using a bottom coverslip 2-3 mm wider than the top cov-
erslip, the oil did not flow down along the open edges. However, also with this design
both sample and oil managed to escape the chamber via the glass-spacer adhesion sites.
Furthermore, oil closure was often incomplete when the sample touched the glass edges
along the open sides. We also tested different variants of mineral oil (heavy and light) as
well as low-viscosity silicone oil, but this did not improve sealing.

The final iteration was made by increasing the distance between the spacer sites of
the chamber shown in fig. 6.2c as well as the width of the glass coverslips. By doing so,
the sample could be placed central in the chamber without touching either the edges on
the long or short sides, even after the passivation and washing steps (fig. 6.2d-e). While
the sample was fixed in position by capillary forces, the oil seal could be safely positioned
around the sample, also without touching the spacer. With this configuration, the pres-
sure showed a maximum change of 100 &m H2O over the course of hours, corresponding
to less than 1Pa. This configuration was used for all data presented in this chapter.

Next to chamber design, we also noticed that the use of the microscope objective
sometimes caused pressure changes. In particular, forces exerted on the sample cham-
ber by changing focus with an oil objective hampered mechanical measurements. Re-
tracting movements of the objective deformed the thin glass bottom coverslip via capil-
lary action, resulting in pressure changes measured in the pipette. Using a long working
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distance water immersion objective circumvented this problem.

Figure 6.2: Design of micropipette aspiration sample chambers. The sample is shown in dark blue, oil in
transparent purple, glass in transparent light blue, aluminium spacers in grey and the silicone spacer in white.
(a) Pinning of the water-oil interface by chamber design using a rectangular (left) or triangular (right) structure.
(b) A chamber open from the top created with a U-shaped silicone spacer. (c) Stainless steel spacer holding the
chamber from two sides. (d) Image of the final chamber design. (e) Schematic of final chamber design used
for mechanical measurements in this chapter. Both sides of the spacer are connected via a bridge (not shown
here, but indicated in (d) with a white arrow).

During aspiration measurements, adhesion of the vesicle membrane to the aspira-
tion pipette has to be minimised to allow quantitative interpretation. We explored dif-
ferent pipette coating agents: bovine serum albumin (BSA), polyethylene glycol (PLL-
PEG) and b-casein. Of these components, only with b-casein we succeeded in coating
the pipette such that vesicles could be repeatedly aspirated and released without leaving
behind fluorescent membrane material on the pipette walls. The most efficient coating
strategy proved to be a 30 minute incubation time with a 5 mg/mL b-casein solution of
the chamber and pipette. Essential to a successful passivation was the addition of 10
mM Tris-HCl at pH 7.4 to the coating solution. Without buffer, the b-casein left a deposit
on the pipette wall with a thickness increasing over time, reaching several &m in 30 min-
utes, thereby changing the pipette shape and narrowing the orifice from 5-8 &m to 3-5
&m.

ASPIRATION IMAGE ANALYSIS

In addition to existing image analysis methods that have been used for confocal fluores-
cence [483, 488] and bright field images [7], we provide a micropipette aspiration anal-
ysis pipeline compatible with epifluorescence images. Image analysis of image series
recorded during micropipette aspiration was performed using a custom-written Python
script (see fig. 6.3). First, circles were fitted to the tongue and vesicle to obtain radii and
locations of both for all frames (fig. 6.3a-d). Detection of the tongue and vesicle circles



6

134 6. MEASURING MEMBRANE MECHANICS

was automated and consisted of three main steps: image preprocessing, local maxima
detection and circle fitting. In short, an unprocessed image I 0 as in fig. 6.3a was first
smoothed with a Gaussian filter with small kernel size to create I sm. Then, a second
smoothed image I sub was created from I 0 with a larger smoothing kernel size and this
image was subtracted from the first smoothed image to yield the edge enhanced im-
age Ienh . After thresholding to remove low-intensity noise, we obtained I thr as shown
in fig. 6.3b. The combination of a small and large kernel size for smoothing resulted in
an effective noise reduction: after processing, membrane intensity showed a stark con-
trast with the background, while out-of-plane fluorescence from the vesicle lumen was
filtered out. This processing is particularly useful for epifluorescence wide-field images,
where contrast is small and where membrane intensity in the tongue is lower. We then
applied a local maxima filter to retrieve a set of discrete coordinates representing mem-
brane positions, as seen in fig. 6.3c. Since the signal of a labelled membrane represents
an intensity peak in fluorescence images, we decided to use a local maxima detection
rather than edge-based detection such as the classical Canny edge detector. Fitting of
two circles to the local maxima yielded the vesicle centre (x , y)v and radius Rv and the
tongue centre (x , y)p and radius Rp as displayed in fig. 6.3d.

Figure 6.3: Image analysis of micropipette aspiration measurements. Scale bar is 5¹ m in all images. (a)
Unprocessed epifluorescence image I 0 of an aspirated DOPC vesicle made by gel-assisted swelling imaged
at the equatorial plane. The membrane was labelled with 0.1% (mol/mol) ATTO 655 DOPE. A red dashed
line is drawn from where the intensity profiles in (e) are taken. (b) Processed image I thr that is obtained after
smoothing, edge enhancement and thresholding. (c) Detection of local maxima (indicated in red) in processed
image. (d) Fitting two circles to the local maxima gives the vesicle radius Rv and the tongue radius Rp . From
there, the tongue length Lp can be calculated. (e) Horizontal line intensity profiles drawn through the tongue
centre from the raw image (grey), the smoothed image (black) and the processed image (red).

We then extracted the change in tongue length dL from all images. We first obtained
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time-averaged radii and centre positions of the tongue and vesicle. Then, we extracted
horizontal line intensity profiles through yp (red dashed line in fig. 6.3a). From the
thresholded line intensity profile, the tongue membrane position was identified as the
maximum intensity, and dL could be calculated as the difference in tongue length be-
tween frames.

ASPIRATION ELASTICITY MEASUREMENTS

We used the micropipette aspiration technique to measure elastic moduli of synthetic
lipid membranes. More specifically, we performed measurements in the low tension
regime to probe the membrane’s bending modulus · and we measured at high tensions
to obtain the membrane compressibility modulus or stretch modulus ks. Here, we show
the typical outcome and analysis of both a bending and stretching measurement per-
formed on a GUV composed of DOPC lipids that was formed by gel-assisted swelling.

Bending moduli of these vesicles were probed by raising the membrane tension from
0 to 0.5 mN/m in a step-wise manner. The resulting increase of the projected membrane
area can be seen in fig. 6.4a-c. From the calculated deformation of the membrane as
a function of imposed tension (fig. 6.4d), the two deformation regimes can be clearly
distinguished: at tensions below 0.5 mN/m, area increases logarithmically with tension,
while at higher tensions there is a linear increase of membrane area with tension. The
discrete dilation values are an effect of the pixel resolution of membrane detection, and
were small compared to the large increase in tongue length in stretch modulus measure-
ments. For bending modulus measurements, the increase in tongue length could be as
small as ten times the pixel size. In these measurements, we minimized discretization
effects by increasing the number of images (50 in total), leading to effective oversam-
pling. The respective regimes were fitted with eq. (6.3) and eq. (6.4) to obtain the elastic
moduli (for details see section 6.4). In this way, we obtained · = 16.9 kBT ( fig. 6.4e) and
a forward and reverse stretch modulus of respectively ks, f = 165 mN/m and ks,r = 200
mN/m (fig. 6.4f). The hysteresis in stretching and compression of the membrane was a
general outcome of our measurements and will be discussed further in section 6.2.4.

6.2.3. VESICLE FLUCTUATION ANALYSIS ( VFA)
While VFA is an established technique, there is not one universal image analysis proto-
col. Contour detection procedures differ between groups, and depend among others on
the imaging method used (phase contrast [5, 469] versus fluorescence [469, 486, 489])
and the desired spatial accuracy [5, 469, 471, 489]. Detection methods have been de-
veloped that are based on either gradient-directed contour tracking [5] or radial inten-
sity profiles [469, 471, 489]. In our analysis, we chose to detect based on radial inten-
sity profiles with pixel precision, providing a straightforward and computationally cheap
method. We discuss the workflow and analysis procedure which we have implemented
in our lab. We demonstrate the analysis pipeline on an epifluorescence recording of a
DOPC vesicle that was made by electroformation and that was recorded with an expo-
sure time of 2 ms (fig. 6.5a).

We extracted the membrane positions from a fluctuating vesicle by pre-defining a
collection of radial rays crossing the membrane and detecting the membrane position
on these rays to obtain the radius r as a function of µ (fig. 6.5b). We explored different
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Figure 6.4: Analysis of a typical aspiration measurement. (a-c) Fluorescence wide field images of an aspirated
DOPC vesicle at increasing aspiration pressure. The membrane was labelled with 0.1% (mol/mol) ATTO 655
DOPE and imaged at the equatorial plane. Scale bar is 5¹ m. (d) Stress-strain curve of the DOPC membrane
shown in (a-c). A bending and stretching measurement have been combined to generate this plot. The dashed
line indicates the cross-over tension between the two regimes at 0.5 mN/m. (e) Obtaining the bending mod-
ulus by fitting the low tension regime. The dashed line represents the fit with · = 16.9 kBT . Data that was
not used for fitting is greyed out. (f) Obtaining the stretch modulus from fits to forward and reverse stretch
measurements yielded ks, f = 165 mN/m and ks,r = 200 mN/m, respectively. Data that was not used for fitting
is greyed out.

image preprocessing options: two-dimensional smoothing with a Gaussian before tak-
ing the intensity profile (2D), one-dimensional smoothing with a Gaussian after taking
the intensity profile (1D), a combination of both smoothing options (2D + 1D) or no pro-
cessing at all. The corresponding intensity profiles are shown in fig. 6.5c. In all cases, the
membrane position was defined as the peak intensity on the one-dimensional signal.
From fig. 6.5c it is clear that smoothing decreases ambiguity in peak detection, but also
causes a shift in peak position towards the vesicle interior.

Completion of the membrane detection process with 2D smoothing for all angles
yields a contour consisting of 360 membrane positions as shown in fig. 6.5d. As expected,
the contour positions overlap with the membrane signal, albeit slightly shifted inwards
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(inset of fig. 6.5d). Plotting r (µ) reveals the spatial profile of the fluctuating membrane
(fig. 6.5e). As detection was performed with pixel precision, values of r are discretised.
With the size of a pixel being 65 nm, we assume the amplitude of relevant fluctuations
in the accessible mode range (typically up to q » 20, see section 6.4) to be larger than
the pixel size, meaning that these modes are not affected by discretisation [5]. Note

that we use q to denote the mode number and qx =
q

hRi
to denote the wave number

(m ¡ 1) belonging to q . The membrane detection procedure was repeated for all frames

Figure 6.5: Contour detection in VFA. (a) Fluorescence wide field image of a fluctuating DOPC vesicle that was
made by electroformation. The image was taken at the equatorial plane with an exposure time of 5 ms. Scale
bar is 5 &m. (b) Radial intensity profiles were extracted around the membrane position with an angular sepa-
ration of 1 degree. (c) Radial intensity profiles of the smoothed image (shown in black) were convolved again
with a 1D-Gaussian (red line) before the membrane position (red circle) was identified as the maximum of the
double smoothed profile. For comparison, also the unprocessed intensity profile is shown (grey). (d) The radial
membrane position was determined for every angle, yielding an angular profile of the radius r (µ). From this,
the contour length within the equatorial plane Lc could be calculated. Inset: zoom-in on detected membrane
positions. (e) Angular profile of radius. Discretisation in values of r is an effect of detection performed at pixel
resolution. (f) Plot of Lc normalized by the time-averaged contour length (red points), including 2% variation
limits (black dashed line).
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in the stack to extract r (µ, t ). Calculation of the euclidian contour length in all frames
and subsequent division by its time average following eq. (6.7) yields the normalized
contour length Lc over time (fig. 6.5f). This length serves as a quality control for detec-
tion: if the membrane is detected correctly, the contour length stays constant over time.
Frames where membrane positions have been falsely detected appear as deviating con-
tour lengths. We chose to use a variation limit of 2%, and all videos with frames where
the contour length exceeded this variation limit were excluded from the analysis. In this
case, it can be seen that Lc stays within the 2% variation limit over the entire course of
the video.

From the polar membrane coordinates, we calculated the spatial Fourier transform
and finally the fluctuation spectrum using eq. (6.8) through eq. (6.11). Before we con-
tinue with fitting the Helfrich model (eq. (6.14)), we first select the mode regime to be
used for fitting. We therefore compute the product of the variances and the cubic wave

number, i.e. h
¯
¯ũq

¯
¯2i q3

x , which should show up as a plateau for an intermediate range
of modes (see section 6.4.5 for a full explanation). Figure 6.6a shows the typical plateau
plot with the different regimes. At low q , in this example q . 3, we see a large spread
in variances, corresponding to the statistically under-represented modes that have not
equilibrated during the time-lapse. These modes should therefore be excluded from fit-

ting. For q & 20, h
¯
¯ũq

¯
¯2i q3

x increases linearly with q . In this high q regime, noise domi-
nates the variance so this regime should also be excluded from fitting. For the interme-
diate modes, the variances scale with the inverse cube of the wave number, q ¡ 3, thereby
clearly forming a plateau. These modes are selected for fitting.

From the plateau plot, it is however difficult to precisely pick the lower and upper
cut-off mode. We therefore use fig. 6.6a to assess the quality of the data and analysis,
but we choose the cut-off modes differently. qhi gh is calculated using eq. (6.16) with
an educated guess for · . Instead of choosing one single qlow , we perform the fitting
procedure with all values for qlow between 1 and qhi gh . In return, we retrieve · as a
function of the starting mode as shown in fig. 6.6b. From this plot, we can identify a
region where · minimally depends on the choice of qlow . We then compute our final
value of · by averaging over the values in this plateau (mode 5 to 11 in fig. 6.6b), yielding
· = 20kBT . Using the final · and the first qlow belonging to the plateau, we once more
perform the fit to get ¾= 2.6¢10¡ 9N /m . The final results are plotted in fig. 6.6c. Note that
the choice of qlow affects the fitting results: based on fig. 6.6a, one would choose qlow = 3
which would have resulted in · = 16kBT (fig. 6.6b). We found the choice of qhi gh to have
less impact on the fitting results.

Then, we set out to investigate the effects of image preprocessing choices on the fluc-
tuation analysis. As discussed above, we compared different combinations of smoothing
options for membrane detection. While membrane detection was more robust when
smoothing filters were applied, smoothing also caused the variance to drop at higher
mode numbers when either a combination of 2-dimensional and 1-dimensional smooth-
ing (2D+1D) or only 1-dimensional smoothing (1D) was applied (fig. 6.7a). In contrast,
the scaled variance increased directly after a short plateau when no smoothing was ap-
plied. The longest plateau was observed for 2-dimensional (2D) smoothing only. In line
with these results, 2D smoothing resulted in the most consistent outcomes of fitted · val-
ues with varying qlow as can be seen from the long plateau in fig. 6.6c. No clear plateau
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Figure 6.6: Example VFA analysis for a DOPC vesicle. Fluctuation spectrum and fitting for a DOPC vesicle
with a radius of 8 &m made by electroformation and imaged in epifluorescence with 5 ms exposure time. (a)
Scaling of the variances with wave number qx reveals three different regimes: only the intermediate regime
where variances scale with q ¡ 3

x is used for fitting. The lower and upper cut-off modes, q = 5 and q = 21, are
indicated. (b) Fitting results in values of · as a function of qlow . It can be seen that from mode 5 to 11, ·
minimally depends on qlow . Averaging · over these modes yields · = 20kBT (black dashed line). (c) Final
fitting results using · = 20kBT , ¾= 2.6 ¢10¡ 9N /m , qlow = 5 and qhi gh = 21.

was observed for 2D+1D and 1D preprocessing. As a result, also the fitted bending rigidi-
ties depend on image processing, ranging from 17kBT without smoothing to 27kBT with
2D+1D smoothing.

For choosing the optimal preprocessing settings, one should not only consider the
scaled variance and fitted · values, but also qualitatively inspect the detected membrane
contours. While 2D smoothing resulted in visually correct detection (fig. 6.12a), detec-
tion without smoothing was noisy (fig. 6.12b) and caused larger variations in contour
length (fig. 6.12c). Since convolution with a 2D Gaussian resulted in the longest plateaus
both in the plateau plot and the plot of · versus q , while ensuring robust membrane
detection, we used this processing strategy for all videos analysed.

Another common concern while doing quantitative analysis of fluctuation measure-
ments is the effect of camera exposure time ¿. In our analysis, we implemented the
theoretical correction proposed in [5]. To verify if we could indeed obtain a consistent
· independent of ¿, we recorded time-lapses of a vesicle with three different exposure
times 2, 5 and 10 ms. Figure 6.7b shows a typical measurement on a single vesicle im-
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Figure 6.7: Influence of image processing and exposure time on VFA. (a) Plateau plot for one video of a fluc-
tuating DOPC vesicle with a radius of 8¹ m imaged in epifluorescence with 2 ms exposure time, treated with
different image processing options prior to membrane detection. ‘2D’ is two-dimensional smoothing, ‘1D’ is
one-dimensional smoothing, ‘2D+1D’ is both smoothing procedures combined, and ‘no smoothing’ means
contour detection was performed in the unprocessed image. Values are plotted against the wave number. (b)
Plateau plot for the same vesicle imaged with exposure times of 2, 5 and 10 ms, analysed with two-dimensional
smoothing, plotted against the wave number. (c-d) Dependence of · on qlow for the fluctuation spectrum in
(a) and (b). Averaged values of · obtained from the plateaus are indicated with dashed lines. Values are plot-
ted against the mode number. (e) Bending rigidities obtained for five vesicles with radii between 6 and 9¹ m
imaged with different exposure times. Values were shifted and placed arbitrarily on x-axis for ease of view.

aged with these exposure times. As expected, we obtain the longest plateau for ¿ = 2ms,
while longer exposure times cause a dip in the spectrum at higher modes. This is not a
problem, as fitting with eq. (6.14) consistently returns the same · for all exposure times
used (fig. 6.7d). Note that qhi gh also depends on exposure time, in this example being
21, 17 and 13, for 2, 5 and 10 ms, respectively. Repeating these measurements on five
different vesicles confirms that we indeed obtain a consistent · per vesicle, independent
of the exposure time used (fig. 6.7e).

Finally, we investigated how ¾ influenced the outcome for · . For all VFA measure-
ments presented in this study, we found values for ¾between 10¡ 10 and 10¡ 8N /m (see
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table 6.3 for an overview of all results). Membranes with a higher tension did not fluc-
tuate sufficiently to optically resolve the fluctuations. To explore the effect of ¾ on the
fit outcomes for · , we calculated the theoretical fluctuation spectrum with eq. (6.14)
for a typical mode range from 5 to 25, for a vesicle with R = 5¹ m using · = 15kBT ,
¾= 10¡ 9N /m and ¿ = 5ms. We then performed a fit of eq. (6.14) to this theoretical spec-
trum to obtain · , but with a range of fixed ¾values between 10¡ 10 and 10¡ 8N /m . Within
this range, results of · were affected minimally by the choice of ¾, changing at maximum
1kBT for a ¾ that was 10 times higher (fig. 6.13). These results confirm that ¾ does not
substantially affect the fluctuation spectrum in this tension regime. At the same time,
these results indicate that it is difficult to obtain a reliable measure for ¾in this regime.

6.2.4. A BENCHMARK DATA SET
Having set up two independent techniques to measure membrane elasticity parameters,
we performed a set of benchmark measurements on simple single-component mem-
branes that have been well-characterized [7, 56, 341, 471].

Micropipette aspiration measurements on POPC vesicles tagged with 0.1 % (mol/mol)
ATTO 655 DOPE, formed by gel-assisted swelling on PVA, yielded a bending rigidity of
(16.3§ 3.2) kBT (average § standard deviation, n = 13) (fig. 6.8a). As cholesterol is known
to increase the bending rigidity of POPC membranes [341], we also performed mea-
surements on membranes containing 70:30 POPC:cholesterol (mol/mol). The expected
stiffness increase was captured with our micropipette aspiration setup, which gave ·
(23 § 5.5)kBT (n = 12). VFA measurements on the same membranes yielded similar val-
ues as MPA for the bending rigidity, being 16.7 (n=3) without cholesterol and 24.1kBT
(n=2) with cholesterol. Both the VFA and MPA results agree well with values reported
in literature [481] and detect the expected increase in the POPC membrane’s bending
rigidity upon cholesterol addition, thereby providing a validation for both techniques.

We then used VFA to compare bending rigidities of different membrane composi-
tions (for an overview, see table 6.3). Opposite to a stiffening effect on POPC, it has
been shown that cholesterol does not change the bending rigidity of DOPC membranes
[471, 490]. We therefore reconstituted membranes containing 100% DOPC and 70:30
DOPC: cholesterol (mol/mol) with the PVA-swelling method. Indeed, with VFA we mea-
sured bending rigidities that were identical between the two membranes (16.6§ 1.8 (n=6)
and 16.2 § 3.1kBT (n=4), respectively, see fig. 6.8a), and in addition similar to that of 100
% POPC membranes (16.7kBT ).

Next, we investigated if the method used to produce vesicles affects the membrane’s
bending rigidity. Earlier work has shown that vesicles produced by gel-assisted swelling
can display altered mechanical properties due to residual polymer in the membrane
[350, 365]. To test this, we compared the bending rigidities of DOPC membranes formed
by gel-assisted swelling to the typical model electroformed membranes. Interestingly,
VFA measurements on both membranes showed a minimal difference, with · (18.6§ 1.8)
kBT (n=10) for electroformed vesicles versus (16.6 § 1.8) kBT for gel-swollen vesicles
(n=6). This indicates that formation artefacts are not universal, and may depend either
on the exact execution of the production protocol or on the membrane property under
investigation.

Furthermore, we checked if VFA could be performed with phase contrast imaging.
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Using phase contrast time lapses for VFA experiments has the benefit that GUV mem-
branes do not need to be fluorescently labelled, avoiding potential spectral cross-talk
with other labelled structures. In addition, high intensity illumination can damage re-
constituted proteins [113]. For contour detection in phase contrast images, the mem-
brane position was defined by the maximum gradient instead of the maximum intensity
as we used for fluorescence images. We directly compared epifluorescence and phase
contrast measurements on EggPC (100%) and on EggPC:POPE (50:50 mol/mol) vesicles.

Figure 6.8: Benchmark bending rigidity measurements. Each data point represents a measurement on a
single vesicle. All vesicles had a radius between 6 and 10mu m. All VFA data is acquired with an exposure time
of 2ms. (a) Comparison of MPA and VFA measurements on POPC and DOPC vesicles formed by gel swelling
without (purple) and with 30% (molar ratio) cholesterol (yellow). Statistically significant differences (p<0.005)
are indicated with stars, ***. (b) Comparison of VFA measurements on DOPC vesicles formed by gel-assisted
swelling and electroformation. (c) Comparison of VFA performed with fluorescence (Fl) and phase contrast
(PC).
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In line with previous studies [491], bending rigidities were comparable between imag-
ing methods for both membrane compositions tested (see fig. 6.8c), thus abolishing the
requirement for membrane dyes.

Figure 6.9: Stretch elasticity measurements. Stretch elasticity probed by MPA on POPC membranes formed by
gel-assisted swelling without (purple) and with (yellow) 30% (mol/mol) cholesterol. Each data point represents
a measurement on a single vesicle. (a) Stretch modulus of the forward measurement with increasing aspiration
pressure. Statistical p-value is indicated with stars, ***p<0.005. (b) Ratio of ks determined from the reverse and
forward measurement. (c) Correlation between stretch moduli and bending rigidities for individual vesicles.
Dashed lines are linear regression results with slopes 3 mN /m per kBT and R2 = 0.3 for POPC, and 5 mN /m
per kBT and R2 = 0.7 for POPC+chol.

MPA measurements provide, in addition to the bending modulus, also the stretch
modulus of vesicle membranes. Aspiration stretch measurements revealed an increased
stretch modulus upon cholesterol incorporation in POPC membranes from (151 § 18)
mN/m (n=13) to (230 § 40) mN/m (n=9) (fig. 6.9a). Our data is in line with previous
studies, which have reported stretch moduli of POPC membranes between 160 and 220
mN/m [7, 365, 492] that increased upon cholesterol addition to 350 mN/m [7]. Inter-
estingly, in our study the stretch moduli and bending moduli of individual vesicles were
positively correlated. This indicates that the spread in results of both stretch and bend-
ing measurements as measured by MPA is not only a measurement error, but is also at
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least partly caused by a natural variation between produced membranes (fig. 6.9c). An-
other interesting observation was that for almost all measurements, the membrane was
more deformable during the first round of increasing aspiration pressure than in the
subsequent round of decreasing aspiration pressure. The hysteresis between forward
and reverse measurements, which we defined by ks, f /ks,r , ranged from 1 to 2.5 for POPC
membranes and from 1.2 to 2.6 for 70:30 POPC:chol (mol/mol) membranes (fig. 6.9b).
We did not find a clear correlation between vesicle size or bending rigidity with the hys-
teresis in compressibility.

6.2.5. FLUCTUATION ANALYSIS ON EDICE GUVS
While swelling techniques are useful to produce model membranes for benchmark me-
chanical measurements, they offer limitations with more complex reconstitution exper-
iments that involve encapsulation of proteins or other cargo. In chapter 4, we demon-
strated that emulsion Droplet Interface Crossing Encapsulation (eDICE) is a vesicle pro-
duction technique which can efficiently encapsulate complex mixtures inside GUVs,
such as components required to rebuild actin networks. To test if the eDICE formation
method affects membrane mechanical properties, we measured bending rigidities by
VFA.

DOPC GUVs produced with eDICE clearly showed membrane fluctuations. However,
it was in general more difficult to perform VFA on these vesicles. While swelling tech-
niques offered the luxury of choosing a GUV with a clean membrane, GUVs produced
with eDICE often showed membrane tubes or other structures. Besides a possible me-
chanical effect that these structures might have, they also interfered with our contour
detection algorithm both in phase contrast and epifluorescence recordings (fig. 6.10b,
c). The effects of these structures was easily identified from the contour length quality
control (fig. 6.10d, e), which showed sporadic peaks for frames with non-continuous an-
gular contour profiles. Interference of membrane structures resulted in a flattened and
elevated profile of the fluctuation spectrum especially at higher q values, indicative of a
higher noise level at small wavelengths (fig. 6.10f). Other than by membranes structures,
large variations in contour length were also caused by small sizes of GUVs (radius < 5¹ m
) and low signal-to-noise ratios.

Likewise, we observed fluctuations of GUVs encapsulating membrane-bound strep-
tavidin (fig. 6.11a) or Arp2/3-nucleated cortices (fig. 6.11b). Vesicles in these samples
also typically showed membrane structures, which hindered quantitative data extraction
from time lapse videos. While the membrane structures in fig. 6.10 might be artefacts of
the vesicle formation method (see chapter 3), in case of membrane-interacting proteins,
such as streptavidin or His-tagged VCA, the formation of structures could result from the
interactions themselves.

6.3. DISCUSSION
VESICLE QUALITY FOR MECHANICAL ASSAYS

We discovered that control of the pH of the vesicle inner and outer solution was impor-
tant to obtain vesicles that are suitable for mechanical measurements. We observed for-
mation of membrane tubes when trying to deflate vesicles, formed in 200 mOsm sucrose,
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Figure 6.10: VFA on GUVs produced with eDICE. All vesicles are DOPC GUVs produced with eDICE. Scale bar
is 5¹ m in all images. (a) Time lapse of a fluctuating DOPC vesicle in phase contrast. (b-c) Erroneous mem-
brane detection in phase contrast (b) and epifluorescence (c) images due to the presence of random structures
on GUV membranes. Detected membrane points are indicated in red. (d-e) Contour lengths Lc of videos be-
longing to images shown in panel b and c, respectively. Contour lengths are normalized by division by their
time-average. The 2% variation limits are indicated with black dashed lines. Sporadic jumps in Lc are clearly
visible and are indicate of erroneous membrane detection. (f) Fluctuation spectra as calculated from the phase
contrast (shown in blue, belonging to panel b and d) and epifluorescence recording (shown in red, belonging
to panel c and e). The fluctuation spectrum of an epifluorescence recording of an electroformed vesicle with
a clean membrane is shown as a reference (grey), together with fitted · for all three spectra. Erroneous mem-
brane detection causes a shift in fluctuation spectra, especially at higher q values, and results in a decreased
membrane bending rigidity.

by gradual evaporation of the outer aqueous solution, consisting of 200 mOsm glucose.
When tubes formed, membranes did not start to fluctuate upon vesicle deflation, mak-
ing them unsuitable for VFA measurements. In micropipette aspiration experiments,
the tubes act as a membrane reservoir that gets incorporated into the main membrane
when membrane tension is increased. Effectively, the membrane then appears to be
softer than it actually is, and the measured elasticity is determined by the shape of the
membrane rather than by its composition [274].

Tube formation in vesicles has been reported before as an effect of bilayer asymme-
try [63]. There is a growing body of literature on this so-called ’spontaneous curvature’
effect, which arises when lipids in both leaflets have a different equilibrium head group
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Figure 6.11: GUVs encapsulating proteins displayed membrane structures. Epifluorescence images of fluc-
tuating vesicles. Vesicles were produced as described in chapter 4. Scale bar is 5¹ m in all images. (a) Biotin-PE
functionalized GUV encapsulating 88nM streptavidin labeled with AlexaFluor488 (green). A membrane tube
is connected to the GUV membrane (grey) as indicated with the arrow. (b) Two vesicles of which one contains
an actin cortex (yellow) nucleated by Arp2/3 from membrane-bound VCA. A bright actin cluster can be seen in
the GUV centre, as well as a membrane tube pointing outwards (indicated with arrow).

area. A higher fraction of negatively charged PG lipids can for instance cause more elec-
trostatic repulsion and thus a larger area of one of the leaflets. The resulting curvature
frustration is accommodated by bending of the membrane into a tube [61]. In our work,
the only possible source of bilayer asymmetry could have arisen from the use of a differ-
ent sugar in the inner and outer solution. As the sucrose and glucose solutions turned
out to have a different pH of 5 and 6, respectively, we added 10 mM Tris-HCl at pH 7.4
to both solutions. This effectively helped to generate more fluctuating membranes and
to reduce the number of vesicles with membrane tubes. It should be noted that addition
of 10 mM Tris-HCl required a change in electric field parameters in the electroformation
procedure, see section 6.4.2.

Another important design criterium for vesicle formation for mechanical assays was
the choice of the fluorescent membrane lipid. Irradiation of fluorescent lipids can in-
duce morphological changes of GUVs, driven by a surface area increase upon lipid per-
oxidation [488, 491, 493]. While we did observe such shape changes when doping the
membrane with Rhodamine-labelled lipids, vesicle shapes were stable when using ATTO
655-labelled lipids, even under strong irradiation conditions. This shows that the latter
dye is suitable for mechanical measurements.

BENCHMARK MEASUREMENTS

The mechanics of DOPC and POPC membranes have been studied intensively in the
past decades, making these membranes ideal candidates for benchmark measurements
when setting up a mechanical assay. In table 6.1, we summarize bending rigidity results
from literature. Literature values range from 10 to 22.5 kBT for DOPC and 19 to 38.5
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Lipid Technique
· (kBT )

-chol
· (kBT )

+30% chol
Reference

DOPC Tube pulling 16 § 2 15 § 2 [496]
Electrodeformation 26.7 § 2.5 23 § 1.3 [471]
X-ray scattering 18.1 17.7 [490]
NSE + NMRR 19.05 § 0.65 30.34 § 2.47

(20% chol)
[497]

MPA 20.3 § 2.4 [56]
VFA 22.5 § 2 [491]
VFA 26.7 § 2.5 23 § 1.3 [471]
VFA 16.6 § 1.8 16.2 § 3.1 This work

POPC VFA 38.5 § 0.8 86.8 § 1.4 [341]
MD simulation 22 50 [498]
NSE 19 § 2 25 § 2 [499]
MPA 16.3 § 3.2 23 § 5.5 This work
VFA 16.7 § 1.2

(n=3)
24.1 § 0.3
(n=2)

This work

Table 6.1: Overview of reported bending rigidities. Measured for DOPC and POPC membranes with and
without cholesterol. VFA is vesicle fluctuation analysis, NSE refers to neutron spin echo measurements, NMRR
is nuclear magnetic resonance relaxation, MPA is micropipette aspiration, and MD is molecular dynamics.

kBT for POPC membranes, in line with the values obtained in this work (18.6 kBT for
DOPC membranes, 16.3-16.6 kBT for POPC, dependent on the measurement method).
It is a striking observation that the range of bending moduli reported in literature is so
wide, even for simple synthetic single-component membranes. There is consensus in
the field that measured values do not only depend on membrane composition, but also
on the measurement technique used [494]. In addition, the presence of salts and other
solutes influences bending rigidity outcomes, as is reviewed in [481]. With respect to our
work, it is in particular important to note that sugars, such as sucrose, can reduce the
membrane’s bending rigidity up to two-fold at a concentration of 200 mM [495]. Addition
of sugar, however, does provide pragmatic benefits to experiments, as it improves GUV
formation (see chapter 4) and facilitates visualisation of vesicles.

We set out to incorporate cholesterol in our model membranes as this molecule is a
vital constituent of animal cell membranes, composing up to 50 mol% of the total lipids
in animal plasma membranes [500]. The classical view on cholesterol is that it has a
universal stiffening effect on membranes. Multiple studies on POPC membranes, using
various techniques, indeed captured this stiffening effect [7, 498, 499, 501]. We found
a similar stiffening behaviour of cholesterol on POPC bilayers with both measurement
techniques used in this study, from 16 to 23kBT with MPA and from 16.7 to 21.4kBT
with VFA. This universality of stiffening was, however, disputed a decade ago, when it
was found that cholesterol did not increase the bending rigidity of DOPC membranes
[471, 490, 496]. This finding was confirmed by multiple research groups by VFA, elec-
trodeformation (ED), tube-pulling and X-ray measurements [471, 490, 496]. Also in our
measurements, we did not observe any stiffening upon addition of cholesterol to DOPC
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Lipid Technique
ks(mN /m )

-chol
ks(mN /m )
+30% chol

Reference

DOPC MPA 265 § 18 [56]
X-ray scattering 290 420 [490]

POPC MPA 213 § 5 354 § 5 [501]
MPA 161 § 10 [365]
MPA 198 § 8 [492]
MPA 151 § 18 230 § 40 This work

Table 6.2: Overview of reported stretch moduli. Measured for DOPC and POPC membranes in absence or
presence of 30% (mol/mol) cholesterol.

membranes (16.6kBT and 16.2kBT without and with 30% cholesterol, respectively). The
general view is that cholesterol influences membrane mechanics by changing the molec-
ular packing of the lipids. The cholesterol molecule has a smooth and a rough side,
where straight saturated acyl chains pack well against the smooth side [490]. This pack-
ing leads to a condensation of chains, accompanied by an increase of orientational order
of the lipids and an increase in membrane thickness [490, 499]. Unsaturated chains are
thought to have weaker interactions with cholesterol, making them less susceptible to
condensing. Since POPC has one saturated and one unsaturated chain, while DOPC has
two unsaturated tails, this provides an explanation for the mechanical effect of choles-
terol on POPC but not DOPC membranes. Interestingly, recent neutron spin echo (NSE)
and nuclear magnetic resonance relaxation (NMRR) measurements have shown an in-
crease in DOPC bending rigidity upon the addition of cholesterol [497]. This controversy
emphasizes that bending modulus measurements should be interpreted carefully, es-
pecially when based on different techniques (see [485] for a comparison and [494] for a
critical discussion). While VFA, ED, tube pulling and X-ray measurements are static mea-
surements, NSE and NMRR sense relaxations which are influenced by medium viscosity,
leaving interpretation of the new outcomes under discussion by the scientific commu-
nity [502, 503].

Next to bending moduli, we also measured stretch moduli for POPC membranes with
and without cholesterol (table 6.2). The stretch modulus of POPC membranes measured
in this work (151mN /m ) is close to literature values [7, 365]. Upon cholesterol addition,
we observe a stiffening effect to 230mN /m . An elevated stretch modulus of POPC mem-
branes upon cholesterol addition is in line with previously reported values [7].

EXPERIMENTAL DESIGN CONSIDERATIONS FOR MPA MEASUREMENTS

Over the past decades, the original GUV micropipette aspiration protocol [504] has been
adopted and published by various research groups [7, 56, 455, 459, 488] including recent
videographic publications [483, 505]. With the number of published aspiration protocols
increasing and the number of applications growing, the consistency between protocols
and labs decreases. We found little consideration of the differences between methodolo-
gies and their effect on experimental outcomes in the literature. In this work, we there-
fore made a systematic investigation of experimental design parameters for MPA mea-
surements that should aid experimentalists new to the method to make design choices
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while setting up the measurement assay.
Essential to performing reproducible micropipette aspiration measurements was the

ability to precisely control pressure in the pipette. This was strongly influenced by aspi-
ration chamber design. In many designs tested in this work, the pressure was affected
substantially over time by water evaporation or flow of the aqueous sample or oil seal.
Finally, we converged to a chamber where the sample was kept in place just by capil-
lary forces, not touching the sides of the chamber, similar to [505]. An oil seal proved
to be effective for minimizing evaporation, allowing us to perform measurements over
several hours. In absence of oil, the GUVs did not only develop anomalous structures
such as membrane tubes over time, but also we found the pressure to change drastically.
Another solution for evaporation could be to increase the sample volume in the aspira-
tion chamber, but one should keep in mind that a certain minimum density of GUVs is
required, as aspiration measurements often rely on cherry picking the useful vesicles.

The microscope objective also affected pressure stability. Using an oil immersion
objective resulted in bending of the thin glass bottom surface of the aspiration cham-
ber. This problem was solved by switching to a water immersion objective. In fact, to
our knowledge, all micropipette aspiration studies published have been performed with
water immersion objectives.

It should be noted that most of the published protocols control aspiration pressure
using a moving water bath. In fact, a pressure-based flow control system in principle
provides more precise control of aspiration pressure, with the ability to quickly and au-
tomatically adjust pressure in case of drifts. However, a down-side of these systems is
that they typically provide either a wide working range of pressures, or a small step size,
but seldom combine both features (an example is the MFCS-EZ microfluidic pressure
pump from Fluigent that we tested). For doing simultaneously bending and stretching
measurements, a combination of small pressure increments and long working range is
essential, which was the motivation to use a motorized translational stage for this work,
with a pressure range of 300mm H2O and a minimal step size of 1¹ m H2O (2.9 kPa and
9.8 mPa, respectively).

In this work, we recorded vesicle deformation in aspiration assays by epifluorescence
imaging. Although the signal in wide field fluorescence is blurred by out-of-focus light,
an issue which is typically minimized by confocal imaging, we show that the wide field
image can be reduced to a confocal-like signal by image post-processing, which has to
our knowledge not been used for MPA analysis before. This enhances robustness in
membrane detection, especially in the vesicle tongue, where out-of-focus fluorescence
is relatively strong compared to the in-plane membrane signal.

In general, it should be noted that a membrane area increase can be measured more
accurately for larger than for smaller GUVs, as similar relative strain values will give
larger absolute increases in projection length. In this study, vesicles were typically sized
5 ¡ 15¹ m in radius, where we preferred to use GUVs with a radius between 10-15 ¹ m .
It can be seen from fig. 6.4d that initial increments in protrusion length are of the size
of a pixel (108 nm). Resolution of our method is thus determined more by imaging and
membrane detection, rather than by the resolution of the vertically moving water bath.

We have tried various pipette coating strategies to prevent membrane adhesion. We
found the overnight coating procedure presented in [505], which we tried with a 1 mg/mL
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b-casein solution, to be time-intensive and prone to error. While setting up the aspira-
tion assay, multiple things can go wrong, such as the undesired introduction of a bubble
in the pipette, clogging of the pipette, or encountering a pipette orifice that is not cut as
blunt and straight as desired. In those cases, it is efficient if one can switch quickly to
another pipette. A 30-minute pre-coating step with a concentrated b-casein solution (5
mg/mL) [483] proved to be more pragmatic. Note that addition of 10 mM Tris-HCl at pH
7.4 to the b-casein solution was essential to prevent aggregation of the protein, both in
solution and on the pipette. Addition of the coating agent to the pipette interior as well
as the sample chamber ensured a two-sided coating. For easier exchange of solution
during the subsequent washing steps, it is desirable to have a chamber that is open from
two sides. We also tried to circumvent the washing steps by adding 1 mg/mL b-casein
solution directly to the experimental chamber together with the GUVs, but this was un-
successful in preventing membrane adhesion. We emphasize that b-casein coating was
only tested for neutral membranes at minimal salt concentrations. We also tried to aspi-
rate DOPC membranes containing 20 % DOPS lipids (mol/mol) in a solution containing
100 mM KCl, but this resulted in adhesion of the membrane to the pipette. Thus, aspi-
ration of charged membranes or membranes with bound proteins might require a dif-
ferent treatment. Possible other coating strategies include bovine serum albumin (BSA)
[365, 506] fetal bovine serum (FBS) [507], polyethylene glycol (PLL-PEG) [507] or SurfaSil
[57, 459, 508].

For elasticity measurements, a pre-stress step for several minutes at 2¡ 5mN /m is es-
sential for removal of small membrane structures [56, 459, 501, 505]. While pre-stressing,
we often noticed that vesicles burst at medium aspiration pressures. Following [459],
we used an antistatic gun to remove any static charge from the pipette. Spontaneous
rupture of vesicles was barely observed after introducing this. However, even with ap-
plication of pre-stress, we consistently observed a hysteresis between forward and re-
verse stretch measurements. Although this contradicts other studies which report that
compression is typically reversible once a pre-stress is applied[56, 459], exact levels of
compressibility are usually not reported and therefore difficult to compare. In our ex-
periments, pressure did not drift, an oil seal was placed successfully to prevent evapo-
ration, and the membrane did not visibly adhere to the pipette. A potential explanation
could be that the pre-stress that we applied was not sufficient, or that membrane struc-
tures were present in planes other than the recorded equatorial plane, even though vesi-
cles were checked before aspiration. Alternatively, hysteresis could have been caused
by residual hydrogel polymers in the membrane, which can incorporate when vesicles
are formed by gel-assisted swelling. Polymer contaminations in the lipid membrane can
have a mechanical effect[365], although to our knowledge no observations have been
reported about hysteresis in aspiration measurements specifically. This could be easily
checked by MPA measurements on electroformed vesicles.

PERFORMING VFA MEASUREMENTS

In case of VFA, image processing as well as mode selection influence bending rigidity
outcomes. In fig. 6.7a we show that image smoothing mainly affects the fluctuations
at shorter wavelengths. While smoothing can effectively reduce contour detection er-
rors that are inherently linked to measurement noise (fig. 6.12), it thus also affects the
fluctuation spectrum that is used for determination of · . The experimenter has to find a



6.3. DISCUSSION

6

151

compromise between robustness in contour detection and maintaining the membrane’s
spatial profile. In addition to image processing, we have shown that the exact mode
range chosen for fitting has an effect on the extracted bending rigidity. We present a way
to minimize the subjectivity of mode selection by plotting · versus qlow . For a good ex-
periment, the outcome of · should depend minimally on the selection of qlow , thus pre-
senting a plateau in the plot of · versus qlow . Comparison of the plateau width between
different plots of · versus qlow , generated with different experimental and analysis con-
ditions, provides an objective approach for choosing the image processing settings and
the lower cut-off mode. In general, it is advisable to compare data against internal stan-
dards such as DOPC vesicles that have been obtained with the same technique, environ-
mental conditions and analysis procedure.

Faizi et al. [491] have convincingly shown that phase contrast and confocal fluores-
cence microscopy can both be used for fluctuation analysis of membranes. From an
experimental point of view, it is pragmatic to have the freedom to choose between phase
contrast and fluorescence imaging. Phase contrast imaging is strongly influenced by
any particles that float around in the medium, while high LED intensities typically re-
quired for fluorescence imaging can inflict photodamage on the vesicle membrane and
other internal structures. We thus compared both imaging types and we retrieved similar
bending rigidities (fig. 6.8c).

Optical smearing of fast fluctuations due to non-zero camera acquisition times is a
common concern for VFA measurements. Most research groups have tackled this issue
by minimizing the illumination time of the membrane in each frame using microsecond
stroboscopic illumination [471, 491]. We instead followed the approach presented by
Pecreaux et al. [5], where data acquired with exposure times on the order of milliseconds
can be analysed using a theoretical correction. Indeed, via this way we obtained val-
ues for · that resembled literature values and that were independent of exposure time.
We also tried analysis of our data neglecting the effect of exposure time, i.e. assuming
¿ = 0ms, but this resulted in substantially higher values for · , on the order of 50 to 80kBT
for POPC and DOPC membranes. Our work provides an extra proof that VFA can be per-
formed without stroboscopic illumination, but that exposure time correction is required.

THE EFFECT OF VESICLE FORMATION METHOD ON MECHANICS

The large majority of literature data is based on measurements conducted on vesicles
formed with electroformation. However, with all the possibilities that GUVs nowadays
have to offer for biophysical research and complex reconstitution, the variety in GUV
formation methods is increasing rapidly (reviewed in chapter 4 and [16, 509]). While
there has been significant attention for how mechanical measurements are influenced
by the measuring technique and vesicle medium used [52, 481], the effect of the vesicle
formation method has received less attention. Here, we give an overview of published
work on the effect of vesicle formation strategy on membrane mechanics.

In this project, we focused on vesicles produced by electroformation and gel-swelling.
Electroformation has been the golden standard for GUV production since its first pub-
lication with neutral membranes and solution of low salinity in the 1980s [74]. Later, it
was shown that electroformation parameters can be tuned to work for charged mem-
branes and buffers of physiological ionic strength as well [354]. Even though electro-
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formed membranes are typically clean from contaminations, lipids can get oxidized dur-
ing electroformation due to high electric field intensities, which will depend on the lipid
composition, buffer ionic strength and electric field parameters [283, 381].

Gel-based swelling, on the other hand, is a newer method with the advantage of be-
ing more robust and versatile with respect to different membrane compositions and
solutions with varying ionic strength [76, 285]. However, for agarose-based swelling it
was shown that the highly water-soluble agarose polymers can end up in the vesicle and
the lipid membrane, thereby affecting vesicle mechanics [350]. A general scepticism of
membrane cleanliness remained even when the gel-swelling protocol was adapted to
other hydrogels, such as the less water-soluble PVA [76] and cross-linked hydrogels [286].
A comparison of stretch moduli of PVA-swollen vesicles and electroformed vesicles was
done using the micropipette aspiration technique by Dao et al. [365]. Membranes made
by PVA-swelling were notably easier to stretch than electroformed membranes (ks= 90
mN/m versus 160 mN/m, respectively), a difference that was attributed to membrane
contamination with PVA polymers. Interestingly, we report in this work that bending
rigidities are similar for DOPC membranes formed by electroformation and gel-assisted
swelling. To our knowledge, these are the first bending rigidity measurements on PVA-
swollen vesicles, indicating that more research is required to explore how gel-assisted
swelling can be used to create membranes for reliable mechanical measurements.

To create more complex cellular subsystems, emulsion-based vesicle formation is
more suitable than the classic swelling methods [175]. Notwithstanding, a common con-
cern with emulsion-based vesicle formation is that organic solvent molecules, initially
used for lipid dispersion, can end up in the membrane. To test this concern, it is useful to
compare mechanical properties of emulsion-based GUVs to model membranes formed
by for example electroformation. Interestingly, while bending rigidity, a static prop-
erty, was found to be unaffected by emulsion-based formation [328, 343], membrane
dynamics were influenced by residual oil in the bilayer [510]. Since we demonstrated in
chapter 4 that the emulsion-based method eDICE is of particular interest for bottom-up
reconstitution, we employed VFA to measure bending rigidities of eDICE GUVs, which
have to our knowledge not been reported before. Membrane fluctuations of eDICE GUVs
were clearly visible for protein-free GUVs, for membranes decorated with streptavidin,
and for membranes with an actin cortex nucleated by membrane-bound Arp2/3. How-
ever, quantitative VFA was often hindered by the presence of small membrane structures
which interfered with contour detection. While in some cases it might be possible to get
rid of membrane structures by fine-tuning the GUV formation protocol, sometimes the
presence of these structures is intrinsically related to the reconstituted system, for ex-
ample by protein-membrane interactions. For future studies, one could develop a more
sophisticated contour detection algorithm that either excludes angular positions which
exhibit excessive fluctuations, or that excludes angular positions based on discontinu-
ity of the membrane contour, such as the tracking algorithm we propose in chapter 5.
Otherwise, (fast) confocal microscopy might help to get rid of out-of-focus signals that
impact contour detection.
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6.3.1. CONCLUSION
Membrane deformation lies at the heart of many vital processes of eukaryotic cells, such
as migration and cell division. As such, design of a membrane with the right mechanical
properties is a key challenge in the construction of a synthetic cell and needs evalua-
tion by mechanical probing assays on the way. In this chapter, we developed pipelines
for two well-established membrane elasticity measurements: active deformation by mi-
cropipette aspiration (MPA) and passive observation by vesicle fluctuation analysis (VFA).
We showed that pH control over the vesicle inner and outer solution is crucial to obtain
fluctuating membranes devoid of membrane structures, which is essential for both as-
says. Being an active probing assay, MPA requires high control over applied aspiration
pressures to deform membranes. After identification of the most important factors that
influence pressure stability, we have proposed concrete design routes to minimize their
effect. Additionally, we presented an image analysis pipeline useful for analysis of mem-
brane deformations in MPA images taken in epifluorescence. For VFA, we developed an
image analysis pipeline to extract bending rigidities from time-lapse videos of fluctuat-
ing membranes. We showed that the obtained bending rigidity is sensitive to image pre-
processing parameters, and we presented an objective method to choose the best set of
parameters. Furthermore, we showed that consistent bending rigidities were obtained,
independent of the camera exposure time that was used. We validated our experimental
and analysis pipelines for both MPA and VFA with a set of benchmark measurements
on model membranes. Our results agreed well with literature values, for obtained bend-
ing rigidities (VFA and MPA) as well as for stretch moduli (MPA). After validation, we
employed VFA measurements to show that vesicles produced by gel-assisted swelling
displayed a similar bending rigidity as electroformed vesicles. This is in contrast to ear-
lier studies which found that residual polymer can alter mechanical properties of GUV
membranes [350, 365]. Furthermore, we tested the applicability of VFA to measure the
bending stiffness of vesicles produced with eDICE, as a starting point for more complex
reconstitution assays. Samples produced with eDICE were non-ideal, as small mem-
brane structures interfered with contour detection and thereby hindered further quanti-
tative analysis. This problem could in future be solved by development of more sophisti-
cated contour tracking algorithms, which would improve robustness of the method and
allow for more complex mechanical measurements, for example in presence of a non-
homogeneous actin cortex. Altogether, we hope that our clear presentation of workflows
for implementation of both VFA and MPA measurements will encourage researchers in
the synthetic cell community to combine reconstitution assays with mechanical charac-
terization.

6.4. MATERIALS AND METHODS

6.4.1. CHEMICALS
The lipids 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC), 1-palmitoyl-2-oleoylphosphatidyl-
choline (POPC), egg-phosphocholine (EggPC), 1,2-dimyristoyl-sn-glycero-3-phosphocholine
(DMPC) and 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(lissamine rhodamine B sulfonyl)
(Rhodamine DOPE) were ordered from Avanti (Alabaster, Alabama, US). The fluorescently tagged
lipid ATTO 655 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine (ATTO 655 DOPE) was obtained
from ATTO-TEC (Siegen, Germany). All lipids were obtained in chloroform. Lipid solutions were
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handled using Transferpettor pipettes (BRAND GMBH + CO KG, Wertheim, Germany) with glass
tips, of volumes ranging from 10 to 50¹ L. All lipids were stored under argon at -20 °C.

Cholesterol, sucrose, glucose, Tris hydrochloride (Tris-HCl), b-casein (BioUltra, >98% purity),
bovine serum albumin (BSA), light mineral oil (330779, 0.838 g/mL), heavy mineral oil (330760,
0.862 g/mL), and silicone oil (5 cSt) were ordered from Sigma Aldrich (St. Louis, Missouri, United
States). Polyvinyl-alcohol (PVA, 145 kDa, 98% hydrolysed) was obtained from VWR (Amsterdam,
the Netherlands).

6.4.2. GUV FORMATION
GUVs for mechanical measurements were either made by PVA-assisted swelling, using a protocol
adapted from [76], or by electroformation of lipid films, adapted from its first publication [74] (see
chapter 4). While gel-assisted swelling is a robust and versatile GUV formation method that can
easily be used to form membranes of lipid different compositions including charged lipids, and in
buffers with a range of pH and ionic conditions, there are concerns about residual polymer associ-
ated with the GUV membrane [350, 365]. We therefore used electroformation as a well-established
standard for comparison.

For gel-swelling, first a 5% (w/v) PVA solution was prepared by adding PVA powder to a 200
mOsm sucrose solution in milliQ water. The solution was then heated to 90 °C on a hot plate
while stirring continuously in order to dissolve the PVA powder. After a couple of hours, when
the PVA powder was properly dissolved, the solution was cooled down to room temperature. The
solution was then filtered with a 200 nm filter (25 mm diameter, polyethersulfone membrane, non-
sterile, VWR) to remove any undissolved polymer. The resulting PVA solution could be used for
months when stored in the fridge. To prepare a PVA gel for GUV swelling, a 24x24 mm coverslip
(Menzel-Glaser) was first rinsed sequentially with ethanol, distilled water and ethanol and then
blow-dried with nitrogen. The slide was then cleaned with a plasma cleaner (Plasma Prep III,
SPI supplies, West Chester, PA, USA) for 30 seconds to ensure gel adhesion to the glass substrate.
Then, 100 &L of PVA solution at room temperature was applied to the coverslip and spread by
tilting the glass. Excess solution was removed with a tissue to minimize gel thickness. The slide
was baked in an oven for 30 minutes at 50 °C, yielding a solid gel. Then, 10 &L of lipid solution
in chloroform at a total lipid concentration of 1 mg/mL in chloroform was spread on top of the
gel with a glass syringe (Hamilton) and dried for 1 hour in a vacuum dessiccator to remove any
organic solvent. At lower lipid concentrations, GUV formation resulted in both a lower quality and
lower yield of produced samples. In addition, a lipid concentration of 1 mg/mL was convenient
as it was also found to work best for electroformation (see chapter 4). Afterwards, the coverslip
was placed in a compartmentalised petri dish (4 compartments, VWR). 300 &L of swelling solution
containing 200 mOsm sucrose and 10 mM Tris-HCl at pH 7.4 was carefully added on top of the gel.
After swelling for 1 hour, vesicles were harvested by tilting the petri dish, carefully pipetting up the
swelling solution with a 1 mL pipette tip, flushing it once over the gel to detach the vesicles, and
then collecting it.

For electroformation of GUVs, we used custom-built electroformation chambers consisting
of a teflon vial and a teflon cap with two platinum wires of 0.5 mm diameter inserted with about
3 mm spacing (see chapter 4). Both vial and cap contained screw thread for tight closure. The
electroformation chambers were first cleaned by sonication for 15 minutes in water and then in
ethanol. After blow-drying the electrodes with nitrogen, 5 &L lipids at a total lipid concentration
of 1 mg/mL were spread over the two electrodes using a 5 &L Hamilton syringe. Spreading of the
lipid solution over the wire was found to be essential for GUV formation. The electrodes were then
dried for 30 minutes in a vacuum desiccator. The bottom part of the electroformation chamber
was filled with 100 &L of swelling solution typically containing 200 mOsm sucrose and 10 mM Tris-
HCl at pH 7.4. The electrodes were inserted in the solution and connected to a function generator
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(Rigol DG1032). Electroformation was run by applying an alternating sinusoidal current of 300 Hz
and 2 Vpp for 90 minutes. The effective voltage was measured with a multimeter (15XL, Wavetek
Meterman, Everett, WA, USA) on the wire and adjusted if needed. After formation, the electro-
formation chamber was firmly tapped about 5 times on a lab bench to detach vesicles from the
wire. While electroformation without Tris-HCl could be performed at 10 Hz and 2 Vpp (peak-to-
peak voltage), addition of buffer required a higher frequency, consistent with published protocols
at higher ionic strengths [340, 354] (see also chapter 4).

6.4.3. IMAGING SETUP
All VFA and MPA measurements in this chapter were performed on a Nikon Eclipse Ti microscope
equipped with a confocal detector (Crest X-light), a digital camera (Orca-Flash 4.0, Hamamatsu)
and monochromatic illumination with a LED light source (Spectra X, Lumencor). Aspiration ex-
periments were conducted with a dedicated setup assembled on top of this microscope, whose
basis was laid by a former PhD student in our lab, Yuval Mulla [511]. A micropipette was mounted
on the setup using a pipette holder (Narishige). The holder could be clamped in a micromanipu-
lator that was assembled on the microscope stage. The micromanipulator allowed for movement
in x, y, z (sideways, in and out of the chamber, and up and down, respectively), as well as changing
the out-of-plane insertion angle, to allow for insertion and precise positioning of the micropipette.
The pressure in the micropipette was controlled using hydrostatic pressure with a vertically mov-
ing water bath. To this end, a 15 mL syringe without plunger was mounted on an up-right trans-
lational stage (range 30 cm, minimal step size 1 ¹ m , LTS300, Thorlabs). The water bath was con-
nected to the pipette holder via flexible tubing (C-Flex Clear tubing, ID 2.4 mm, OD 4 mm, Cole
Parmer). Using a custom-built software written in C-sharp (developed by Brahim Ait Said from the
AMOLF research institute, Amsterdam), we were able to execute automated protocols for pressure
change and simultaneous imaging.

6.4.4. MICROPIPETTE ASPIRATION ELASTICITY MEASUREMENTS
We probed membrane elasticity by active deformation following the micropipette aspiration assay
[7, 56]. In this assay, GUVs are aspirated with a glass micropipette by application of a suction pres-
sure. By increasing the suction pressure, the GUV membrane tension is increased. By recording
the resulting GUV deformation with an optical microscope, the strain can be calculated. For the
calculation of the stress and strain, we follow the procedure described in detail in [7].

PREPARATION

Aspiration micropipettes with an orifice diameter of 5 to 8 &m were fabricated from borosilicate
glass capillaries (Harvard Apparatus, inner diameter 0.58 mm and outer diameter 1.0 mm, length
100 mm) in a two-step process. First, two fine capillaries were pulled from a single wide capillary
using a laser-heated pipette puller (Sutter Instruments Co Mode P-2000) using the instrument’s
pull settings: Heat 450, Filament 4, Velocity 50, Delay 255 and Pull 150. These pull settings yielded
capillaries with long, almost parallel tips and closed ends. The capillary ends were opened using
a microforge (Narishige MF-900) including a 35x magnification objective (Narishige), see fig. 6.14.
The 35x magnification objective is essential to see if pipette ends are cut straight and if pipettes
are free of dirt. The platinum heating filament (150 &m diameter, Narishige) of the microforge
was bent into a U-shape in upright orientation. A bead of low-melting temperature glass (lead-
free VPS, melting temperature ~600 °C, Ferro) was molten into the concave region. The low melt-
ing temperature glass was required as it can flow into the capillary, without melting the capillary,
which is useful for making a clean cut. We opened the capillary by melting the closed tip to the
glass bead, then letting the bead and filament cool down, after which the capillary was retracted
backwards. Then, while heating the glass bead, we immersed the very tip of the open capillary in
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the molten bead to let the low-melting temperature glass creep up into the pipette via capillary ac-
tion. When the glass meniscus had flowed up in the pipette to reach the desired inner diameter of
the final pipette opening, the system was cooled down to solidify. Upon retraction of the pipette,
a clean cut perpendicular to the pipette walls was made.

For each aspiration experiment, an aspiration chamber was assembled for which we designed
a special aluminum spacer of 3 mm thickness (see fig. 6.2d-e and fig. 6.15). The spacer was used
to assemble a chamber with final dimensions of 40 x 12 x 1.5 mm (l x w x h). The spacer had
slots on both sides to fit glass slides that would form the bottom and top of the chamber. Two glass
coverslips (No. 1.5H, Thorlabs) were cut to 12 mm width with a glass cutter, cleaned with water and
ethanol, and dried with a nitrogen gun. Next, the two glasses were mounted on the aluminium
spacer from top and bottom sides by sticking them to the slots with vacuum grease (Beckman
Coulter). The final chamber was thus closed from the bottom and top, and accessible from two
sides. We found that in order to keep a constant pressure in the micropipette, the chamber had
to be sufficiently spacious in length and width such that the sample could rest in the centre of the
chamber without touching the sides. In addition, we noticed that it is important to prevent water
evaporation from the chamber in order to maintain a constant pressure. For a more elaborate
discussion on chamber design, see section 6.2.2.

Before the start of an experiment, the aspiration chamber and the pipette were pre-coated
to prevent membrane adhesion. To this end, a droplet of 70 &L of a filtered b-casein solution (5
mg/mL b-casein, 200 mOsm glucose, 10 mM Tris-HCl pH 7.4) was placed in the middle of the
aspiration chamber. We made sure that the droplet touched the bottom and top of the chamber,
but not the glass edges or aluminium spacer. The micropipette was back-filled with the same b-
casein solution using a thin pipette tip (Eppendorf GELloader, 20 &L), leaving a small meniscus
at the pipettes’ back end and leaving the front end empty. Before mounting the pipette into the
pipette holder, any air bubbles in the water bath, tubing and holder were removed. Then, the
pipette was mounted into the holder while applying a positive pressure to push out any remaining
air. This was important to prevent the insertion of bubbles in the pipette. Finally, the b-casein
solution was pushed to entirely fill the pipette, until a small droplet could be seen at the tip.

The pipette was inserted into the aspiration chamber under a small out-of-plane angle of
about 5°. After bringing the pipette into focus on the microscope, we verified that the opening
was clean and smooth and that the solution could freely flow in and out of the pipette. Then, the
system was left to passivate for 30 minutes. The chamber was then washed twice with 80 &L as-
piration buffer (200 mOsm glucose, 10 mM Tris-HCl pH 7.4) by carefully removing solution from
the chamber with a tissue and filling it with a 200 &L pipette. During washing, we again made sure
that solutions did not touch any of the sides of the chamber. Finally, the chamber was filled with
80 &L aspiration buffer to which we added 10 &L vesicle solution. The vesicles were left to sediment
for 5 minutes. For aspiration, GUV membranes had to be slightly deflated. Therefore, the cham-
ber was left open to allow solvent evaporation for about 10 minutes until a substantial fraction of
vesicles visibly fluctuated. Then, the chamber was closed with an oil seal by carefully adding 200
&L of heavy mineral oil around the sample. By applying an oil seal, we prevented further water
evaporation from the sample, which we found to be essential for maintaining a constant aspira-
tion pressure. Furthermore, sealing the chamber prevented further deflation of vesicles, which
allowed us to use the sample up to several hours. Before starting measurements, any static charge
on the pipette was removed with an anti-static gun (Zerostat 3, Sigma Aldrich). Static charge on the
pipette has been reported to lower the membrane lysis tension [459]. Preparation of the aspiration
setup took about 1-1.5 hour, including a 30 minute waiting time for pipette passivation.

ASPIRATION PROTOCOL

For membrane elasticity measurements, we only selected vesicles that visibly fluctuated as these
allowed for bending rigidity measurements, and ensured a visible aspiration into the pipette. Fur-
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thermore, vesicles were only selected if they did not have tubes or other secondary membrane
structures, were not sticking to other vesicles or the glass surface, and were sized between 10 and
30 &m diameter. For smaller vesicles, the area changes were too small to accurately detect in the
pipette, while larger vesicles were visibly deformed by gravity outside the pipette. Before each
measurement, the zero pressure was calibrated by moving the water bath up and down until no
flow of naturally present small particles was seen in the pipette. The height of the water bath was
in this way refined to a final precision of 10 &m H2O as determined by digital read-out of the trans-
lational stage. Then, a vesicle of choice was aspirated with a water bath height of -50 mm (with re-
spect to the zero pressure, typically corresponding to a moderate tension of » 1mN /m ). We lifted
the pipette about twenty microns to isolate the vesicle in a focal plane slightly above the vesicles
on the surface, and also moved the aspirated vesicle several hundreds of &m parallel to the glass
surface to break any possible membrane tethers. Then, a pre-stress was applied by decreasing the
water bath height to -200 mm for 3 minutes [56, 459, 501]. By applying a pre-stress, sub-visible
membrane reservoirs, meaning membrane reservoirs with sizes smaller than the diffraction limit,
are incorporated into the projected area and remain incorporated even when tension is decreased.
After the pre-stress, the water bath height was decreased to -0.1 mm (with respect to the zero pres-
sure height) to commence aspiration in the low-tension regime to measure the bending rigidity.
The water bath height was decreased automatically from -0.1 to -2 mm in 20 steps, and then from
-2 mm to -30 mm in 30 steps, typically corresponding to a total tension increase of about 1 mN/m.
After 2 seconds equilibration time at each pressure, a fluorescence wide field image was taken
with a 100 ms exposure time using a 60x long working distance water immersion objective (2.0
mm working distance, NA 1.0, Nikon), resulting in a final pixel size of 108 nm. Stretch modulus
measurements were performed directly after the bending modulus measurement by further de-
creasing the water bath height from -30 mm to -250 mm in 50 steps, corresponding to a tension
increase of about 4 to 8 mN/m. Epifluorescence images were again taken at each position after 2
seconds equilibration time. To test for hysteresis, we next performed a compression experiment
by decreasing aspiration pressure, starting from a water bath height of -200 to a final height of -30
mm. Finally, the vesicle was pushed out of the pipette by applying a negative aspiration pressure.
The total experiment took around 15 minutes per vesicle.

ANALYSIS OF ASPIRATION EXPERIMENTS

We wrote a Python program (MPA_anal ysi s.py) that implements the analysis described by Hen-
riksen and Ipsen [7]. While we use the theoretical framework described in ref. [7], we propose a
new image analysis method to obtain the vesicle shape parameters from epifluorescence images.
Our refinements in the analysis are described in detail in section 6.2.2.

Starting from the epifluorescence image of an aspirated vesicle, we first created two smoothed
images: I sm, the working image, and I sub, the image that is subtracted from I sm to enhance the
membrane signal. Smoothing was performed by convolution with a 2-dimensional Gaussian fil-
ter using the gaussianblur function from the OpenCVpackage. For I sm, we used a small kernel
size of 3x3 pixels to smoothen local random noise caused from the camera. For I sub, we used a
larger kernel size of 21x21 pixels to remove long-range noise caused by inhomogeneous illumina-
tion and out-of-plane fluorescence. Subtraction of I sub from I sm, followed by thresholding using
a manually defined global intensity threshold, yielded an image containing a continuous mem-
brane signal over a background set to zero. Image preprocessing constants could be kept constant
for all GUVs analyzed. Since the membrane position corresponds to a maximum in fluorescence
intensity, we applied a local maxima filter using the peak_local_max function from the skimage
package to detect intensity peaks in the non-zero membrane signal, typically yielding a set of at
least 50 membrane coordinates for the entire GUV. We then identified the tongue and vesicle body
by fitting two circles to these coordinates using the RANSAC circle fitting algorithm from Python’s
skimage package with a minimum number of 5 inliers, yielding the relevant vesicle geometry: the
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pipette radius Rp , vesicle radius Rv , tongue coordinates (x , y)p and vesicle coordinates (x , y)v (see
fig. 6.3).

After performing circle detection for all the images, we calculated the time-average vesicle
location, vesicle radius and tongue radius. We then determined the protrusion length for each
image by taking an intensity profile along the x-axis at yv . The membrane position in the front
end of the tongue in the pipette was then defined as the maximum of the intensity profile. In
further analysis we are only interested in the change of protrusion length for each step i in the
aspiration pressure, that is dL = Lp (i )¡ Lp (0). Then, via geometrical considerations, the change in
membrane area d A for a change in protrusion length dL was calculated:

dA =
1

2

Ãµ
Rp

Rv
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¡

µ
Rp

Rv

¶3
!

dL
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(6.1)

The membrane tension ¾was calculated via the Laplace’s law from the vesicle geometry:
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At low membrane tensions, typically limited to 0.5 mN/m [7], the membrane deformation is dom-
inated by bending, following:
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1
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(6.3)

where · is the bending rigidity. At tensions higher than 0.5 mN/m, the membrane deforms mainly
by stretching with a stretch modulus ks. For stretching deformations, the stress-strain relationship
is given by:

dA =

µ
¾

ks

¶
(6.4)

Thus, the obtained stress-strain data is divided into two regimes: a low-tension regime, up to
0.5mN /m , and a high-tension regime, from 0.5mN /m and higher. By fitting eq. (6.3) to the low-
tension regime, and eq. (6.4) to the high-tension regime of experimentally obtained values of stress
and strain, the membrane’s bending modulus · and stretch modulus ks were obtained. We fit
these equations using the scipy.linear_curve_fit function. In the plots in this thesis, dA is
given as a percentage rather than a fraction.

6.4.5. VESICLE FLUCTUATION ANALYSIS
As a complementary approach to probe membrane mechanics, we applied the established vesicle
fluctuation analysis (VFA) technique [5, 341, 471]. In this method, we make use of the fact that
lipid membranes spontaneously fluctuate when they are under low tension.

EXPERIMENT

First, imaging chambers were prepared as described in section 4.5.12 (small 20¹ L chambers). In
short, an 8-well silicone gasket (8-6 mm diameter x 1 mm depth, Grace Bio-Labs) was placed on a
cleaned glass coverslip (No. 1.5H, 24x50 mm, Thorlabs). To each well, 15 &L of b-casein solution
(1 mg/mL b-casein, 10 mM Tris-HCl pH 7.4) was added and left for 15 minutes to passivate the
glass surface. After 15 minutes, the solution was removed with a tissue and the chambers were
blow-dried with nitrogen gas. To each well we added 15 &L of outer solution containing 200 mOsm
glucose and 10 mM Tris-HCl pH 7.4 was. Then, 5 &L of vesicle solution in 200 mOsm sucrose and
10 mM Tris-HCl was added. Due to their higher mass density, vesicles sunk to the bottom of the



6.4. MATERIALS AND METHODS

6

159

chamber which facilitated imaging. The chamber was then closed from the top, to prevent evapo-
ration and minimize flow in the sample, with a glass slide (1 mm thickness, Thermo Scientific).

Vesicles were imaged using the microscope setup described in section 6.4.3 equipped with
a 100x oil immersion objective (Nikon, N.A. 1.40). For fluctuation analysis, we selected vesicles
with a radius larger than 5 &m but smaller than 20 &m, that were spatially separated from other
vesicles, with membranes that were clearly fluctuating and that did not have secondary structures
in the focal plane. This size criterium was important as for small vesicles, most fluctuations are
too fast to resolve [5], while membrane contour fluctuations of larger vesicles are distorted by
gravity effects [341]. Time-lapse movies of 2000 frames were recorded at the equatorial plane of
the vesicle in epifluorescence mode at an excitation wavelength of 655 nm with 50% LED intensity
and an exposure time between 2 and 10 ms

ANALYSIS

To analyse fluctuation recordings, we wrote a Python code that detects vesicle contours from either
fluorescence or phase contrast time-lapse image series and finally extracts the bending rigidity and
membrane tension. The analysis can be split up in four steps: contour detection, calculation of
the fluctuation spectrum, mode selection, and fitting of the fluctuation spectrum. Figure 6.5 and
fig. 6.6 give a visual representation of the analysis pipeline.

Unless specified otherwise, detection was done by first convolving the image with a small two-
dimensional Gaussian smoothing filter using the cv2.GaussianBlur from the OpenCVpackage
with a kernel size of 3 pixels and a standard deviation of 3 pixels. A set of 360 radial rays at an
angular separation dµ = 1° was then created to extract radial fluorescence intensity profiles, start-
ing from an initially guessed centre of the vesicle

¡
xm , ym

¢
and crossing the membrane along the

entire contour. To minimise the computational cost, fluorescence intensities were analyzed only
within a narrow ring around the membrane confined by an inner and outer radius r i n and rout .
The membrane position r i at angle µi was defined as the maximum intensity of the smoothed sig-
nal. In some cases, as specified in the text, the one-dimensional intensity profile was smoothed
with an additional one-dimensional Gaussian filter using ndimage.filters.gaussian_filter1d
with a standard deviation of 3. This process was repeated for all 360 profiles to obtain rm (µ). Using
the angular profile of the radius, we updated the vesicle centre position by calculating the sum of
the vectors ri and adding this to the former centre:

µm = tan¡ 1
µP

i r i sin(µi )
P

i r i cos(µi )

¶
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P
i r i cos(µi )

cos(µi )

(6.5)

with the new centre coordinates
¡
xn , yn

¢
being:

xn = xm + cos(µm )rm

yn = ym + sin(µm )rm
(6.6)

This process of membrane detection and centre refinement was repeated until the new centre
position was less than one pixel separated from the previous one. Contour detection was repeated
for all frames to yield r (µ, t ). In addition, we calculated the vesicle contour length Lc for each frame
as the sum of the Euclidian distances between all contour points:

Lc =
X

i

q ¡
xi +1 ¡ xi

¢2 ¡
¡
yi +1 ¡ yi

¢2 (6.7)

Videos with frames with a contour length deviating by more than 2% from the time-averaged con-
tour length were ignored in the analysis.
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After obtaining the vesicle contours, we performed a discrete spatial Fourier transformation.
First, each point on the contour r i was rescaled by the time-averaged radius hRi . Then, the first 80
Fourier modes q of the contour were calculated as follows [471]:
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Note that we use q to denote the mode number and qx =
q

hRi
to denote the wave number (m ¡ 1)

belonging to q . For each mode, the Fourier amplitude was then calculated to yield the Fourier
spectrum:

cq =
q

a2
q + b2

q (6.10)

from which we finally derived the experimental fluctuation spectrum [5]:
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¯ũ (qx ,y=0)

¯
¯2i =

¼hRi 3

2

³
h
¯
¯cq

¯
¯2i ¡ h

¯
¯cq

¯
¯i 2

´
(6.11)

which we call h
¯
¯ũq

¯
¯2i henceforth.

To determine bending rigidity and tension from the experimental fluctuation spectrum, we
follow the analysis outlined by Pecreaux et al. [5]. In their study, Pecreaux et al. have shown that
although the vesicle fluctuates in spherical geometry, fluctuations can be described by equations
valid for a planar membrane[5]. Errors due to curvature and closed topology of the membrane are
significant only for the first modes[5], which are anyway not considered in the analysis because
they are dominated by membrane tension (see below). The fluctuation spectrum for a planar
membrane has been calculated by Helfrich and reads [4]:
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Here, u (r? ) is the local displacement normal to the membrane with respect to the mean position.
q? =

¡
qx , qy

¢
is the wave vector corresponding to r? =

¡
x , y

¢
, the coordinates of a membrane point

on the (x , y)-plane. ¾ and · are the membrane tension and bending rigidity, T is the absolute
temperature and kB the Boltzmann constant. Since only fluctuations in the equatorial plane are
captured with microscopy experiments, we measure:
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which is solely dependent on the wave number qx . It should be noted that eq. (6.13) is the theo-
retical fluctuation spectrum. In our experiments, we used camera exposure times (or integration
times) ¿ between 1 and 5 ms to record frames. This means that fluctuations with a lifetime shorter
than the integration time cannot be resolved. Even at small wave vectors qx , the spectrum is af-
fected by this limitation. In our analysis, we follow the approach proposed by Pecreaux et al. [5] to
account for the finite camera exposure time:
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where q? =
¯
¯
¯
¯q?

¯
¯
¯
¯, ´ is the medium viscosity and ¿m the fluctuation lifetime of a mode q? given

by [512]:
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Thus, by experimentally obtaining the vesicle fluctuation spectrum, we could fit eq. (6.14) to ob-
tain the bending rigidity and tension of the membrane.

Due to experimental limitations, only a finite range of modes can be used to fit the fluctuation
spectrum [5, 471]. Low q modes are statistically under-represented in the analysis as they have
long fluctuation lifetimes and thus do not equilibrate on the time-scale of a typical VFA time-lapse
video. In addition, deformations at low q are typically dominated by tension rather than by bend-
ing. High q modes are affected by two experimental limitations: the temporal resolution of the
camera and the spatial resolution of the microscope. At intermediate modes, the variances scale
as the inverse cube of the wave number q ¡ 3 (see fig. 6.7). By plotting h

¯
¯ũq

¯
¯2i q3

x versus qx , the
intermediate regime that is typically used to obtain the bending rigidity can be recognised as a
plateau [471]. However, obtaining the exact mode cut-offs qhi gh and especially qlow from such a
plot is subjective and can strongly influence the fit results.

Theoretical estimates help identifying the limiting modes. The cut-off between the bending-
and tension-dominated regime is given by qc

b = R0
p

¾/· [5]. For a typical vesicle with R0 = 10&m ,

· = 10¡ 19 J and ¾ = 10¡ 8mN /m , we obtain a lower cut-off mode number qlow = 3. The higher
mode cut-off set by the spatial resolution of the set-up, assuming a diffraction limit of 200nm and
a vesicle radius of 10&m , is qhi gh = 50. A temporal cut-off mode is set by the camera integration
time, where fluctuations with a lifetime shorter than the integration time are not correctly fitted.
The temporal cut-off mode number is given by [5]:

qc
t = 3

r
4´

·¿
(6.16)

Assuming ¿ = 5ms, · = 10¡ 19 J and a solution viscosity ´ = 0.001kg/ms, we obtain qc
t = 20. Given

that the spatial cut-off mode is higher than the temporal cut-off, we assumed qhi gh = qc
t .

In practice, we fitted eq. (6.14) to measurements of h
¯
¯ũq

¯
¯2i using optimize.curve_fit from

Python’s scipy package, which yielded values for · and ¾. As we found the exact choice of qlow
to have a large impact on the fit outcomes, we repeated the fitting for a range of values of qlow as
described in more detail in section 6.2.3. Plotting · as a function of qlow typically showed a regime,
often for qlow between 5 and 10, where · minimally depended on qlow . We therefore based the
final value for · on the average of the values obtained within this regime. To obtain a value for the
membrane tension ¾, we fitted eq. (6.14) used the final · and corresponding qlow . When contour
detection was poor or when membranes were tense, we could not distinguish a plateau in the plot

of h
¯
¯ũq

¯
¯2i q3

x versus qx . These vesicles were excluded from analysis.
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6.6. SUPPLEMENTARY FIGURES

Figure 6.12: VFA membrane detection results obtained with different image preprocessing options. Image
shown is a zoom-in on fig. 6.5. Scale bar is 5¹ m in both images. (a) Membrane detection with 2-dimensional
smoothing only. (b) Membrane detection without smoothing applied. (c) Evolution of contour length (nor-
malised by its time-average) without smoothing (purple) and with two-dimensional smoothing (yellow).

Figure 6.13: Effect of membrane tension on the fitting of bending rigidity. A theoretical fluctuation spectrum
was calculated using · = 15kBT and ¾= 10¡ 9N /m . Fitting the spectrum using a range of fixed ¾values resulted
in bending rigidities close to 15kBT (red dots), with at maximum 1kBT difference.
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Table 6.3: Overview of VFA results. Fitting results for · and ¾ of all VFA measurements performed on DOPC
and POPC membranes, with and without 30 % cholesterol (indicated by + and -, respectively), produced by gel
swelling (GSW) or electroformation (EF). ‘GUV no.’ denote unique GUVs, ‘exp no.’ denote different time-lapses
taken from individual GUVs, R denotes the vesicle radius.

GUV
no.

Exp.
no.

Lipid
Chol
30%

Form
R

¹ m
·

kBT
¾

N /m

1 1 DOPC + GSW 6.9 14.6 8.3e-10
1 2 DOPC + GSW 6.9 12.8 2.2e-8
2 1 DOPC + GSW 10.8 19.6 1.2e-8
2 2 DOPC + GSW 10.9 17.9 1.7e-8
3 1 DOPC - GSW 7.8 15.6 5.9e-9
3 2 DOPC - GSW 7.8 15.0 7.4e-9
4 1 DOPC - GSW 9.6 19.5 2.6e-8
4 2 DOPC - GSW 9.6 18.2 3.2e-9
5 1 DOPC - GSW 8.9 16.4 3.1e-9
5 2 DOPC - GSW 9.0 15.0 5.7e-9
6 1 POPC + GSW 8.4 24.5 2.4e-9
6 2 POPC + GSW 8.4 23.9 3.2e-9
7 1 POPC - GSW 5.5 14.3 9.4e-10
8 1 POPC - GSW 7.0 18.5 9.2e-10
8 2 POPC - GSW 7.0 17.2 1.5e-10
9 1 DOPC - EF 8.7 20.0 2.7e-9
9 2 DOPC - EF 8.7 20.5 5.2e-9
10 1 DOPC - EF 6 15.9 1.1e-8
10 2 DOPC - EF 6 15.8 2.8e-9
11 1 DOPC - EF 8.2 19.2 5.8e-9
11 2 DOPC - EF 8.2 20.0 2.4e-8
12 1 DOPC - EF 7.5 17.4 3.4e-9
12 2 DOPC - EF 7.5 17.7 1.4e-9
13 1 DOPC - EF 7.9 19.6 2.0e-9
13 2 DOPC - EF 7.9 20.2 3.4e-9
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Figure 6.14: Protocol for fabrication of micropipettes for aspiration measurements. (a-h) Schematic
overview of fabrication procedure. (a) A closed micropipette is brought close to the glass bead of the heat-
ing filament of the microforge. It is advised to use the 5x objective for a good overview of the system. (b) After
switching to the 35x objective for precise control of the pipette tip, the heating filament is warmed up such that
the glass bead melts. The micropipette tip is inserted in the molten bead. (c) The heat is switched off, after
which the pipette can be retracted. The resulting pipette is open, but the cut is likely not straight. (d) Again,
the glass is molten, and the pipette is inserted. (e) While the glass bead is heated, the glass will flow into the
capillary. Once the glass reached the desired pipette orifice position, release your foot from the heating pedal.
(f) After the glass solidifies, carefully retract the pipette to create a clean cut at the glass meniscus. Inspect the
pipette opening: it should be straight and clean. (g) Image of successfully fabricated pipette as seen with 35x
magnification. The cut tip can be seen frozen in the glass bead. (h) View of the pipette with 5x magnification.

Figure 6.15: Sample chamber for MPA measurements. Aluminum spacer used for constructing micropipette
aspiration chamber. Slots seen here on top are made to fit a glass slide, which serves as the top of the chamber.
Similar slots are present on the bottom to insert the bottom coverslip.





7
IN VITRO LIPID MEMBRANE

GROWTH BY FUSION

Generating membrane growth is a key challenge in building a synthetic cell from the bot-
tom up. While previous reconstitution assays have demonstrated that lipids can be synthe-
sized de novo in giant unilamellar vesicles (GUVs), surface area growth might be more eas-
ily realized by external feeding of smaller vesicles that incorporate in the GUV membrane
by lipid bilayer fusion. A fusion mechanism based on hybridization of two complementary
membrane-bound DNA linkers has been well-established for fusion between small vesicles
and small vesicles with supported lipid bilayers in the past, but the requirements for ef-
�cient fusion of small vesicles with GUVs has been relatively unexplored. In this chapter,
we characterize fusion between GUVs and hundred times smaller large unilamellar vesi-
cles (LUVs) mediated by cholesterol-anchored single stranded DNA linkers. We perform
�uorescence image analysis on a GUV population level to evaluate individual steps in the
fusion process, being membrane incorporation of the DNA linker, binding between LUVs
and GUV, and content mixing. We show that fusion is highly dependent on DNA linker
concentration in a non-monotonic way, with a maximum fusion ef�ciency of 30% of the
total number of GUVs. Furthermore, we show that this fusion mechanism is compati-
ble with different GUV membrane compositions as well as with GUVs produced by emul-
sion Droplet Interface Crossing Encapsulation, thereby showcasing the potential of gen-
erating membrane growth in complex reconstitution assays. Altogether, DNA-mediated
membrane fusion provides a facile yet effective way to generate growth of a synthetic cell
membrane in vitro.

Experiments in this project were performed by Tom Aarts and analysed by Lennard van Buren. The project
was executed under supervision of Lucia Baldauf and Lennard van Buren.
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