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ABSTRACT: Bottom-up biology is an expanding research field that shape control
aims to understand the mechanisms underlying biological processes via
in vitro assembly of their essential components in synthetic cells. As
encapsulation and controlled manipulation of these elements is a
crucial step in the recreation of such cell-like objects, microfluidics is
increasingly used for the production of minimal artificial containers
such as single-emulsion droplets, double-emulsion droplets, and
liposomes. Despite the importance of cell morphology on cellular
dynamics, current synthetic-cell studies mainly use spherical contain-
ers, and methods to actively shape manipulate these have been lacking.
In this paper, we describe a microfluidic platform to deform the shape
of artificial cells into a variety of shapes (rods and discs) with adjustable cell-like dimensions below 5 pm, thereby
mimicking realistic cell morphologies. To illustrate the potential of our method, we reconstitute three biologically
relevant protein systems (FtsZ, microtubules, collagen) inside rod-shaped containers and study the arrangement of the
protein networks inside these synthetic containers with physiologically relevant morphologies resembling those found in
living cells.
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r I Y hroughout evolution, cells have radiated into a particular position and time within the colony lifecycle.'*"* To

dazzling variety of morphologies, where prokaryotes accommodate such variations in morphology, the processes

are found in the shape of, for example, rods, spheres, inside a cell should be robust against variations of the cellular
and spirals,' archaea can exhibit even triangular or flattened shape. For example, to ensure faithful division, pattern-
square shapes,” and eukaryotic cells range from orderly shaped formation processes should successfully guide the cellular
plant cells’ to the extensively branched dendritic cells of the division machinery to the right location, irrespective of the
immune system. This wide morphological diversity raises precise shape and size of the cellular boundary.'®'” The
questions on the underlying reasons and the interplay between mechanisms through which such processes remain robust in
morphology and the myriad of internal cellular processes. The varying environments and boundary conditions are a topic of
shape and size of a cell are the product of internal molecular active research.'® Confinement and shape not only influence
processes that drive cellular growth and division and are also cellular processes but also have an effect on extracellular
guided by external environmental factors such as the structures such as the ECM, the fibrous network located in the
surrounding cells or simply the amount of available space. space between eukaryotic cells in tissues and prokaryotic cells
The cellular container shell itself is maintained by cytoskeleton in biofilms.'”*’ The large morphological variety of cells also
and membrane machineries’ ™ that are present in all kingdoms poses interesting questions from the perspective of polymer
of life. physics. Cells contain many polymers, such as cytoskeletal

Unicellular organisms may benefit from specific shapes for a components and the genomic material. The spatial distribution

selective atdvantage,lo’11 while for multicellular organisms, the and dynamics of polymers are in general sensitive to the spatial
cellular morphology is closely linked to cell—cell interactions
and the extracellular matrix (ECM).">"® Similarly, cells in Received: January 9, 2019
colonies of unicellular organisms such as biofilms display a Accepted: May 10, 2019
morphological variation depending on their function at a Published: May 10, 2019
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21-26 . .
confinement, and as a result, biopolymers such as actin

networks’” and the genome™* ™ will re-organize upon
morphological perturbation of the cellular container.

Confronted with the imposing complexity and connectivity
of cellular processes, researchers are aiming to reconstitute
essential cellular systems with a minimal set of components
inside controlled confinements.’’*> The nature of the artificial
containers used in these endeavors is quite diverse, ranging
from liposomes, single-emulsion droplets (water-in-oil drop-
lets, from now on called droplets), to double-emulsion droplets
(water-in-oil-in-water droplets, henceforth called double
emulsions) and even solid-state microchambers.”*** With
such bottom-up approaches, cytoskeletal components (e.g.,
actin,® tubulin,*® MreB,>’ FtsZ38) , cytokinesis and segregation
machinery (e.g., actin-myosin rings,”” mitotic spindles*’), cell-
free expression systems (e.g, cell extracts,"’ PURE system"’),
pattern formation systems (e.g, the Min system™), and
genomes** can be encapsulated inside such artificial containers
(Figure 1, top).
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Figure 1. Shape and size control of synthetic cells to explore the
influence of confinement and geometry on cellular processes. Most
current approaches to bottom-up biology encapsulate purified
cellular components inside large, spherical containers. For
example, on the top row, three prokaryotic key systems, which
in some form are present in all kingdoms of life, are reconstituted
in spherical droplets: DNA (E. coli nucleoid, blue), cytoskeletal
components (FtsZ, green), and pattern formation systems (Min
proteins, red). However, these key systems are, like most processes
and structures inside a cell, sensitive to the confinement size and
the geometry. Using a microfluidic approach (middle), we
manipulate the shape and size of the initially spherical synthetic
cells. In this manner, we are able to experimentally access a set of
parameters which were hitherto unexplored in the field of bottom-
up biology. The method offers the possibility of observing more in
vivo-like dynamics for various cellular systems encapsulated inside
synthetic cells (bottom).

The shape of the artificial containers is an often-overlooked
parameter in mimicking cells. Indeed, thus far, the majority of
synthetic cell studies used simple spherical containers with a
diameter of 10—50 um.”> However, most living cells are
nonspherical, and while this size range is fitting for eukaryotic
cells, it applies much less so for the more abundant bacterial
and archaeal cells. In the past two decades, research in bottom-
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up biology has also been performed in microfabricated
chambers that allow for a range of shapes,45_47 but those are
obviously nondeformable, preventing the observation of
dynamics as a function of changing confinement size.
Furthermore, the open-top geometry (“a chamber without a
roof’) that was used in some cases™ decreases the ratio
between the bulk volume of the protein reservoir and the
surface with which these proteins interact, introducing
ambiguities in the local protein concentrations that are
important for pattern-formation processes.'® There have
been some reports on the manipulation of spherical vesicles,
but these efforts mainly concentrated on the immobilization of
droplets through mechanical trapping"®~>' and some elabo-
rated manipulation with dielectrophoresis.”> While Boukellal et
al. introduced a method to trap droplets in tubular-shaped
confinements,”” these containers were so large (upward of 100
um) that they were not well applicable for synthetic cell
research. Furthermore, methods to split containers on-chip by
running them against T- or Y-shaped junctions have been
developed both for droplets®* and liposomes,” offering a tool
to obtain containers with half the original volumes. Some
osmosis-based size control of spherical droplets and double
emulsions was demonstrated recently as well,*"** but again,
the involved size ranges were not well suited for reconstituting
bacterial systems in artificial cells.

Here, we introduce a general microfluidic platform to
control the shape and size of various deformable containers,
from droplets to liposomes, at cell-like scales in the sub-5 ym
range (Figure 1, middle). Using this system, we are able to
access the same shape and size parameter space as is present in
the cells from which the reconstituted components are isolated.
Specifically, we are able to shape various artificial cell
containers into confinements with dimensions down to almost
1 pm. Furthermore, we demonstrate the ability to precisely and
reversibly control the size of these containers. The method
offers experimental avenues to unravel the interconnection
between cellular processes and the confinement geometry. We
provide examples for three biologically relevant protein
systems (FtsZ, microtubules, collagen) inside rod-shaped
containers. We anticipate that this platform will contribute to
closing the gap between the dynamics in artificial cells and the
in vivo dynamics of real cells (Figure 1, bottom).

RESULTS AND DISCUSSION

To obtain an efficient system for shaping artificial cells on-chip
and impose user-defined dimensions to a variety of initially
spherical containers, we designed and fabricated a simple but
effective microfluidic chip with an array of local micro-
patterned structures (“traps”). We first tested the functionality
of the design using water-in-oil droplets. Technical details of
the experimental procedure, from the droplet production to
the device design and operation, are described in Figure SI.
Figure 2a shows an example of the shape manipulation process
of a droplet that is transformed into a tubular geometry: A
spherical droplet gets caught at the trap entrance and
subsequently is reshaped into a cylindrical shape. Because of
the presence of fluorescent lipids into the oil phase, the trap
profile and the droplet are clearly distinguishable as dark
regions. Fluid flow through the trap, necessary to catch the
droplets, was ensured by including three exit holes that are
visible at the end of the structure. The entrance of the traps has
a conical funnel shape that narrows down to the predefined
trap width, so that a minimal fluid pressure has to be applied to
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Figure 2. Shape control of water-in-oil droplets via microfluidic structures. (a) Droplet loading into a tubular trap: The droplet is captured at
the entrance of the trap and progressively squeezed into the confinement, assuming the imposed geometry. RhodPE lipids are dissolved in
the oil phase to enhance the contrast between the oil phase, the aqueous phase, and the profile of the trap. (b) The tubular trap design offers
the possibility to deform droplets into rod-shaped geometries of different dimensions. To visualize the droplets, Alexa647 fluorescent dye is
encapsulated in the aqueous phase. (c) A multiheight microfluidic device is used for the deformation of spherical droplets into thin disc-
shaped containers or “pancakes”. As they pass from a 15 gm to a 2 ym high channel, the spherical droplets get consequently squeezed into a
disc shape. The figure shows the deformation process of two droplets, marked with a red star and green triangle. The images combine both
bright-field and fluorescent signals from the Alexa647 fluorescent dye encapsulated inside the droplets.

squeeze the droplets inside. Upon entering the trap, the
droplet gets deformed and remains fixed in the desired shape.
With an array of these traps, it is possible to stably observe tens
of such rod-shaped droplets in a single field-of-view (Figure
S2a). Aided by the precision provided by cleanroom-based
fabrication techniques, we tested the versatility of our trap
design over a wide range of confinements and aspect ratios. To
mimic small organisms such as Escherichia coli, we mainly
focused our efforts on obtaining small containers with
diameters below S um, thereby recreating the rod-shaped
morphology that many bacteria possess.’ By varying both the
width of the traps and the overall height of the device, we
obtained rod-shaped droplets of arbitrary lengths and widths
ranging from 4.8 ym down to 1.4 um (Figure 2b and Figure
S2b). We determined the trapping efficiency of these designs
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as the ratio of the number of traps that stably contained a
tubular droplet over the total number of traps present in the
device: For the design with the largest trap width (4.8 um,
Figure 2b), we found that 98% of the traps (N = 103/105)
contained a rod-shaped droplet. Designs with narrower traps
have a higher hydrodynamic resistance®® and hence require
higher fluid pressures and, as a result, are less straightforward
to operate. For the design with the narrowest traps achieved in
this work (1.4 ym, Figure 2b), we found that 33% (N = 19/57)
of the traps contained a rod-shaped droplet. We also explored
the potential of our microfluidics-based approach to deform
spherical droplets into flat circular discs (“pancakes”). To do
so, we employed multiheight microfluidic devices. Figure 2¢
shows an example where spherical droplets first travel
undeformed within a large channel of 15 ym height. When
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Figure 3. Size control of water-in-oil droplets via a multilayer microfluidic device. (a) Schematic of the three different layers composing the
device. The bottom layer (gray) consists of a PMDS-covered glass coverslip, followed by a second layer (green) of a thin PDMS membrane
imprinted with the microfluidic channels and traps design. The design includes two inlet channels, the first one for the droplets and a second
one for oil, which cross each other in a large T-junction. After this junction, a single large channel leads to the array of traps to capture and
manipulate the droplets. The third layer (blue) is a thicker piece of PDMS containing a water chamber, placed above the array of traps. (b)
Water-in-oil droplets contain Alexa647 for visualization and 200 mM KCI. Depending on the relative salt concentration between the water
chamber and the droplets, different behaviors are observed over time: In hypotonic conditions (100 mM KCl in water chamber), the
droplets expand (left); in isotonic conditions (200 mM KCl in the water chamber), the droplet size remains qualitatively stable (center); and
in hypertonic conditions (300 mM KCl in the water chamber), the droplets shrink consistently relative to their original volume (right).

they encounter narrower channels of 2 ym height, they are
forced into the confining channels by the fluid pressure and
consequently are deformed into pancake-like containers that
mimic the morphology of, for example, certain disc-shaped
archaea.” In addition, the disc-shaped droplets can be
immobilized and stored for analysis in an array of microfluidic
traps, as shown in Figure Slc.

Another fascinating aspect of living systems is the capacity of
cellular processes to adapt and re-arrange over time as the cell
changes during its growth and life cycle. To enable the
investigation of such phenomena in vitro, isolated cellular
components should be reconstituted into artificial containers
with a size that can be controllably changed over time. Using a
system inspired by the work of Shim et al,”” we managed to
vary the size of the droplets captured in the traps. Specifically,
we assembled a multilayer polydimethylsiloxane (PDMS)
device consisting of three parts, see Figure 3a: a thick
rectangular piece of PDMS containing a hole (“water
chamber”) sitting on top of a thin layer imprinted with
microfluidic traps, which in its turn is sealed off at the bottom
by a PDMS-covered glass coverslip. By taking advantage of the
fact that PDMS is permeable to water, it is possible to induce
osmosis between the droplets and the water chamber through
the thin PDMS membrane that separates them. Consequently,
when the aqueous solution of the droplets has a salt
concentration lower or higher compared to the one in the
water chamber, water is able to flow across the PDMS
membrane to restore isotonicity, leading to, respectively,
shrinking or expanding droplets. When forced into a tubular
shape, the droplets consequently re-adjusted their volume by
shortening or elongating along their main axis inside the traps
(Figure 3b, left and right). Immediately after the trapping, for
the first 20 min, the length of the droplets changed quickly to
reduce the osmolarity difference with the water chamber. As
the osmotic balance between the droplets and the water
chamber is approached, the size of the droplets tended to
stabilize. By contrast, in isotonic conditions, the volume of the
droplets remained approximately constant (Figure 3b, middle).

Beyond droplets, we explored size and shape manipulation
of containers that are physiologically closer to living cells,
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namely, double emulsions and liposomes. We used our
microfluidic octanol-assisted liposome assembly (OLA) plat-
form to produce double emulsions on-chip (Figure 4a). By
dissolving the lipids in oleic acid, the double emulsions
undergo a process of partial dewetting,”>"” by which the excess
solvent and lipids accumulate in a side pocket. The volume of
double emulsions can be varied using an applied osmotic
pressure difference due to new buffer fluid that is administered
through side channels (Figure 4a). Upon inducing such
volume changes, excess material in the side-pocket may act as a
reservoir to concurrently re-adjust the surface area (Figure 4b).
In other words, as the water flows through the membrane to
restore osmotic balance, the surface automatically re-adjusts its
area to fit the new volume, using the side pocket as a source or
sink for membrane lipids. To check this hypothesis, we
produced and immobilized oleic acid double emulsions in an
array of traps (Figure 4c). Next, an aqueous solution was
flushed via a feeding channel to create an osmotic imbalance
between the inner and outer aqueous environment of the
double emulsions. In hypertonic conditions, the osmosis
process led to a fast reduction of the double emulsion volume
(Figure 4d, top), which shrank from an average diameter value
d =123 + 0.1 um down to d = 7.5 + 0.1 um (N = 45).
Simultaneously, the membrane surface area re-adjusted to the
new volume, with a consequent visible growth of the side
pockets. When the original osmotic conditions were restored,
the same double emulsions underwent the inverse process
(Figure 4d, bottom): The volume expanded back close to the
original size (d = 11.1 = 02 pm), with an associated
membrane area increase at the cost of the side pocket, showing
that the process is largely reversible. Looking at the variation of
the double emulsion diameters over time compared to their
original size (Figure 4e), the shrinkage and the expansion
processes appeared symmetric. The size variation was initially
slow and then was followed by a phase of faster size change. As
the osmolarity difference between the outer and the inner
aqueous phases was re-equilibrated, the size variation slowed
down again. The degree by which the double emulsions shrank
or expanded under, respectively, hypertonic or hypotonic
conditions was quantified by measuring the diameter of each

DOI: 10.1021/acsnano.9b00220
ACS Nano 2019, 13, 5439-5450


http://pubs.acs.org/doi/suppl/10.1021/acsnano.9b00220/suppl_file/nn9b00220_si_001.pdf
http://dx.doi.org/10.1021/acsnano.9b00220

ACS Nano

a feeding channel l

oleic acid + lipids X
aqueous solution

aqueous solution

CE Water

aqueous solution
feeding channel T

oleic acid + lipids

C
production
+
trapping ..,
®eceoe e 0 4
Hypertonic
50 100 150 200
time [s]
Hypertonic N= 45
5 0.5 1 1.5 2
Hypotonic df /di

Figure 4. Size control of oleic acid double emulsions on-chip. (a) Design of the microfluidic device: Six channels containing an inner
aqueous phase, a lipid phase, and an outer aqueous phase cross in a junction where double emulsions are produced. The inner aqueous
solution blows a bubble into two streams of DOPC lipids dissolved in oleic acid. The resulting lipid film is pinched-off by the outer aqueous
stream, and a double emulsion is formed. An array of traps downstream from the production junction immobilizes the double emulsions,
and two additional feeding channels allow further adjustment of the outer aqueous solution forming the environment of the trapped double
emulsions. (b) Schematic representation of an oleic acid double emulsion: By inducing an osmotic pressure difference, water is able to flow
through the membrane to re-establish osmotic equilibrium. At the same time, the side pocket formed by the excess of lipids and solvent can
serve as a reservoir for the surface to expand or shrink as required by the volume change. (c) Fluorescent image showing the production
process and the trapping of oleic acid double emulsions on-chip. RhodPE fluorescent lipids allow the visualization of the lipid phase. (d) By
inducing an osmotic pressure difference, it is possible to vary the size of double emulsions. Both inner aqueous and outer aqueous solutions
initially contain 25 mM sucrose. After a solution containing 200 mM sucrose is flushed through the feeding channel, to re-establish osmotic
equilibrium, the double emulsions consequently shrink (top). Afterward, the same batch of double emulsions is re-exposed to the original
outer aqueous solution (bottom), so their volume re-expanded. (e) Size variation of double emulsions (N = 10) over time: In hypotonic or
hypertonic conditions, the diameter of the double emulsions, respectively, increased or decreased over time. (f) Histogram showing the ratio
of the double emulsion (N = 45) diameters measured at the end (df) and at the beginning (d;) of both processes. In a hypertonic condition,
the double emulsions shrink by an average factor of df/ d; = 0.61 £ 0.01. When back in hypotonic conditions, we measured a factor df/ d; =
1.49 £+ 0.02.

double emulsion after and before each size manipulation. The membrane can dynamically adapt to the new geometry by
ratio between these diameters was obtained, and two distinct using material from the side-pocket reservoir to accommodate
peaks are observed (Figure 4f). This indicates that specific the changing surface-to-volume ratio. Figure 4c—d shows two
osmolarity differences lead to specific volume re-adjustments examples where we deformed double emulsions into tubular
and that the size manipulation is a well-controlled process. geometries with widths of 4 and 1.3 ym. For the former design,
These data show that the size of the double emulsions can be we found that a trapping yield of nearly 100% (Figure Sb) is
tuned through the surrounding osmotic conditions in a easily achievable, meaning that essentially all the traps (N =
reversible manner, providing artificial scaffolds for reconstitut- 105 per device) contained a double emulsion after a few
ing cellular systems into containers of adaptable size. minutes. As with droplets, filling smaller traps appeared more
Encouraged by the ease of the size manipulation of double difficult as double emulsions occasionally broke as a result of
emulsions, we verified that it is possible to deform them into the higher pressure required for the entrapping due to the
rod shapes resembling bacterial cells. To do so, we punched a higher hydrodynamic resistance.” ® Given that the deformation
hole at the end of the microfluidic circuit (“collection well”, of double emulsions worked for the traps with dimensions as
Figure Sa) and collected double emulsions from the well to small as 1.3 um, we assumed that it would also be successful
transfer them into the device containing the tubular traps. The for the larger sizes explored with droplets (Figure 2b). Next to
insertion of double emulsions into the traps is found to be double emulsions, we also explored the deformation of
significantly aided by the presence of the side-pocket, since the liposomes from spherical into other shapes. Since liposomes
5443 DOI: 10.1021/acsnano.9b00220
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Figure S. Shape manipulation of oleic acid double emulsions on-chip. (a) Schematic cross section of the collection well: At the end of the
microfluidic circuit, after the production junction, a 4 mm diameter hole is punched. The double emulsions contain S mM dextran to make
them denser than the environment and consequently sink to the bottom of the well. After sufficient production, double emulsions are
pipetted from the well and introduced into a device containing the microfluidic traps. (b) Fluorescent image showing an array of double
emulsions captured in tubular traps. Thanks to their side pocket, which serves as a membrane reservoir, double emulsions are easily
reshaped, so that almost all traps in the device (N = 105) contained a double emulsion. Fluorescent signal comes from RhodPE lipids in the
lipid phase. (c) Zoom-in of single double emulsions in tubular traps of different dimensions: 5 ym diameter (top) and 2 pgm diameter
(bottom). (d) Fluorescent profiles measured at the midcell cross section of tubular double emulsions. The peaks indicate the location of the

membrane and provide a measure of the width of the double emulsion.

only tolerate a small areal strain (~5%) before rupture,”" we
induced an external osmotic pressure to create a reduced
volume and thus excess surface area,’’ which made the
liposomes “floppy” and predisposed to accommodate the
increase in surface-to-volume ratio upon shape change. When
transferred inside the trap device, we observed a fraction of
liposomes that successfully deformed into the traps, alongside
with liposomes showing various defects (Figure S3a). Possibly,
the induced floppiness made the liposomes prone to damage
during the transfer process into the trap device, resulting in the
observed heterogeneous population. Still, we managed to
obtain liposomes comparable in size and shape to E. coli cells
(Figure S3b), which is a helpful step toward the proper
recreation of artificial minimal cells.

To illustrate how our platform can be useful for applications
in the synthetic cell field, we encapsulated a variety of fiber-
network forming proteins inside nonspherical containers. For
these experiments, we chose droplets, due to the ease of their
production process. Specifically, we studied three important
proteins from diverse biological systems and environments:
FtsZ, a key protein necessary for division in almost all
bacteria;®” its eukaryotic homologue tubulin, which is a key
element of the cytoskeleton in eukaryotic cells; and collagen,63
the most abundant protein in extracellular matrix structures.
First, to reconstitute FtsZ bundles on a lipid membrane, a
soluble version of ZipA, a protein responsible for anchoring
FtsZ to the membrane in Gammaproteobacteria (like E. coli),®
was added to the inner aqueous phase. This soluble version of
ZipA, provided with a His-Tag, offers to FtsZ-filaments a way
to properly dock to a membrane composed by a mixture of
DOPC and DGS-NTA lipids. When such a system was
reconstituted in liposomes, FtsZ formed long filamentous
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bundles on the surface (Figure S4), which arranged in a single
ring-like structure as the dimensions of the liposomes
approached the sub-5 ym range. To verify whether such a
system could also be reconstituted into droplets for subsequent
shape-manipulation with our microfluidic platform, we
assembled a lipid monolayer at the water—oil interface of
droplets by adding the necessary lipids to the oil phase. Similar
to what was observed in liposomes, both in spherical (Figure
6a, top) and in rod-shaped droplets (Figure 6a, middle), FtsZ
formed long filamentous bundles localized at the droplet
surface. The clear presence of bundles on the surface,
compared to the lumen, indicates the successful attachment
of FtsZ to the lipid monolayer at the interface. Next, we tested
whether it is possible to grow microtubules inside the rod-
shaped droplets. Tubulin seeds bound to nonhydrolyzable
guanosine triphosphate (GMPCPP) were co-encapsulated in
the inner aqueous solution, together with tubulin dimers and
guanosine triphosphate (GTP) (Figure 6b, middle). As GTP
hydrolysis is required for the disassembly of microtubules, the
tubulin seeds act as a stable template from which the
microtubules can grow. Since the seeds and the tubulin dimers
were labeled with different dyes, it was possible to observe long
microtubules (green) that were grown from the seeds (red)
and spanned the length of the rod-shaped droplet following the
prevalent axis of symmetry (Figure 6b, right), contrasting to
the situation in spherical droplets (Figure 6a, left), where the
microtubules grew without an obvious preferential orientation.
This observation is confirmed by a quantitative analysis of the
microtubule orientations: In the spherical droplets, micro-
tubules did not show any strong preferential orientation, while
in rod-shaped droplets, the measured angles distinctly peaked
around 0°, that is, the microtubules were aligned along the
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Figure 6. Impact of container geometry on the organization of various protein bundle networks encapsulated inside rod-shaped droplets. (a)
FtsZ filamentous bundles in spherical (top) and rod-shaped (middle) water-in-oil droplets. The FtsZ superstructures visible on the bottom
plane of the rod-shaped droplet (middle) adhere to the surface of the droplet, as is also seen on the equatorial plane. A lipid monolayer
containing DGS-NTA lipids (dark red) and DOPC (red) is assembled at the water—oil interface. By replacing its transmembrane tail with a
His-tag, which can bind to the Ni-tag on the headgroup of DGS-NTA lipids, ZipA functions as a membrane anchor for the FtsZ filaments
(bottom). FtsZ is labeled with Alexa488. (b) Microtubules grown in spherical (left) and rod-shaped droplets (middle). As shown both
qualitatively in the images and quantitatively by the analysis of the fiber orientations (right), the microtubules inside spherical droplets (N =
10) grow without any strong preferential orientation, whereas in the rod-shaped droplets (N = 10), the network appears to follow the
symmetry axis of the droplet. For the reconstitution of microtubules, GMPCPP stabilized seeds (labeled with rhodamine tubulin) serve as
templates for the growth of microtubules through the addition of tubulin dimers in solution (bottom). Fluorescent HiLyte 488 tubulin was
used to label the microtubules. (c) Collagen fibril reconstituted inside spherical- (left) and rod-shaped droplets (middle). Similar to what is
observed for microtubules, the analysis of the fiber orientation (right) shows that the collagen network in spherical droplets (N = 4) remains
weakly organized, but inside the rod-shaped droplets (N = 4), it re-arranges to align with the symmetry axis of the droplet. As sketched
(middle-bottom), a collagen fibril is formed by the staggering of collagen triple-helix monomers (red) driven by noncovalent interactions,
which give rise to a characteristic periodic pattern (blue and light-blue).

droplet main axis (Figure 6b, right). Finally, we applied our volume of such artificial cells. And finally, as a proof-of-concept
method to an in vitro assay for collagen type 1, which is an of the range of possibilities that our approach offers, we
important component of the extracellular matrix. Figure 6¢ encapsulated three different filamentous protein networks
shows that it is possible to successfully reconstitute collagen inside droplets with a tubular shape. The resulting organization
type 1 fibers inside rod-shaped droplets. Similar to the of the protein networks in the tubular containers was markedly
microtubules, a quantitative analysis of the fiber orientations different from the situation in spherical droplets, underlining
(Figure 6c, right) showed that the collagen fibers oriented the importance of the container shape and size.
themselves along the symmetry axis of the cylindrical Reconstitution of protein bundles such as microtubules and
container, which again is markedly different to what is extracellular matrix collagen inside shaped droplets enables us
observed in spherical droplets. to study how fibrous networks adapt their conformation
depending on the geometry of the confinement. Microtubular
CONCLUSIONS orientation is an important feature in eukaryotic cells to

establish cell polarity: By elongating from the nucleus toward
cell extremities, microtubules drive several polarizing factors
toward opposite cell poles. Differently from what is observed in
spherical droplets, microtubules encapsulated into rod-shaped
droplets appeared aligned along the main symmetry axis of the

In this paper, we presented a method that enables the control
of the shape and the size of a range of cell-like containers, a
useful research tool within the synthetic cell field. In fact, as is
schematically illustrated in Figure 7, our system provides access
to a much broader range of morphologies than is currently

possible in the synthetic cell field. By pushing the boundaries confinement. The shape and dimensions of the confinement,
of both volume and aspect ratio by 1—2 orders of magnitude as together with the microtubule alignment, are features that well
compared to previous methods, we bridged the gap between resemble the conditions found in model eukaryotic cells, such
the dimensions of natural cells and artificial containers inside as fission yeast.”> The possibility to control the orientation of
which the isolated cellular components are reconstituted. cytoskeletal components inside artificial containers thus offers
We showed that droplets, double emulsions, and liposomes the possibility to reconstitute microtubule-driven polarization
can be deformed into a variety of shapes, from tubes of in minimal artificial cells. Similar phenomena are observed for
different diameters and lengths, to pancake-shape discs with a the extracellular matrix. In vivo, the ECM is secreted and
high aspect ratio between their height and diameter. Second, assembled in the narrow spaces between cells, and collagen
through the principle of osmosis, we were able to regulate the matrix fibers therefore adapt their arrangement depending on
5445 DOI: 10.1021/acsnano.9b00220
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Figure 7. Phase diagram comparing the shape and size of various
cells found in nature with the deformable artificial containers used
in previous research work and those presented in this paper.
Assuming roughly spheroid-like containers and cells, the
morphological space is defined by the aspect ratio of the smallest
and the largest axis of the containers (x-axis) and the volume (y-
axis). The space is divided between rods (right), spheres (y-axis),
and discs (left). In blue, an approximate cloud encircles the
morphologies adopted by a selected number of living organisms
(blue dots, see Table S6). The red dots represent container
geometries reported previously in the field (see Table S6), with the
red line showing the lower morphological boundaries achieved so
far. Similarly, the green line delineates the new lower boundaries
achieved within this work. Compared to previous research, we
expanded the boundaries of volume and aspect ratio by 1—2 orders
of magnitude. This advance enables us to cover a broader range of
shapes and sizes, and it bridges the gap between artificial and
natural cells.

the imposed geometrical constraints. Our microfluidic platform
provides microscopic confinements with dimensions spanning
a broad range of aspect ratios, resembling those found in some
tissues.® As in vivo, our results indicate that the geometry of
the confinement directly influences the collagen matrix
configuration. Similar to what is observed in many tissues,
e.g, the cornea or the tendon,®”*® we can induce the collagen
fibers to align along a prevalent symmetry axis. Being able to
recreate the orientation of the collagen fibers in the
extracellular matrix is of fundamental importance, since the
network architecture determines the tissue response to
mechanical deformations. Thus, we anticipate that the
possibility provided by our method to control the collagen
network arrangement via the morphology of the container will
allow to more closely mimic the architecture and mechanical
response of living tissues.

Moreover, since our platform uses deformable containers, it
provides the opportunity to observe how protein networks and
other biopolymers re-arrange dynamically in response to
evolving boundaries and gradual changes in crowding and
salt concentrations. The reversibility of the volume change of
double emulsions (Figure 4) makes it possible to study
whether changes in the protein network configuration are
reversible or display some form of hysteresis. Given the range
of sizes that can be enforced upon vesicles, our approach also
allows to study the influence of the confinement surface
curvature on the alignment and positioning of membrane-
bound proteins, which is key for many proteins involved in
membrane remodeling.
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We believe that our approach to shape and size control can
be broadly applied. The ability to tune the container volume
will, for example, aid the study of how the crowding
environment impacts the dynamics of various cellular
processes. The approach also allows to explore the relation
between membrane curvature and the spatial arrangement of
lipids domains and membrane proteins.(’9 Finally, similar to
recent in vivo studies of shape-sculpted bacteria,"®'>**%7° the
platform offers the chance to investigate pattern formation and
chromosome dynamics as a function of confinement geometry.

METHODS

Microfabrication. Microfluidic devices were fabricated in a
cleanroom with the following protocol. A layer of hexamethyldisila-
zane (HMDS, BASF SE) was deposited on a 4-in. silicon wafer by
spin-coating at 1000 rpm for 1 min. The wafer was baked at 200 °C
for 2 min. Subsequently, a layer of NEB22a negative e-beam resist
(Sumitomo Chemical) was spin-coated at 1000 rpm for 1 min and
baked at 110 °C for 3 min. Correct adhesion of the NEB22a onto the
silicon surface is ensured by the first HMDS layer. The designs were
written on the coated wafer using electron beam lithography (EBPG-
5000+, Raith GmbH, dose: 16 #C cm™2, acceleration voltage: 100 kV,
aperture: 400 ym). Post-exposure baking of wafer was performed at
105 °C for 3 min. The patterns were then developed by submerging
the wafer in MF322 (Dow Chemical Company) for 1 min, then in
diluted MF322 (distilled water:MF322 = 1:10) for 30 s, and finally
rinsing in distilled water for 30 s. Bosch process deep reactive-ion
etching was used to dry etch the structures into the silicon wafer, with
an inductive coupled plasma reactive-ion etcher (Adixen AMS 100 I-
speeder). During the process, the pressure was kept at about 0.04
mbar, the temperature of the wafer was kept at 10 °C, while the
plasma temperature was 200 °C. The sample holder was held at 200
mm from the plasma source. The etching step involved 200 sccm SFq
for 7 s with the ICP power set to 2000 W without a bias on the wafer
itself. The passivation step was done with 80 sccm C,Fg for 3 s with
the ICP power set to 2000 W and the bias power on the wafer
alternate with a low frequency: 80 W, for 10 ms, and 0 W for 90 ms.
Total etching time depended on the desired final height of the device
(etching depths for the wafers containing tubular traps used in each
figure are listed in Table SS). Finally, the excess of resist was removed
from the wafer by exposure to oxygen plasma for 10 min. In the case
of multiheight devices (Figure 2b), the parts of the device with bigger
height were patterned on the wafer after the small channels through
optical lithography, being careful to properly align the two structures.
To do so, silicon wafer was spin-coated with a SU-8 2000 negative
resist (Microchem), then soft baked for 3 min at 95 °C, exposed with
140 mJ cm™? dose, and then baked at 4 min 95 °C. Development of
the structured followed as described. Silanization of the wafer was
done with (tridecafluoro-1,1,2,2-tetrahydrooctyl) trichlorosilane
(ABCR GmbH & Co.) overnight in a vacuum desiccator to enhance
hydrophobicity of the surface and facilitate subsequent peeling-off of
the PDMS.

Soft Lithography. Single-layer PDMS devices were cured and
assembled following the procedure previously described.”’ Multilayer
devices for control of water-in-oil droplets size were produced by the
assembly of three different layers obtained from three different wafers.
A thin layer of PDMS was spin-coated on the device-wafer using a
spin-coater (POLOS) at 200 rpm for S s and 300 rpm for 20 s
(acceleration 100 rpm/s). The second wafer (silanized and without
any patterned structures) was used to prepare glass coverslips with a
thin PDMS coating. This was achieved by firmly pressing down the
coverslips on the wafer through the uncured PDMS, so that a thin
PDMS layer was formed beneath them. The third wafer (silanized and
without any patterned structures) was used to produce a ~5 mm-thick
PDMS slab. All of the wafers were baked for 4 h at 80 °C. The
coverslips and the PDMS slab were removed from the plain wafers.
The slab was cut into separate pieces (approximately 1 cm X 2 cm),
and a 4 mm hole was punched in each of them to create a water
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chamber using a rapid core punch (World Precision Instruments, 4
mm diameter). Both the PDMS-covered device-wafer and the water
chambers were cleaned with isopropanol, blow-dried with nitrogen,
and then activated by exposing them to oxygen plasma (Plasmatic
System, Inc.) for about 10 s. Each water chamber was then bonded to
the device-wafer, taking care that the water chamber was aligned with
the part of the device containing the microfluidic traps. The device-
wafer with bonded water chambers was then baked for 20 min at 80
°C. Subsequently, the thin PDMS layer with bonded water chambers
on top was peeled off from the device-wafer. The devices were cut to
size with scissors, and inlet and exit holes were punched into the
devices using a rapid core punch (World Precision Instruments, 0.75
mm diameter). Both PDMS coverslips and devices were cleaned with
isopropanol and bonded by the oxygen plasma procedure described
above. After bonding, devices were left overnight at 80 °C to enhance
the device hydrophobicity. For the experiment shown in Figure 6a,
the channels walls were treated by flushing RainX for 2 min
immediately after bonding, in order to further enhance surface
hydrophobicity. The solutions were introduced into the devices via
tubing (Tygon Microbore Tubing, 0.2 mm inner diameter) fitted with
home-built metal connectors using pressure-driven microfluidic
pumps (Fluigent, controlled by Fluigent MAESFLO software).

Image Acquisition and Processing. Wide-field microscopy
measurements were performed using an Olympus IX-81 inverted
microscope combined with epifluorescence illumination and appro-
priate filter sets. Images were acquired and recorded using an
Olympus 60X PlanApo (NA 1.45, oil) objective and a Zyla 4.2 PLUS
CMOS camera (Andor Technology). The microscope was operated
through Micromanager software (version 1.4.14). Confocal micros-
copy of fluorescent collagen fibers was performed using an inverted
Olympus IX81 combined with an Andor Revolution illumination
system and a Yokogawa CSU X1 detection system. Images were
acquired with a 60X UPlanFLN (NA 1.2, oil) objective and recorded
with an EM-CCD Andor iXon X3 DU897 camera. Confocal
microscopy of tubulin was performed at 30 °C using Nikon Ti-E
microscope (Nikon, Japan) equipped with a Nikon plan Apo 100X
1.45 NA oil immersion objective and an Evolve 512 EMCCD camera
(Roper Scientific, Germany). Images of collagen in spherical droplets
were captured with an inverted Eclipse Ti Nikon microscope in
combination with a Nikon 100X objective (NA 1.49, oil). The
resulting images (Figures 1 and 6¢c) were obtained by a z-stack
projection over a depth of 20 ym (0.2 um step size). Images were
analyzed and background appropriately subtracted using Fiji
(Imagej).

Lipid Solutions. All lipids were purchased from Avanti Polar
lipids, Inc. in chloroform solutions. For water-in-oil droplets, lipids
were mixed according to the required ratios and dried in a glass tube
by desiccating for at least 1 h. The resulting dried film was then
resuspended in mineral oil (light oil bioXtra, Sigma-Aldrich) at the
desired concentration and sonicated for 30 min at room temperature.
For production of double emulsion and liposomes, lipids were mixed
in the desired ratios, dried for at least 1 h, and then resuspended in
chloroform or ethanol at a concentration of 100 mg mL™".

Double Emulsions. Three solutions were used to produce double
emulsions on-chip: a lipid-containing solution, an inner aqueous
solution, and an outer aqueous solution. The lipid-containing solution
was composed of 2 mgmL™" lipids (99.9 mol % DOPC + 0.1 mol %
Liss Rhod PE) dissolved in oleic acid. In all of the experiments
involving double emulsions, both inner and outer aqueous and the
feeding channel solutions contained 5% v/v pluronic surfactant
(poloxamer 188, Sigma-Aldrich) and 15% v/v glycerol. For the
experiments shown in Figure 4, the inner aqueous and outer aqueous
contained an additional 25 mM sucrose and 5 mM MgCl,. The
solution flushed through the feeding channel to induce an osmotic
pressure difference contained an additional 200 mM sucrose. To make
the double emulsion denser than the surrounding solution and
thereby facilitate their extraction from the device (Figure S), an
additional S mM dextran was added to the inner aqueous solution and
osmotically balanced by 5 mM of glucose in the outer aqueous
solution.
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Liposomes. Liposomes were produced using OLA, an on-chip
microfluidic method that results in unilamellar liposomes.”" All
liposomes in Figure S3 were made with the lipid-carrying organic
phase containing 2 mgml™" lipids (99.9 mol % DOPC + 0.1 mol %
Liss Rhod PE) dissolved in Il-octanol. The inner aqueous phase
consisted of 15% v/v glycerol (Figure S3a—b), S uM Alexa-647
(Figure S3a), S mM PEG-8000 (Figure S3a), 100 mM sucrose
(Figure S3b), and S uM 72-bases long ssDNA (Figure S3b); the outer
aqueous phase was a solution of 5% v/v pluronic surfactant poloxamer
188 (Figure S3a—b), 15% v/v glycerol (Figure S3a—b), S mM PEG-
8000 (Figure S3a), 100 mM sucrose (Figure S3b); the collection well
contained 20 L (added upon the liposomes reaching the collection
well) of 15% v/v glycerol (Figure S3a—b), S mM PEG-8000 (Figure
S3a), and 100 mM glucose (Figure S3b). After sufficient production
(thousands of liposomes in the collection well), liposomes were
carefully harvested from the collection well by pipetting out 15 uL of
the solution. The liposomes were then pumped into the microfluidic
device containing the trap design. For Figure S2a, before being
pumped into the device containing the traps, the liposomes were
mixed with another solution in order to bring the outside
environment to a concentration of 8 mM PEG-8000 and 15% v/v
glycerol and to induce an osmotic pressure difference.

Water-in-Oil Droplets. Water-in-oil droplets were produced with
two different protocols: droplets in Figure la containing nucleoids,
and droplets in Figures 2a and 6b were produced on-chip via a
standard cross-junction method, where the aqueous stream gets
pinched into droplets by the continuous oil stream. The droplets
produced were then trapped downstream from the junction on the
same device. All of the droplets showed in the other figures were
produced by pipetting up and down a few microliters (2—S uL) of
aqueous solutions into 100 uL of oil solution. The shear forces
provided by the pipetting broke the droplets into smaller ones. In
Figure 2a, to enhance the contrast with the microfluidic traps,
fluorescent lipids were added to the oil solution (0.1 mol % Liss Rhod
PE) together with 1% v/v SPAN 80 surfactant. For the experiments
shown in Figures 2 and 3, the oil solution contained 5% v/v SPAN 80
surfactant. The inner aqueous solution of the droplets shown in
Figures 2 and 3 contained S yM Alexa 647 fluorescent dye.
Additionally, droplets shown in Figure 3 contained 200 mM KCl,
while the water chamber contained 100, 200, and 300 mM KCl water
solution to, respectively, create hypotonic, isotonic, and hypertonic
environments for the droplets.

Min Proteins in Droplets. Min protein oscillations in spherical
droplets (Figure 1a) were observed in water-in-oil droplets containing
the following inner aqueous: 0.8 yM MinD, 0.2 uM MinD-Cy3, 0.8
UM MinE, 0.2 uM MinE-CyS, S mM ATP, 4 mM phosphoenolpyr-
uvate, 0.01 mg mL™" of pyruvate kinase, 25 mM Tris-HCI (pH 7.5),
150 mM KCL, and S mM MgCl, Min proteins were isolated and
labeled as described previously.”” For these experiments, 2 mgmL™
of lipids (66.6 mol % DOPC + 33.3 mol % DOPG + 0.1 mol % Liss
Rhod PE) were dissolved in mineral oil as described above.

FtsZ in Droplets. The inner aqueous solution for experiments
involving FtsZ in water-in-oil droplets contained 12 yuM FtsZ, 6 uM
ZipA, 2 mM guanosine triphosphate (GTP), 180 mM KCl, 25 mM
Tris-HCl (pH 7.4), S mM MgCl,, and 15% v/v glycerol. The oil
phase contained 25 mgmL™" of lipids (89.9 mol % DOPC+10 mol %
DGS-NTA(Ni) + 0.1mol % Liss Rhod-PE) for spherical droplets
(Figure 1), while the same composition at a lower concentration (1
mgmL™") was used for tubular droplets (Fi%ure 6a). Proteins were
isolated and labeled as described previously.”

Nucleoids in Droplets. The nucleoid isolation protocol is based
on Cunha ef al.”* The BN2179 strain containing Oril/Ter3 labels and
HUmYpet (AB1157, Oril::lacOx240-hygR, Ter3::tetOx240-accCl
AgalK::tetR-mCerulean frt, AleuB::lacl-mCherry frt) was used for the
experiments.’® Cells were grown in LB medium for 65 h. One mL of
culture was spun down at 10000g for 2.5 min and resuspended in 475
HL of ice cold sucrose buffer, containing 0.58 M sucrose, 10 mM NaPi
buffer (pH 7.0—7.4, Na,HPO,/NaH,PO,), 10 mM EDTA, and 100
mM NaCl. Immediately after this cold shock, 25 pL of lysozyme
solution (1 mg mL™" in ultrapure water) was added, and the cell
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suspension was briefly vortexed and incubated at room temperature
for 15 min, resulting in spheroplasts. To lyse the spheroplasts and
obtain isolated nucleoids, 20 uL of the spheroplast suspension was
slowly added, using a cut pipet tip, to 1 mL of a solution containing
10 mM NaPi (pH 7.4) and 100 ng mL™' DAPI, after which the
Eppendorf was inverted once. This nucleoid suspension was used as
the aqueous phase for microfluidically produced water-in-oil droplets
of 10 ym diameter. The oil phase was HFE-7500 (Novec Engineering
Fluids) with 0.1% v/v Picosurf-1 surfactant (Dolomite Microfluidics).
The droplets were immobilized for observation using an array of traps
that was placed downstream of the production junction.

Tubulin in Droplets. The aqueous solution contained MRB80
buffer (80 mM PIPES, 4 mM MgCl, 1 mM EGTA, pH 6.8) with 39
uM unlabeled tubulin, 1 M labeled tubulin (HiLyte 488), 3 mM
GTP, 50 mM KCl, 4 mM DTT, 2 mg mL™" of bovine serum albumin,
1 mg mL™" of glucose oxidase, 0.5 mg mL™" of catalase, and 50 mM
glucose. The oil phase contained 1 mg mL™" of lipids (90% DOPS +
10% PEG2000-PE) in mineral oil with 2% v/v SPAN 80. To nucleate
microtubules in droplets, short microtubules (labeled with 12% Hilyte
561 tubulin) of an approximate length of 1 uM were added, stabilized
with guanylyl-(a,)-methylene-diphosphonate (GMPCPP), into the
aqueous solution.

Collagen in Droplets. To obtain collagen networks in spherical
confinement, telopeptide collagen (TeloCol, CellSystems, supplied at
3.1 mg mL™" in 0.01 M HCI) was brought to a neutral pH with the
addition of NaOH (Sigma-Aldrich) in phosphate buffered saline
(PBS, Sigma-Aldrich), to obtain a final collagen concentration of 1 mg
mL™" for the spherical droplets and 2 mg mL ™" for the droplets in the
tubular confinement. The collagen-binding protein CNA3S fluo-
rescently labeled with EGFP (a kind gift from Maarten Merkx,
AddGene) was added to collagen in a molar ratio 20:1 to allow for
collagen network visualization. The oil phase contained 2% v/v SPAN
80 surfactant in mineral oil (Sigma-Aldrich). The collagen was
allowed to polymerize for at least 90 min at room temperature before
visualization. For imaging the spherical droplets, the water-in-oil
solution was placed between two coverslips (Menzel Microscope
Coverslips 24 mm X 60 mm, #1, Thermo Scientific) separated by a
silicone chamber (Grace Bio-Laboratories CultureWell chambered
coverglass, Sigma-Aldrich).

Data Analysis. The width of the droplets in Figure 2 was obtained
from the fluorescent profiles measured at the middle of the tubular
droplet across its width (see Figure S2b) of 10 individual droplets per
type of trap. For each droplet, the width was obtained from the full
width at half-maximum of its profile, and these values were then
averaged to obtain, for each type of trap, a measure of the width.
Errors were omitted since the standard error-of-the-mean value (<100
nm) was smaller than the optical resolution of our microscope. The
size change of the double emulsions in Figure 4 was measured every
12 frames (12 s) in the 3 min time lapse, for both the shrinking
process (hypertonic condition) and the expansion process (hypotonic
condition). Using Fiji (Image]), a circle was manually fitted to the
outer contour of the double emulsion, excluding the side pocket. The
errors quoted in Figure 4 are the standard error-of-the-mean.

In Figure 6, the values of tubulin and collagen bundle orientations
were obtained using Fiji (Orientation] plugin) after the background
was appropriately subtracted. In Figure 7, we calculated the aspect
ratio and volumes of the artificial cell containers and natural cells, of
which the smallest and largest dimensions are listed in Table S6 as
obtained from literature (for dots denoted as “Previous Work” and
“Nature”) or as measured in our experiments (for dots labeled as
“This Work”). We approximated the cell shapes as spheroids
characterized by longest and shortest semiaxes a and c. Discs
correspond to oblate spheroids with ¢ < g, while rods are equivalent to
prolate spheroids with ¢ > a. The aspect ratio in Figure 7 is defined as
¢/a. The volume of a spheroid is calculated as V = (4r/3)a*c.
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